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1. Introduction


The molecules that make life possible, in particular proteins and
nucleic acids, have evolved over billions of years to possess the
properties that enable them to perform specific functions. As
products of the evolutionary process, these molecules are very
different from abiological molecules–biological molecules have,
in a sense, learned how to perform specific functions. Biological
molecules may have evolved structure ± function relationships
that are entirely unlike abiological molecules, whose character-
istics in this sense are more random. For example, there is an
increasing amount of experimental data that has been inter-
preted in terms of specific protein motions that facilitate
catalysis by coupling to the substrate reaction coordinate.[1±4]


At present, molecular dynamics (MD) simulations of enzymatic
reactions have found no direct evidence of dynamical effects in
catalysis,[5±7] although several theoretical studies have supported
such an interpretation.[8, 9] In order to test these hypotheses
experimentally, detailed structural and dynamic information is
required. While impressive advances have been made in the
structural characterization of biomolecules, their dynamic char-
acterization has remained a challenge because their inherent com-
plexity has precluded the use of many conventional techniques.


By combining recent advances in technology and a multi-
disciplinary approach that draws on the tools of organic
synthesis, physical methods, and molecular biology, innovative
techniques to facilitate the dynamic characterization of biomo-
lecules may be developed. We have developed three systems to
study DNA and protein dynamics, which are described in this
review. The first is a model base pair to probe tautomerization
dynamics in nucleic acids; the second is a technique based on
deuterium isotope substitution in proteins that allows for the
observation of specific protein vibrations; and the third is a
femtosecond multipulse laser experiment to examine protein
flexibility.


2. A Phototautomerizable Model Base Pair to
Probe the Environment and Dynamics of
Duplex DNA


DNA is virtually always discussed in terms of base pairs between
keto ± amine tautomers, although each pair may be converted to


its enol ± imine form by double proton transfer (prototropic
tautomerism, Scheme 1a). It is not known how the relative
stability of the tautomers is affected by the environment, which
includes factors such as packing interactions with flanking bases


Scheme 1. a) Prototropic tautomerization in a natural dA:dT base pair.
b) Equilibrium of HBO ground states and photoinduced tautomerization.


and the influence of waters of solvation available in the major
and minor grooves. Proteins that bind DNA may also influence
the stability of the tautomers. Tautomerization in turn may
influence the physical and dynamic properties of DNA, such as
duplex flexibility, protein recognition, or polymerase-mediated
replication, by providing dipolar coupling between flanking base
pairs. Unfortunately, the proton transfer process that intercon-
verts the tautomers has been difficult to study because of its fast
timescale, minimal heavy atom motion, and inherent reversi-
bility. In addition, tautomerization cannot be initiated within a
specific dA:dT or dG:dC base pair in a duplex DNA molecule.
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A model to study base-pair tautomerization has been based
on the double proton transfer of 7-azaindole dimers.[10±13]


Experiments have been directed at understanding the proton
transfer dynamics as well as how this process is influenced by
solvation and heteroatom substitution. For example, in hydro-
carbon solvents, fluorescence upconversion experiments show a
1-ps decay in the 360-nm dimer emission, which has been
associated with proton transfer. This timescale was also observed
as a rise time of the tautomer emission at 480 nm. A longer
component (12-ps time constant) was also observed at 480 nm
and was assigned to an excited-state relaxation process, which
may be related to solvation dynamics.[10] The addition of strongly
hydrogen-bonding solvents such as water or an alcohol results in
solvated monomers in which proton transfer is either blocked or
occurs through solvent assistance.[14] Purine-like nitrogen sub-
stitution of the indole ring was found to selectively destabilize
the excited tautomer and thus increase the barrier to proton
transfer.[15] While these studies have elegantly elucidated the
tautomerization dynamics of an isolated base pair model, DNA
base pairs exist in the duplex environment, which may have
evolved to influence tautomerization.


In order to study tautomerization at a defined position within
duplex DNA, we developed 2-(2�-hydroxyphenyl)benzoxazole
(HBO) as a model DNA base pair (Scheme 1).[16±19] Tautomeriza-
tion of HBO may be selectively and efficiently initiated when
photoexcitation at 333 nm induces excited-state intramolecular
proton transfer (ESIPT). One major advantage of HBO as a model
DNA base pair is that, unlike other common models such as
7-azaindole,[12, 15, 20] HBO may be incorporated into and induced
to tautomerize in duplex DNA, thus providing a probe of
tautomerization in the environment of a natural base pair. The
nucleoside with HBO attached through a C5�-aryl-glycosidic
linkage (Scheme 1) was synthesized and converted into the
corresponding phosphoramidite. The phosphoramidite was
incorporated in the oligonucleotide 5�-CGTTTC(HBO)TTCTC by
using automated DNA synthesis. This single-stranded DNA was
annealed to a complementary oligonucleotide containing an
abasic site at the position opposite HBO. Both the CD and UV/Vis
spectra were consistent with a well-packed A-form duplex. The
duplex was virtually as stable to thermal denaturation as the
corresponding duplex with a dA:dT base pair (melting temper-
atures, Tm�38 and 39 �C, respectively). The accommodation of
the model base pair within a native-like duplex was also
supported by molecular dynamics simulations, which indicated
that HBO packs within duplex DNA with the phototautomeriz-
able O�H ¥¥¥ N bond disposed in the major groove (Figure 1).


The dynamic behavior of HBO may be understood by first
considering the conformational equilibrium between the syn-
and anti-enol conformers, with either an intramolecular hydro-
gen bond (™closed∫) or an intermolecular hydrogen bond with a
solvent molecule (™solvated∫), as depicted in Scheme 1. ESIPT is
only possible in the closed syn-enol, which yields the excited
keto form and gives rise to a strongly red-shifted emission band
at around 500 nm. ESIPT is not possible with a solvated enol
because of disruption of the hydrogen bond, nor with the anti
form because of an insufficient increase in the pKa value of the
benzoxazole oxygen atom upon excitation.


Figure 1. Simulated structure of HBO in DNA duplex.


In the DNA duplex sequence examined, HBO exists virtually
exclusively in the closed syn-enol conformer, based on the 338-
nm absorption maximum and a single, strongly Stokes-shifted
fluorescence band at 480 nm. In single-stranded DNA (ssDNA),
the steady-state emission spectrum of HBO is qualitatively
different. In addition to emission at 485 nm, a strong fluores-
cence band was observed at 370 nm, indicative of a significant
concentration of the solvated or closed anti-enol ground
states.[21±25] The different conformational equilibrium of HBO in
duplex, as compared to ssDNA, is supported by excitation-
dependent fluorescence spectra.[17] Duplex formation precludes
HBO solvation and strongly favors the closed syn-enol form of
the model base pair.


After excitation, ESIPT converts the syn-enol to the excited
keto tautomer. Thus, there are at least two components to HBO
tautomerization: proton transfer dynamics and keto dynamics.
Fluorescence upconversion was used to measure the excited
state proton transfer time, which was found to be 150 fs in both
single-stranded and duplex DNA,[19] and approximately 170 fs for
free HBO in hexane, methanol, and dimethyl sulfoxide.[18] The
invariance of the rate implies that the proton transfer within the
model base pair is not strongly influenced by the environment.
The fluorescence lifetime of the excited keto tautomer was
measured by transient absorption and time-resolved fluores-
cence spectroscopies.[17, 18] For free HBO, the keto lifetime was
found to increase with solvent polarity. The fluorescence decay
of the excited keto tautomer in duplex DNA and in ssDNA were
indistinguishable (2.0�108 s�1), but 17-fold slower than in
hexane. The internal duplex environment appears to be more
dipolar than dimethyl sulfoxide, despite the exclusion of water
molecules.


While the duplex environment does not affect the rate of
proton transfer, as might have been expected considering the
strongly adiabatic nature of ESIPT, the environment does appear
to strongly influence the solvation, conformation, and tautomer
stability of the model base pair. It appears that the model base
pair is not solvated by water molecules readily available in the
major groove. This is not a property inherent to HBO, as the
internal hydrogen bond is disrupted by hydrogen-bonding
solvents such as methanol and by water when HBO is
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incorporated in ssDNA.[18] After sequestering the model base pair
from solvation, the flanking base pairs appear to establish a
strongly polar but anisotropic environment that selectively
stabilizes the syn-enol tautomer of the model base pair in the
ground state and the keto tautomer in the excited state. The
duplex environment strongly favors nitrogen protonation and
increased double-bond character of the hydroxyphenyl C�O
bond, that is, the keto ± amine-like tautomer of HBO. The duplex
environment may have evolved to favor the keto ± amine
tautomers of natural base pairs, whose dominance is critical
for DNA function, including replication. To further probe the
environment and dynamics of DNA, HBO is currently being
incorporated into DNA through a C3�-glycosidic linkage (at the
position ortho to the phenolic oxygen atom). In this context, the
model base pair should allow study of tautomerization in the
duplex minor groove.


3. A Novel Probe of Protein Dynamics:
Selective Incorporation of C�D Bonds


The most fundamental way to understand any molecule is to
characterize the nature of the bonds that give the molecule its
particular shape, stability, and flexibility (i.e. , define the mole-
cule's potential energy surface). Of course, any chemical bond,
including those of biomolecules such as proteins may be
characterized by IR spectroscopy. Spectral congestion inherent
to proteins from the many overlapping IR absorptions has
prevented the use of the conventional spectroscopic methods
employed to characterize small molecules.


Attempts to circumvent the spectral complexity problem have
focused on using isotopic labeling, in conjunction with differ-
ence Fourier transform infrared (FTIR) spectroscopy, to observe
specific protein absorptions, for example, in the amide region of
the IR spectrum (around 1700 cm�1)[26, 27] The amide I band has
proven most useful. The amide I band arises from the C�O
stretching vibrations, with smaller and structure-dependent
contributions from the out-of-phase C�N stretching as well as
C�C�N and C�N�H bending vibrations.[28±30] The structure-
dependent composition of the band along with structure-
dependent coupling of the transition dipole moments and
hydrogen bonding, make the amide I band, including the
absorption frequency, linewidth, and intensity, sensitive to the
peptide conformation. For example, temperature-induced de-
creases in intensity and shift of amide I vibrations at the
C terminus of helical peptides have been interpreted in terms
of end fraying[31] and localized conformational changes.[32] In
addition, the amide I band linewidth contains interesting
information about the flexibility of the peptide or protein (the
inherently short timescale of IR vibrations (10�13 s) makes them
particularly informative in this regard). The amide I absorption
frequency is a sensitive function of the environment, therefore
the multiple environments that result from more flexibility lead
to line broadening. This broadening has been used to character-
ize flexibility changes that might contribute to catalysis[33] and
protein binding.[34±41] These studies remain challenging, and are
largely focused on model peptides because of spectral con-
gestion and the inherent difficulties in the analysis of difference


spectra where very large protein absorptions must be precisely
cancelled to reveal the much less intense absorption that is due
to a single or a few protein vibrations.


An interesting feature of all proteins is that there is a
'transparent window', between 1800 and 2700 cm�1, which is
free of absorptions (Figure 2). Any bond vibrations that absorb in
this region are directly observable without spectral subtraction,
even at high protein and denaturant concentrations. Previous


Figure 2. Transparent window in the protein FTIR spectrum.


experiments have taken advantage of this window to observe
the stretching vibrations of small molecules bound to heme
proteins, such as carbon monoxide (�1950 ±2150 cm�1) in
myoglobin,[42±47] hemoglobin,[48, 49] and guanylate cyclase,[50] or
azide (�2050 cm�1) in cytochrome bo3 .[51] In these studies, the
absorption frequency and linewidth of the ligand bond are used
to (indirectly) characterize the protein environment and dynam-
ics. Though informative, these small molecule probes do not
report directly on the protein.


Characterization of protein dynamics would ideally utilize
direct probes of the protein that also absorb in the 'transparent
window' of the protein IR spectrum. Carbon ±deuterium (C�D)
bonds are such probes. The C�D bond absorbs within the
transparent window at around 2100 cm�1 and provides a local-
mode vibration whose absorption frequency may be interpreted
in terms of bond strength (force constant) and environmental
polarity, and whose linewidth may be interpreted in terms of
protein flexibility (since inhomogeneous broadening results
from an increased sampling of different environments in the
more flexible proteins).[52] These properties of the C�D stretching
frequency and linewidth have been used previously to charac-
terize small-molecule structure and dynamics[53±63] and we have
recently expanded their application to include proteins.[64, 65]


To develop the method, we focused our initial efforts on horse
heart cytochrome c (cyt c). Cyt c functions as an electron carrier
in the mitochondrial electron-transport chain by using the FeII ±
FeIII redox couple of a covalently attached heme prosthetic
group that is ligated by His18 and Met80. The Fe�S bond
between the heme group and the protein-based Met80 ligand is
thought to play a critical role in the function and folding of the
protein. Therefore, we were interested in examining the environ-
ment and dynamics of this ligand.
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Selective deuteration of the methyl group of Met80 in horse
heart cyt c was performed by means of bacterial expression in
defined minimal media supplemented with the deuterated
amino acid, and resulted in easily observable C�D absorption
bands (Figure 3).[64, 65] The Met80 methyl group vibrations seem


Figure 3. C�D absorption of (methyl-d3)methionine-labeled M65L cytochrome c:
oxidized, pH 5 (solid line) ; reduced with ascorbic acid (dashed line); oxidized with
Met80 displaced from the heme Fe atom by the addition of K13C15N (open circles) ;
oxidized with Met80 displaced from the heme Fe atom by the addition of nitric
oxide (closed circles).


to be most sensitive to the vicinal Fe�S bond. The methyl group
vibrations become stronger (shift to higher frequency) upon
cleavage of the Fe�S bond with isostructural but differently
charged ligands (CN� and NO), and become weaker (shift to
lower frequency) upon strengthening of the Fe�S bond by
reduction.[65] These data imply that these specific protein
vibrations are primarily sensitive to through-bond hyperconju-
gative interactions with sulfur-based orbitals and not the overall
electrostatic field at Met80. It is interesting to compare this
model to the model developed to explain the CO stretching
frequencies in carbonmonoxycytochrome c, in which polar
interactions are thought to be most important and act by
increasing or decreasing Fed�±CO�* backbonding.[66] The orbitals
involved in � backbonding are more polarizable than those
involved in covalent or hydrogen-bonding interactions. To
manipulate these critical, but less polarizable bonds, proteins
may have had to evolve more direct 'through-bond' interactions.


In a second study of Met80,[64] we investigated the relationship
between ligand motion and redox potential. Proteins with
systematically altered redox potentials were generated by
mutation at Phe82. The aromatic portion of this side chain
packs on the heme cofactor while the methylene unit is in
van der Waals contact with the Met80 methyl group. Crystal
structures of iso-1-cyt c with Phe82 mutated to Gly, Ser, and Tyr
have shown that this residue tolerates a wide variety of
substitutions with only local structural readjustments,[67, 68] and
in vivo studies have demonstrated that the protein will fold and
function with any of the twenty amino acids at this position.[69]


However, in vitro, Phe82 mutation has been found to have a
large effect on the redox potential of the protein, possibly as a
result of changes in binding-site hydrophobicity, solvent or
substrate accessibility, or protein dynamics. We examined the
stretching frequency and linewidth of the deuterated Met80
ligand in six mutant proteins in which Phe82 was exchanged for
His, Ser, Leu, Val, Ala, and Gly. The redox potential was also
determined for each mutant.


Like the wild-type (wt) protein, the oxidized state of each
mutant protein exhibited a stronger C�D bond than the reduced
state, as indicated by the higher C�D stretching frequency of
each oxidized protein (Figure 4a). There is only a weak


Figure 4. Redox dependence of (A) the C�D stretching frequency and (B) the C�D
linewidth (FWHM, full width at half maximum) of (d3-methyl)Met80 in wt and
Phe82 mutants of cyt c. Linear correlations are shown for the �� (CD) values of the
reduced and oxidized fit. The identity of residue 82 is indicated at the top of the
figure.


correlation between C�D bond strength and redox potential,
which implies that there are no major changes in the local
polarity of the Met80 ligand accompanying oxidation or
reduction. However, when the C�D linewidth is plotted as a
function of the redox potential (Figure 4b), a strong correlation
is observed that relies on an intact Fe�Met80 bond. The methyl
group vibrations are apparently sensitive to a mutation-depend-
ent broadening mechanism, but only when Met80 is ligated to
the metal center. Such broadening in the condensed phase is
primarily due to environmental heterogeneity, where the C�D
bond is sensitive to, and experiences, multiple environments.
While this does not affect the average frequency (in agreement
with the data described above), it does broaden the absorption
line. Thus, mutation at Phe82, which generally causes a
reduction in the redox potential of the protein (that is, stabilizes
the FeIII state relative to the FeII state), appears to be correlated
with increased protein flexibility at Met80.
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Despite the sensitivity of ligand motion to redox potential, the
linewidths of Met80 C�D absorptions are identical in the
oxidized and reduced states (Figure 4b). The oxidation-state
independence of the observed linewidths is of particular interest
because oxidation-state-dependent changes in protein flexibility
have often been invoked to explain the distinct behaviors of the
protein in the two oxidation states.[70, 71] The linewidth data rule
out any redox-dependent changes in the motions of the protein,
at least at the Met80 ligand. Apparently, mutation of the protein
at position 82 causes a redox-state-independent increase in the
fluctionality of the protein. The more flexible protein may favor
the more polar oxidized state by allowing increased transient
water penetration[72±74] or by allowing subtle protein reorienta-
tion.[75, 76] In either case, cyt c may have evolved to maximize
structural rigidity in order to provide the hydrophobic environ-
ment required to tune the FeII ± FeIII redox couple appropriately
for biological function.


A particularly powerful aspect of this method is the ability to
selectively observe vibrations associated with any part of the
protein. In order to realize this potential we have generated cyt c
semisynthetically.[77] We site-selectively incorporated C�C�-d4


deuterated lysine (residue Lys88), C�-d3 deuterated leucine (at
residues Leu68, Leu94, and Leu98), and C�-d3 deuterated alanine
(at residues Ala83, Ala96, and Ala101). The stretching absorp-
tions are readily apparent in each case. Generally, the frequency
and linewidth of the observed vibration depend on the part of
the protein being probed, and in some cases on the redox
environment. A complete characterization of these deuterated
proteins, as well as of those with C�D bonds incorporated
elsewhere, should begin to develop a complete picture of the
local environment and flexibility of cyt c with residue-specific
detail.


We have also determined that C�D bonds incorporated
throughout cyt c are sensitive to the folded state of the
protein.[77] The spectral first moments (that is, average absorp-
tion frequency) show dramatic two-state transitions upon
titration of the protein solution with denaturant. Importantly,
the transition midpoints associated with C�D bonds incorpo-
rated at different positions of the protein are not the same,
which demonstrates that cyt c unfolds in a stepwise manner as
the denaturant concentration is increased. Thus, a residue-
specific view of the folding process is possible with this
technique. We note that the method is applicable to proteins
in general, and C�D bonds have been incorporated into
dihydrofolate reductase, myoglobin, and hemoglobin, and in
each case the C�D bonds are easily observed.[77]


4. Use of Ultrafast Multiple-Pulse Spectroscopy
to Characterize Protein Flexibility


Protein flexibility is likely to play an important role in molecular
recognition by allowing optimization of the protein ± ligand or
protein ±protein binding interactions. The amount of optimiza-
tion required may range from little, that is, the 'lock-and-key'
model,[78] to extensive, that is, the 'induced fit' model.[79] These
two limiting models of molecular recognition are differentiated
only by the role of flexibility. To address these models


experimentally, it is critical to characterize protein flexibility.
Since antibodies (Ab) represent the most successful example of
molecular recognition known, a study of Ab flexibility may prove
to be particularly informative.


In order to study how Ab recognize their target antigens (Ag),
they have been structurally characterized, both free and with
bound Ag, in order to detect any conformational changes
associated with Ag binding. A variety of structural rearrange-
ments have been documented, which range from small
(consistent with induced fit) to large (consistent with lock-and-
key) structural changes.[80±89] However, the protein flexibility that
is central to differentiating between the models of molecular
recognition is not necessarily manifest as differences between
average structures, nor necessarily in the average fluctuation
about the average structure. More direct evidence of flexibility
has been collected by characterizing the binding kinetics by
using stopped-flow fluorescence experiments. In most cases, the
binding kinetics are single exponential relationships, and thus do
not require Ab conformational changes to be considered.
However, multiexponential kinetics have been observed for
the binding of 2-phenyl-5-oxazalone[90] and 2,4-dinitrophenyl[91]


to their respective Ab. In addition, structural studies showed that
2-phenyl-5-oxazalone binding induced an Ab conformation that
was different from that induced by a protein Ag that also binds
the same Ab.


In order to more quantitatively address the mechanism of Ab-
based molecular recognition, flexibility must be carefully
defined. A simple and intuitive view of the flexibility of any
material, including an Ab, is based on its response to an applied
force.[92±94] For example, a flexible Ab will respond to a given
force with large amplitude, low frequency motions, while a more
rigid protein will respond to a similar force with smaller
amplitude, higher frequency motions. A step-function force
may be applied to the antigen (Ag) binding site of an Ab by
electronic excitation if the Ag is also a chromophore. Excitation
induces changes in both Ag electron density and structure and
produces an Ab±Ag complex that is out of equilibrium. The Ab
will be subjected to a force until protein motions re-establish
equilibrium with the excited chromophore. The frequency
distribution of these motions may be determined from femto-
second three-pulse photon echo peak shift (3PEPS) spectro-
scopy[95±97] and expressed as a spectral density, �(�), which
describes the amplitude of fluctuations as a function of
frequency (�).


The 3PEPS experiment is similar to the well-known NMR spin
echo experiment, but requires three pulses of light resonant with
the chromophore absorption (Figure 5). In brief, the first pulse
initiates the first time period (�), during which time the system is
in an electronic superposition state of the ground and excited
states. During this period, the ensemble begins to dephase
because of the slightly different environments of each chromo-
phore (each chromophore of the ensemble experiences a
binding site that at any instant is unique). The second pulse
initiates the second time period (T), during which the system is in
a population state, where no dephasing is possible. The third
pulse places the system back in a coherence state and initiates a
rephasing of the nonlinear polarization, which results in a
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Figure 5. A 3PEPS experiment and the vector model description of electronic
dephasing during � and rephasing during ��.


macroscopic dipole and the emission of a photon (the photon
echo). The ability to vary T is critical to allow the dephasing to be
'effectively frozen' while the dynamics of the protein continue to
evolve. When T is short (compared to the timescales of protein
dynamics), rephasing occurs in the same environment as
dephasing, which results in complete rephasing and a maximal
echo signal. However, when T is long compared to the timescales
of protein dynamics, the environment changes between the
dephasing and rephasing periods, which results in incomplete
rephasing and a decreased echo signal. The echo intensity thus
decays as a function of T, in a manner that depends on the
protein vibrations that act to randomize the environment. The
echo intensity is measured by integrating over the final time
period as a function of T. The experimentally observable decay of
the photon echo peak shift (the location in time of the echo
maximum, ��) is known to reflect the timescales and amplitudes
of M(t), the time domain representation of �(�).[95]


To apply this methodology, we characterized two sets of Ab
that each bind one of the chromophoric Ag 8-methoxypyrene-
1,3,6-trisulfonate (MPTS) or fluorescein (Fl).[97, 98] Ab were specif-
ically elicited for each Ag in mice by using standard monoclonal


technology. The Ab were cloned and sequenced as reported
previously.[97, 98] One anti-MPTS and three different anti-Fl Ab
were extensively characterized. The spectral densities were
determined for each Ab by 3PEPS spectroscopy as described
previously.[97, 98]


Characterization of an anti-MPTS Ab, 6C8, by 3PEPS revealed
that MPTS excitation induced three protein motions.[97] A large-
amplitude, ultrafast protein motion was observed that accounts
for 71% of the protein reorganization energy (the decrease in
energy associated with the Ab motions which act to re-establish
equilibrium with the excited Ag) on a 75-fs timescale. Two slower


Ab motions with timescales of 2 ps and 67.4 ps were also
observed, which account for 18% and 11% of the combining site
reorganization energy, respectively.


Ab combining sites are comprised of six complementarity
determining region (CDR) loops, three from the light chain (LC
CDR 1±3) and three from the heavy chain (HC CDR 1±3). The
majority of Ab±Ag contacts are typically provided by the two
CDR3s. The ultrafast response may be inertial and may result
from nearly free motion of a polarizable side chain within these
two loops. Candidate amino acids include methionine and
phenylalanine, which have the only polarizable side chains that
are expected to be sufficiently mobile. In both the light- and
heavy-chain CDR3 loops, 6C8 has a single phenylalanine residue,
PheH100,[99] and no methionine residues. Thus, it is possible that
motion of PheH100 contributes to the 6C8 combining site
reorganization. Interestingly, structural studies of other Ab have
shown that aromatic residues at similar positions of the HC CDR3
undergo significant reorganization upon ligand binding.[82] The
picosecond dynamics in 6C8 are likely to result from CDR3 amino
acid side chain librations and entire loop motions, if the loops are
sufficiently flexible. The length and composition of the 6C8 CDR3
loops suggest that they have different flexibilities. The LC CDR3
is eight residues long and contains no glycine residues, while the
HC CDR3 is fourteen residues long and contains four glycine
residues, of which two are consecutive. Thus, motions of the
heavy-chain loop are expected to occur on a faster timescale
than those of the light chain, and these heavy-chain motions
may contribute to the picosecond timescale motions observed
in the 3PEPS experiment. This model of protein motion is
currently being tested by 3PEPS characterization of mutant
proteins.


Characterization of the three anti-Fl Ab, 33F10, 40G4, and 4-4-
20, showed that they respond to Ag excitation with an ultrafast
motion (�40 fs), as well as slower 3 ± 5-ps and over 3-ns
timescale motions.[98] However, a comparison of the �(�) values
for each Ab (Figure 6) shows that there are significant differences
in the amplitudes of these motions, which indicates distinctly
different flexibilities. The largest differences are seen for the
highest frequency (fastest timescale) motion. The fast motions
within the 34F10 combining site are the most capable of


Figure 6. Model spectral densities �Ab(	) for Fl in Ab 34F10 (triangles), 40G4
(open circles), and 4-4-20 (squares), and MPTS in Ab 6C8 (solid circles).
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accommodating electronic and geometrical changes in Fl. The
fastest motions of Ab 4-4-20 are the least able to respond to
changes in Fl. The picosecond- and nanosecond-timescale
motions of the anti-Fl Ab show decreasing flexibility upon
proceeding from 34F10 to 40G4 to 4-4-20.


A high-resolution crystal structure is available for the Ab 4-4-
20 ± Fl complex.[100, 101] Along with calculations that predict how
Fl changes upon excitation, the structure may be used to identify
the parts of Ab 4-4-20 that may be most affected by the induced
force (Figure 7). Calculations predict that the most significant


Figure 7. Fl binding site in Ab 4-4-20 taken from the X-ray structure (Protein Data
Bank code 1FLR).


structural change associated with Fl excitation is rotation about
the interannular bond connecting the xanthene ring to the
carboxyphenyl ring. Most of the binding interactions are
between the Ab and the xanthene ring of Fl,[97] with the
carboxyphenyl ring hydrogen bonded to TyrL32 and packed
from one side by HC CDR3 loop backbone atoms. These
arguments, in addition to the relative reduced masses of the two
rings predict that the force applied to the Ab will be manifest on
residues of the HC CDR3 and TyrL32.


Calculations also predict significant charge redistribution,
which is expected to cause changes in hydrogen bonding. In
particular, these calculations predict a significant migration of
charge away from both oxygen atoms of the xanthene ring upon
excitation. As a result, hydrogen bonds observed in the crystal
structure between these atoms and HisL27D and ArgL34 will be
weakened upon Ag excitation. Motion of these side chains, after
their release from strong hydrogen bonds, may also contribute
to the observed motions. Thus, the observed protein response in
4-4-20 is likely to result from motions of residues of the HC CDR3
loop, TyrL32, HisL27D, and ArgL34.


In light of these structural arguments, it is interesting to
speculate on the observed rigidity of the 4-4-20 complex with Fl,
relative to the two other Ab ±Fl complexes. Interestingly, the
length of the HC CDR3 loop parallels the observed flexibilities :
the loop length of the most flexible Ab, 34F10, is 12 amino acids;
the second most flexible, 40G4, is 10 amino acids long; and the
most rigid Ab, 4-4-20, is 7 amino acids long. This parallel


supports the rather intuitive notion that longer loops may
impart combining sites with increased flexibility, as suggested
above. An additional unique feature of the 4-4-20 complex may
contribute to its rigidity. TyrL32 hydrogen bonds with the
phenylcarboxylate moiety and also packs on the xanthene ring.
This side chain may act as a 'molecular splint' that bridges the
highly flexible interannular bond, and may therefore be
particularly sensitive to the relative geometry of the two rings.
TyrL32 is unique to 4-4-20 as it is part of an insertion within the
4-4-20 LC CDR1 that is not present in either 34F10 or 40G4. This
molecular interpretation supports a contribution of induced fit
to the 4-4-20 interaction with Fl.


The murine immune system responds to MPTS and Fl by
evolving different combining sites with distinct dynamics. Three
timescales of protein motion are observed for both 6C8 and the
anti-Fl Ab. The two fastest timescales, under 100 fs and 1 ± 3 ps,
are similar in all Ab. However, 6C8 shows 67-ps dynamics that are
not present in the anti-Fl Ab. Moreover, the slowest protein
motions in the anti-Fl Ab are significantly slower than those in
6C8, which indicates that the anti-Fl Ab are generally more
flexible than the Ab that binds MPTS. Even though the induced
displacements are smaller with MPTS than with Fl, these
displacements are resisted by higher frequency protein motions,
resulting in larger reorganization energies. The more flexible Ag
(Fl) appears to have selected more flexible Ab (4-4-20, 34F10, and
40G4), while the more rigid Ag (MPTS) appears to have selected a
more rigid Ab (6C8). This may imply that the mechanism of
recognition, lock-and-key, induced fit, or conformational selec-
tion, may be optimal when reflected in both binding partners,
and that flexible proteins are evolved to bind flexible targets,
whilst rigid proteins are evolved to bind rigid targets.


5. Outlook


Relative to their abiological counterparts, biological macro-
molecules are unique in terms of their complexity and the fact
that they have been built by evolution. The connection to
evolution is a central component of dynamic theories that
emphasize molecular motions in addition to ground state and
transition state stability arguments. The experimental ap-
proaches described above, driven not only by physical methods,
but also by synthetic organic chemistry and molecular biology,
have the potential to test the different models of biomolecular
dynamics. The data thus far, for example, the effect of the DNA
duplex environment on tautomerization, the relationship of
protein flexibility to redox activity in cyt c, and the response of an
Ab to an applied force, are all consistent with the conventional
thermodynamic view. However, it is certainly too early to make
generalizations. We are beginning to apply the techniques to
enzymes, which are perhaps the biomolecules most likely to
show important dynamic behavior.
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Platinum(II)-Based Coordination Compounds as
Nucleic Acid Labeling Reagents: Synthesis,
Reactivity, and Applications in Hybridization
Assays
R. J. Heetebrij,*[a] E. G. Talman,[b] M. A. v. Velzen,[b] R. P. M. v. Gijlswijk,[b]


S. S. Snoeijers,[b] M. Schalk,[b] J. Wiegant,[c] F. v.d. Rijke,[c] R. M. Kerkhoven,[d]


A. K. Raap,[c] H. J. Tanke,[c] J. Reedijk,[a] and H.-J. Houthoff[b]


The synthesis, characterization, and molecular interactions of
platinum(II) coordination compounds, which contain a distal
nonradioactive reporter molecule, with mono- and polynucleotides
are described. A [Pt(II)(en)(NH2(CH2)6NH-tBoc)Cl](NO3) (en� ethyle-
nediamine) entity has been coupled, after removal of the tBoc
group, to a number of hapten and fluorophore molecules through
succinimide derivatives. The influence of the various tethered
reporter groups within these complexes on the reactivity towards
guanosine 5�-monophosphate (5�-GMP), as a model for polynu-
cleotide sequences, was investigated to shed light on the use of
these reagents in hybridization assays. Reactivity turned out to be
strongly dictated by the chemical nature of the distal reporter
molecule present. At pH 7.0 the sequence of reactivity is cationic �
aromatic (stacking) � neutral � anionic ; there is approximately
an order of magnitude difference between the fastest reacting
complex (k� 10.2� 10�2M�1 s�1) and the slowest reacting complex


(k� 0.93� 10�2M�1 s�1) under these conditions. Platination of an
oligodeoxynucleotide (30-mer), dsDNA, or an RNA transcript, shows
that a Pt/nucleotide ratio between 1:10 and 1:20 (established by
using flameless atomic absorption spectroscopy) results in probes
with excellent hybridization characteristics. In terms of applicability
and detection limits these platinated nucleic acid probes perform
equally well compared to conventionally generated nucleic acid
probes, that is, through enzymatic incorporation of covalently
labeled nucleotide triphosphates. Applications of these reagents to
in situ hybridization assays and gene expression profiling on
microarrays illustrate the potential of these monofunctional
binding platinum triamine compounds.


KEYWORDS:


fluorescent probes ¥ guanosine ¥ microarrays ¥ nucleic acids
¥ platinum


Introduction


The ability to detect nucleic acids is based on the extraordinary
feature of DNA strand complementarity and the ability of single
strands of nucleic acids to form double-stranded molecular
hybrids in vitro. This hybridization phenomenon allows the
specific detection of nucleic acids in biological samples like
biological fluids, tissue sections, or cytological preparations on
microscope slides, or following fixation on solid supports such as
nylon membranes and glass. This procedure forms the basis of
applications like Southern hybridization and in situ hybridization
(ISH) that are used inmany areas of research and clinical diagnosis.
In the 1990s the emerging tools in the field of DNA microarray
technologies enabled the generation of large amounts of data on
many genes in a highly parallel manner. These arrays consist of a
highly ordered matrix of thousands of different DNA sequences
that can be used for gene expression profiling, comparative
genomics, and genotyping.[1±4] Nucleic acid labeling, hybridiza-
tion, and subsequent detection are indispensable parts of
procedures necessary for gene identification and characterization.


During the last two decades nonradioactive nucleic acid
labeling and detection systems have taken over from the safety,
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stability, disposal, and cost problems that are associated with
radioisotope-based techniques. A comprehensive overview of all
nonisotopic labeling methods, including both enzymatic and
chemical modification of nucleic acid templates, has been
presented by Kessler.[5] Kricka recently reviewed the last decade's
developments in reporter chemistry and assay perspectives.[6]


Enzyme-mediated labeling methods, for example, random
priming, nick translation, and cDNA synthesis, are based on
the incorporation of reporter molecules covalently attached to
nucleotide triphosphate substrates in polymerization process-
es.[7] Several chemical labeling systems have been developed,
ranging from post-synthetic modification of oligonucleotide
sequences by phosphoramidite chemistry to photo-activated
reagents such as psoralen.[8] Other covalent modifications can be
achieved through transamination between cytidine derivatives
and primary amines resulting in N4-substituted cytidines or
modification of C5 of cytidine and uridine by an allylamine and
subsequent condensation with activated esters of haptens.[9, 10]


It was reasoned that a platinum-based reagent could fulfill a
pivotal role in chemical nucleic acid labeling and detection, as it
would not be dependent on a priming event and the presence of


a 3�-OH group. As the binding of such a metal complex is
predominantly at the N7 positions in guanine bases,[11] it was
envisaged that there would be hardly any discriminatory effect
between different nucleic acid backbones (RNA versus DNA,
artificial sequences like PNA or LNA oligos), and also the length
of the nucleic acid would not have a relatively major conse-
quence for labeling, thereby providing a universal labeling
system (ULS). The platinum reagents, which have been designed,
synthesized, and evaluated for these purposes in labeling and
detection of nucleic acids, are depicted in Scheme 1.[12±14]


The general structure has similarities with often-studied
monofunctional binding platinum reagents like [Pt(dien)Cl]Cl
or [Pt(NH3)3Cl]Cl (dien�diethylenetriamine). These compounds
are frequently used as models for studies related to either kinetic
or structural aspects on cisplatin ±DNA interactions.[15±20] Rele-
vant binding, structural, and stability parameters established for
these complexes therefore provide insight to a certain extent
into the platinum-based reagents shown in Scheme 1. It is
generally agreed that the first binding step of platinum
complexes towards nucleic acids is kinetically enhanced by the
presence of the phosphate 5� to the platination site.[21] However,


Scheme 1. General structure of the platinum-based labeling reagents (upper part) and structures A± I of the reporting moieties described in this work (lower part) ; A :
2,4-dinitrophenyl, B : biotin, C : fluorescein, D : diethylaminocoumarine, E : carboxyrhodamine, F : rhodamine, G : cyanine3, H : lissamine, I : cyanine5.
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local factors can also contribute significantly to
platination kinetics as exemplified in a number of
papers.[22±24] From a DNA duplex stability point of
view there are a number of studies indicating
sequence-specific or local distortions as a conse-
quence of such monofunctional platinum binding
towards DNA.[25, 26] Others describe that DNA duplex
stability of short oligo sequences is strongly affect-
ed by compounds of the type [Pt(NH3)2(Ar-N)Cl] ,
where Ar-N is an aromatic amine (e.g. , 4-methyl-
pyridine).[27] Later reports suggest that effects are
more subtle and depend on the nature of Ar-N for
instance.[28] For these reasons a primary amine was
selected as the attachment point for the reporting
entity and a chelating ethylenediamine ligand in the
trans position to the entering nucleophiles within
the nucleic acids. A conformational NMR study by
van Garderen et al. on an ss and ds 9-mer showed
that the distortion in the DNA helix by monofunc-
tional binding is localized to the platinated base
and 2±3 base pairs on its 5� side.[29] Nevertheless,
none of the Watson ±Crick base pairs seemed to be
(completely) disrupted.


The platinum-based nucleic acid probes have been
shown to perform well in a series of (F)ISH and
membrane-based applications.[13, 15, 30, 31] Until now,
only little information has been available on the level
of molecular interactions of these platinum complexes
with the basic constituents of polynucleic acid
sequences. The present paper reports on the synthesis
of the reagents and subsequently describes the
specific properties of these reporter±Pt structures, especially their
interactions with (poly)nucleotides in order to provide a better
understanding of the reaction profiles of these reagents.


Results and Discussion


Synthesis and characteristics of reporter ± Pt
compounds 4A± I


An overview of the synthetic steps is depicted in
Scheme 2. The starting material for the synthesis of
the reporter ± Pt complexes (4) is [Pt(en)Cl2] (1).
Upon activating this complex with 0.95 equivalents
of AgNO3 in DMF the chloride ligand is displaced
by a dmf ligand to afford 2 (195Pt NMR: ��
� 2071 ppm). This activated complex is subsequent-
ly incubated with 0.8 equivalents of NH2(CH2)6NH-
tBoc[32] and after work-up provides 3
[Pt(en)(NH2(CH2)6NH-tBoc)Cl](NO3) (195Pt NMR: ��
�2632 ppm) in an average yield of 74% and a
purity �90% (based on 1H and 195Pt NMR analysis).
Compound 3 was subsequently deprotected by
treatment in 200 mM HCl at 50 �C for 16 h. The
formed [Pt(en)(NH2(CH2)6NH3


�)Cl]Cl2 afforded a syn-
thon, after pH adjustment, with an anchoring point
for subsequent reporter ±N-hydroxysuccinimide


(NHS) conjugation. The generated reporter ± Pt reagents (Ta-
ble 1) could all be purified by either reversed-phase or ion-
exchange chromatography and the desired labeling reagents


Scheme 2. Synthesis of the reporter ± Pt compounds 4. Reagents: a) 0.95 equiv. AgNO3, DMF, RT,
16 h; b) 0.8 equiv. NH2(CH2)6NHBoc, DMF, 40 �C, 16 h; c) 0.2M HCl, 50 �C, 16 h; d) 0.8 equiv.
reporter ±NHS, RT, DMF/H2O/200 mM NaCl, pH 8.0, 3 h. Boc, 1-butyloxycarbonyl ; NHS, N-
hydroxysuccinimide.


Table 1. Some spectroscopic parameters of the reporter ± Pt complexes (4) as structurally
depicted in Scheme 1.


No. reporter (abbreviation) �max,em [nm] �max,abs [nm] 195Pt NMR [ppm][i]


(�exc [nm])


A Dinitrophenyl (DNP) n.a. 363[a] � 2632[d]


B Biotin (Bio) n.a. n.a. � 3250[e]


C Fluorescein (Flu) 517 495[b] � 2618[f]


(445) � 2348[g]


D Diethylaminocoumarin (DEAC) 476 421[a] n.d.[h]


(390)
E Carboxyrhodamine (CRho) 528 500[c] n.d.[h]


(460)
F Rhodamine (Rho) 578 552[c] n.d.[h]


(510)
G Cyanine3 (Cy3) 566 550[c] n.d.[h]


(510)
H Lissamine (Liss) 591 569[c] n.d.[h]


(530)
I Cyanine5 (Cy5) 666 648[c] n.d.[h]


(610)


[a] In MeOH/H2O (1:1, v/v). [b] In 10 mM TRIS pH 9.0. [c] In 10 mM TRIS pH 7.0. [d] In 10 mM


HCl. [e] In H2O. [f] In MeOH/20 mM NaCl/pH 4.0. [g] In 5 mM NaOD. [h] Not determined
because of the low solubility of the reagent. [i] Relative to K2PtCl6 in water.
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were obtained in chemical yields varying between 22 and 55%.
The identities of the described complexes were confirmed by 1H
and 195Pt NMR analysis, and the purities were verified by
analytical reversed-phase chromatography: an average purity
�85% was found (see Supporting Information). Some key
structural and spectroscopic parameters of the compounds are
listed in Table 1.


General physicochemical and reactivity properties of the
reagents appear to be strongly dictated by the reporter
molecule attached. In the case of Dinitrophenyl(DNP) ± Pt (4A),
the aromatic secondary amine at the dinitrophenyl group has a
remarkable tendency to coordinate to the platinum metal at pH
values above 4; in the 195Pt NMR spectrum the resonance at ��
�2632 ppm was shifted to ���2883 ppm, indicative of a Pt ±
N3Cl chromophore rearrangement into Pt ±N4. The latter prod-
uct did not show any reactivity towards the N7 position in
guanosine 5�-monophosphate (5�-GMP) in comparison to the
freshly prepared (Pt ±N3Cl surrounding) material. However, upon
exposure of the Pt ±N4 adduct to acidic conditions (10 mM HCl)
the complex reverted into its original Pt ±N3Cl state, which does
platinate the N7 position of guanine bases. The biotin(Bio) ± Pt
(4B) compound showed some notable chemistry as well, since
after isolating the compound, 195Pt NMR analysis indicated that
the thioether moiety of the hapten structure participates in
either intramolecular or intermolecular substitution of the
chloride ligand. This stable macrochelate does, nevertheless,
show reactivity towards the N7 atom of 5�-GMP.


The complex containing the bifunctional reporter molecule
fluorescein (4C)–bifunctional in the sense that it acts as a
fluorophore, but can also serve as a hapten for antibody
staining–required an expeditious route in order to sufficiently
stabilize the reagent. As solubility improves at elevated pH
values an alkaline solution (10 mM NaOH) was chosen. In this
system the reagent initially functioned well in terms of reactivity
towards nucleic acid templates. However, analytical reversed-
phase chromatography indicated rapid (within days at 4 �C)
rearrangements into additional species. The 195Pt NMR spectrum
had a single resonance at �2348 ppm (Figure 1), indicative of a
Pt ±N3O surrounding,[33] most likely as a consequence of OH� or
carboxylate (present in the fluorophore) coordination under
these conditions. In an attempt to achieve uniformity between
the reporter ± Pt complexes and to circumvent the potential
inactivation by hydroxide coordination,[34] we chose to modify
the solvent in which the fluorescein ±Pt compound was kept. An
aqueous methanolic solvent made slightly acidic by minute
quantities of 0.1M HCl was found to prevent ligand-exchange
reactions, and therein the complex gave a 195Pt NMR resonance
at �2618 ppm (Figure 1) indicative of the desired Pt ±N3Cl
surrounding. Solubility of the complex was reduced approx-
imately tenfold to 0.5 mM, which is sufficient for labeling
purposes. The presence of a second species in the analytical
reversed-phase chromatogram (see Supporting Information)
with a retention time of 16.41 min (versus the main product at
15.93 min) appears to be pH-dependent. The contribution of the
faster running compound increases upon raising the pH to 5,
whereas at pH 3 the contribution of the slower running
compound gets close to 50%. MALDI-TOF analysis of these


Figure 1. 195Pt NMR resonances of compound 4C in slightly acidic (a) and
alkaline (b) media. a) 50% MeOH, 20 mM NaCl, pH 4.0; b) 10 mM NaOH, pH� 10.0.
Chemical shifts are in ppm relative to K2PtCl6 .


respective samples had m/z 763 [M�H]� (calcd. : 763) in both
cases and no differences in fragmentation pattern. In combina-
tion with the previous observations this suggests that the
observed species may well relate to a protonation/deprotona-
tion effect of the carboxylate in the fluorescein, as pKa values of
such carboxylates are commonly in the range of 4.


Some general remarks can be made for the series of
fluorescent reporting entities 4D ± I. Most of the seven com-
plexes required an (inert) organic solvent for solubilization such
as methanol or DMF at 25 ±50%v/v. In contrast to the observed
coordination of donor groups of the three haptens described
before, no such observations were made for the fluorophores.
The spectroscopic properties, that is, the excitation and emission
maxima, of the fluorophore ±Pt compounds were hardly affect-
ed by the introduction of the platinum center. As the solubility of
most of these fluorophore ± Pt complexes is fairly low in
comparison with the above-described haptens biotin and DNP,
it was not possible to record 195Pt NMR spectra. Nevertheless,
analysis by reversed-phase chromatography proved a useful tool
for assessing the integrity of the reagents. In terms of chemical/
thermal compound stability, these reagents did not show
detectable degradation upon prolonged (�2 weeks) exposure
at 50 �C when dissolved in an optimized solvent system.


Reactivity of reporter ± Pt complexes 4 towards guanosine 5�-
monophosphate (5�-GMP) as monitored by 1H NMR
spectroscopy


The interaction of the described reporter ± Pt complexes with
nucleic acids is of vital importance in the probe labeling
applications. To establish fundamental parameters of reaction
kinetics and the influence of the tethered reporter molecule on
the platination reaction, the interactions between a number of
reporter ± Pt complexes and 5�-GMP were studied. For this
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purpose equimolar amounts of reporter ±
Pt were incubated under identical condi-
tions, that is, at 2.5 mM, 50 �C, pD�7.0,
with 5�-GMP. The course of the reaction
was visualized by 1H NMR spectroscopy.
Platination of the N7 atom of 5�-GMP
results in a typical downfield shift of the
H8 proton and, to a lesser extent, the H1�
proton.[35, 36]


As an example, part of the aromatic
region of the 1H NMR spectra depicting
the course of the reaction between DNP±
Pt 4A and 5�-GMP is shown in detail in
Figure 2A. The upfield shifting of the
phenyl protons upon product formation
with 5�-GMP suggests a stacking interac-
tion between the dinitrophenyl group
with the purine 6-membered ring; a
similar observation was made for the
DEAC±Pt reagent 4D upon binding to
5�-GMP. Since the H8 protons of platinated
G bases are susceptible to exchange with
deuterium, the relative integration of the
H1� resonance of the starting material
versus the platinated product was used
as a reliable measure for product forma-
tion.[37] Figure 2B shows the data of the
several reporter ± Pt:5�-GMP reactions
studied and clearly shows significant dif-
ferences in reaction kinetics between the
various reporter molecules. The second-
order rate constants k for these substitu-
tion reactions was determined by using
Equation (1);[38]


kt� x/[ao(ao� x)] (1)


In this equation x is the amount of
[Pt(en)(reporter)(GMP-N7)] and ao is the
initial concentration of [Pt(en)(reporter)Cl] .
The rate constants as well as the calculated
half-lives of the reactions are listed in
Table 2, respectively.


The reactivity of [Pt(en)(NH2(CH2)6NH-tBoc)Cl]� (3) with 5�-GMP
will serve as a reference point (t1/2�136 min) to allow a relative
comparison of rate constants within this series. The tert-Boc
protecting group can be categorized as a small, neutral, and–
under the conditions applied–an inert functionality. The
reactions of complexes 4A, 4D, and 4F are clearly the fastest
with half-lives between 65 and 85 min. As mentioned before,
both the dinitrophenyl moiety in 4A and the coumarin moiety in
4D show upfield shifts of their respective aromatic resonances,
indicating stacking interactions with the G base. This interaction
is possibly attributed to the observed high reactivity towards 5�-
GMP as compared to compound 3. The rhodamine-containing
complex 4F is slightly less reactive than the previous complexes,
but significantly faster than 3.


The preferred binding affinity of platinum complexes towards
the N7 position in G bases is believed to be determined by a
combination of three important factors: 1) electrostatic attrac-


Figure 2. Kinetic investigation of the reactivity of reporter ± Pt complexes towards 5�-GMP. Part of the
aromatic region of the 1H NMR spectra of the DNP±Pt reagent with 1 equivalent of 5�-GMP showing the
phenyl protons of DNP±Pt (4A) and the H8 and H1� protons of 5�-GMP, in deuterated phosphate buffer at
pD 7.0 at 50 �C, as a function of time (A) ; plots of the formation of N7-platinated 5�-GMP for a series of
reporter ± Pt compounds as a function of time, derived from 1H NMR data (B).


Table 2. Rate constants (k) and half-lives (t1/2) for the reaction of [Pt(en)(re-
porter)Cl] with 5�-GMP at T� 50 �C at pD� 7.0.


reporter ±No. k [10�3M�1 s�1] t1/2 [min]


DEAC ±4D 102 65
DNP±4A 84.1 79
Rho±4F 78.5 85
tBoc ±3 49.0 136
Bio ±4B 10.6 628
Cy3 ±4G 9.25 720
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tion between a negatively charged backbone or phosphate
group and a positively charged platinum complex (all DNA
bases), 2) the basicity of the N7 position in guanine, and 3) the
potentially hydrogen binding interactions between coordinated
amines and the O6 atom. The last two factors are the same for all
platinum complexes under investigation in this study. The first of
these factors, that is, the cationic nature of the rhodamine
reporter in 4F, which is also present in the green fluorescent
derivative 4E and far-red fluorescing lissamine ±Pt 4H, will most
likely play the dominant role in overall reactivity for this set of
complexes. At the other end of the reactivity spectrum are the
cyanine-based reagents, exemplified by the Cy3 derivative in
4G ; the half-life for this reaction is 720 min, that is, an order of
magnitude slower than the cationic and aromatic reporters
described above. These remarkable differences in reactivity
show that the affinity of this new series of platinum complexes
for 5�-GMP, as a model for polynucleotide sequences, is strongly
dictated by fundamental parameters in the ligand system, such
as charge and base-association properties, whereas size and
hydrophobic versus hydrophilic properties do not seem to
influence the reaction to a large extent.


The observations for the biotin-containing complex 4B can,
strictly speaking, not be viewed along the same lines as the
above-described series, since the starting complex has a Pt ±N3S
surrounding in contrast to the Pt ±N3Cl surrounding in the other
reactants. The substitution process of the S-bound part of biotin
by the N7 atom of 5�-GMP does, however, have similarities with
the frequently studied rearrangement of [Pt(dien)(GSMe)] to
[Pt(dien)(GMP-N7)] .[39, 40] Moreover and most remarkably, the
half-life of this rearrangement as established in these studies was
calculated to be 10.4 h (at 47 �C; other conditions being similar)
which is very similar to the calculated value of 10.5 h for the
binding of 5�-GMP to 4B.


Quantification of polynucleotide modification by reporter ±Pt
compounds providing hybridization probes


Guided by the reactivity data, an empirical approach towards
optimal platinum-modified nucleic acid probes for hybridization-
based applications was followed. A series of variables affecting
the platination reaction were evaluated, that is, reporter ± Pt/
nucleic acid (mass/mass) ratios, reaction temperature (50 ±
90 �C), and reaction time (10 ± 60 min). A typical nucleic acid
labeling reaction was performed in the following manner: x �g
(x� 0.05 ± 5) of reporter ± Pt complex was incubated with 1 �g of
DNA or RNA; the platination reaction is subsequently quenched
by the addition of an excess of sodium diethyldithiocarbamate
(NaDDTC), which has ideal blocking characteristics for platinum
compounds.[41] Unreacted and DDTC-inactivated reporter ± Pt
reagents were subsequently removed and the platinated nucleic
acid sequence was isolated after a gel-filtration procedure. For
hybridization purposes the probes are suspended in common
hybridization buffers (e.g. , formamide- or urea-containing
buffers with probe concentrations varying from 25 ng�L�1 to
2.5 ng�L�1 for in situ applications and down to 25 pg�L�1 for
membrane applications) and hybridized towards immobilized
complementary target sequences, either in situ or on nylon


membranes. Upon screening the above-mentioned reaction
conditions the following optimal concentrations were estab-
lished: x� 0.3, 0.4, 0.5, and 1 for the DNP-Pt, Carboxyrhodami-
ne(Crho)-Pt, Bio-Pt, and Cyanine5(Cy5)-Pt, respectively (based
on dot-blot hybridizations onto serial dilutions for the haptens
and FISH assays on metaphase spreads for the fluorophores).
These findings and those attained with the other reagents in our
series are well in concordance with the data obtained through
the interaction with the model compound 5�-GMP.


Quantification of probe modification degree has been accom-
plished by determination of the platinum content by using
flameless atomic absorption spectroscopy on a number of
reporter ± Pt-modified nucleic acid sequences.[42] The results for
optimally modified dsDNA (Fish Sperm), an ODN 30-mer
(d(GTATTAACTGTCAAAAGCCACTGTGTCCTG)), and an RNA frag-
ment (1kB transcript) with both Bio ± Pt and DNP±Pt are listed in
Table 3. Modification degrees for both the fluorophore ± Pt


reagents Cy5 and CRho, as optimized in FISH assays, have been
determined for the 2�-deoxyribonucleic acid sequences as well.
There is neither a clear interlabel variation nor an internucleic
acid variation; the Pt:nucleotide ratio differs between approx-
imately 1:10 and 1:20. Higher nucleic acid modification degrees,
that is, Pt :nucleotide ratios �0.1, can be attained. However, this
yields densely modified nucleic acid fragments with strongly
altered physicochemical as well as hybridization properties (data
not shown), which are currently being investigated in detail.


To semiquantitatively compare the modification degree as
attained by our reporter ± Pt reagents with enzymatically
generated polynucleotide sequences, a serial dilution of these
probes was spotted on a membrane and detected by using
common immunochemical and chemiluminescent techniques.
Figure 3 shows a serial dilution of such a spot-blot membrane in
which biotinylated and DNP-modified mRNA are compared with
enzymatically generated cDNA, both with biotin ±dUTP and
DNP±dUTP incorporation through oligo-dT-primed reverse
transcriptase. The blot clearly shows that the specific activity of
these probes is similar in terms of detection limits.


Applications of reporter ± Pt reagents. Labeling and detection
of DNA sequences in a FISH assay and gene expression
profiling on a microarray platform


As example in which the above-described reagents have been
successfully applied in labeling of whole chromosome painting
(WCP) DNA probes[30] is given in Figure 4. The figure shows a


Table 3. Pt/nucleotide ratio as determined by flameless atomic absorption
spectroscopy. Maximum coefficient of variation per measurement is 1.5%.


dsDNA ODN[a] (30-mer) RNA


DNP±Pt (4A) 0.05 0.07 0.06
Bio ± Pt (4B) 0.08 0.10 0.08
Crho ±Pt(4E) 0.09 0.10 n.d.[b]


Cy5 ± Pt (4 I) 0.11 0.11 n.d.[b]


[a] Oligodeoxynucleotide. [b] Not determined.
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twenty-four-color COBRA FISH
on metaphase chromosomes
from a chronic myeloid leukemic
(CML) cell line.[30] COBRA FISH
enables differential staining of
all 24 human chromosomes by
using 3 fluorochromes to ratio-
label pairwise two sets of
12 WCPs, and a fourth fluoro-
chrome is used to binary distin-
guish the two sets of ratiola-
beled WCPs. The figure depicts a
karyogram composed of the
superimposed ratio-colors
green (DEAC), red (Cy3), and
blue (Cy5) on the foreground
of the chromosomes and the
pink shadow of the binary color
(CRho) on the background of
the odd-numbered chromo-
somes. This cell line contains a
variety of numerical chromo-
some aberrations in addition to
a few structural aberrations one
of which is the t(9;22) (arrows),
which is indicative for CML.[43]


DNA microarray technology
has a significant impact on
mRNA expression studies. This
technology allows the monitor-
ing of the whole genome of a


certain organism on a DNA chip, thereby providing a tool for
researchers to investigate the interactions among thousands of
genes simultaneously. The DNA array consists of DNA sequences
(PCR products or oligonucleotides) immobilized onto a solid
surface (most commonly glass). The array is subsequently
exposed to labeled nucleic acids, representing the cellular
mRNA level, followed by the determination of the identity/


Figure 4. Karyotyping by using COBRA-FISH in which WCPs are stained in a
combined binary and ratio staining procedure using combinations of reporter ± Pt
reagents. A COBRA-FISH on a CML cell line is shown; the t(9,22) is indicative for
CML, whereas a number of other chromosomal aberrations are apparent as well
(courtesy of Prof. F. Mittelman and T. Fioretos MD PhD, Department of Clinical
Genetics, University Hospital, Lund, Sweden).


abundance of complementary sequences. Figure 5 shows the
image of a microarray hybridization experiment, that is, the
comparison of expression data between two murine tissues in a
double label microarray experiment. Messenger RNAs isolated
from both murine kidney and embryo were directly labeled with
Cy3 ±Pt and Cy5 ±Pt, respectively. Subsequently, both labeled
mRNAs were simultaneously hybridized onto a microarray
containing �15000 murine PCR-products. Hybridized mRNA is
quantified by laser scanning. Fluorescence signals from the two
different labeled mRNA molecules were distinguished by using
two different emission filters. By scanning the arrays twice, once
for Cy3 and once for Cy5, a composite image was generated in
which the ratio of the two dyes, and hence, the ratio of mRNA
molecules in the two tissues, was measured.


Conclusion


The synthesis and properties of a family of compounds with the
general structure [Pt(en)(NH2(CH2)6NH± reporter)Cl] (4), de-


Figure 3. A comparison of the
labeling density of reporter ± Pt
complexes for mRNA (Pt lanes) with
the labeling density achieved by
reverse transcription (RT), by which
labeled nucleotides are incorporat-
ed and labeled cDNA is generated
(RT lanes). A dilution series
(1000 pg down to 0.1 pg spotted
nucleic acid) on positively charged
nylon membranes is shown for
DNP- and biotin-modified nucleic
acid sequences. The haptens were
detected by using anti-DNP ±AP
conjugates or Streptavidin ±AP
conjugates, respectively. Visualiza-
tion was accomplished by chem-
iluminescence detection.


Figure 5. Microarray image of a hybridization experiment with Cy3 ± Pt-labeled mRNA from murine kidney and Cy5 ± Pt-labeled mRNA from murine embryo. The
labeled mRNA pools were mixed and hybridized to a 15000 DNA microarray. Spots in green represent mRNAs in a relative higher abundance in the kidney; spots in red
represent mRNAs in a relative higher abundance in embryo; yellow spots represent equal amounts of mRNA in both tissues.
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signed to act as monofunctional nucleic acid labeling reagent,
have been described. The complexes were obtained in approx-
imately 25 ± 55% overall chemical yield and were �85% pure by
reversed-phase HPLC techniques. The complexes can be stored
for prolonged periods without decomposition or ligand-ex-
change reactions by choosing the appropriate inert solvent
systems and salt additives. The work has focused on the
molecular interactions of the complexes with the constituents of
DNA and RNA and has revealed the influence of the ligand
structure, especially the tethered reporter moieties, on the
binding behavior towards 5�-GMP and polynucleotide sequen-
ces. The reporter was shown to have a large effect on the rate
constant of the substitution reaction of the chloride by the N7


atom of 5�-GMP. Fundamental (chemical) parameters of the
reporter molecules such as charge and base-association proper-
ties determine the reactivity profile in the following manner:
aromatic � cationic � neutral � anionic. The observations for
5�-GMP were translated to the modification of polynucleotide
sequences and provided platinum-labeled nucleic acid hybrid-
ization probes. The optimal modification degree found for
[Pt(en)(NH2(CH2)6NH± reporter) ] is between 1:10 ± 1:20 (i.e. ,
reporters:nucleotide) without significantly affecting the hybrid-
ization properties. Moreover, platinum-modified nucleic acid
sequences behave similarly in hybridization applications to
covalently (through C5 on pyrimidines) modified sequences.


These platinum complexes have a general applicability in
nucleic acid labeling procedures, as exemplified by FISH assays
to detect chromosomal abnormalities in cells or metaphase
spreads. Labeling cellular mRNA directly offers the possibility to
profile gene-expression patterns, without the necessity of
enzymatic target manipulation procedures. The chance on lower
target bias increases by this approach, and the possibility to
detect nonadenylated mRNA sequences, like in bacteria, be-
comes feasible.[44] Besides the nucleobase nitrogens as a binding
site for platinum complexes, it is also possible to apply the same
reagents for the labeling and detection of proteins through their
Met or His residues. The platinum reagents as described in this
work can therefore be applied to label crude biological samples
(e.g. , cell lysates, serum) as a whole and subsequently detect,
through nucleic acid or antibody capture molecules on beads or
arrays, the biomolecules of interest.


Experimental Section


Materials and methods :


Chemicals and biochemicals : [Pt(en)Cl2] (1) was prepared according
to an established procedure.[45] Mono-Boc-hexanediamine was
prepared according to a slight adaptation of the procedure from
Krapcho and Kuell.[32] Succinimidyl-6-(biotinamido)hexanoate was
obtained from Pierce. 6-(2,4-Dinitrophenyl)aminohexanoic acid,
succinimidyl ester (DNP-X, SE), 7-diethylaminocoumarin-3-carboxylic
acid-SE (DEAC), 6-carboxyfluorescein-SE (Flu), 5-(6)-carboxyrhoda-
mine-SE (CRho), 6-carboxytetramethylrhodamine-SE (Rho), and
Rhodamine RedTM-X,SE (Liss) were purchased from Molecular Probes.
Cyanin3TM- and Cyanine5TM-monoreactive NHS dyes were purchased
from Amersham Biosciences. 5�-GMP and fish sperm DNA were
obtained from Sigma Chemical Co. The 30-mer d(GTATTAACTGT-


CAAAAGCCACTGTGTCCTG) was synthesized according to standard
procedures and purified by ion-exchange chromatography. A
1065 nt RNA transcript was generated from a pGEMT control
template by using a ribomax transcription kit from Promega.


Instruments and analytical methods : Reporter ± Pt complexes were
purified by reversed-phase chromatography using an æKTA FPLC
system or an æKTA HPLC system. SourceTM 15RPC (Amersham
Biosciences) served as a reversed-phase stationary phase in either HR
16/10 columns for FPLC-based purifications, whereas a Phenomenex
Luna, C18 (2) 5�, 21.20�250 mm was used for the HPLC system. For
analytical reversed-phase chromatography a Phenomenex Luna, C18
(2) 5�, 4.6 (or 3.0)�250 mm, was used. For desalting of certain
products, Sep-Pak C18 (disposable) columns were used (Waters,
WAT05190).
1H and 195Pt NMR spectra were recorded on a Bruker DPX 300 MHz
spectrometer. 1H chemical shifts in ppm were referenced to TMS.
195Pt chemical shifts were referenced externally to K2PtCl6 . Spectra
were recorded at ambient temperature unless indicated otherwise.
Absorbance characteristics in solution were determined on an
Ultrospec 4000 UV/Vis spectrometer from Amersham Biosciences.
Emission characteristics were determined on an LS45 luminescence
spectrometer from Perkin ± Elmer Instruments. Nucleic acid concen-
tration determination was performed on an Ultrospec 2100 pro UV/
Vis spectrometer from Amersham Biosciences.


Determination of platinum content was done by flameless atomic
absorption spectroscopy (FAAS). The extent of platinum±DNA
binding was determined by a Perkin ± Elmer Atomic Absorption
Spectrometer 3100 set to a slitband of 0.70 nm to monitor the Pt line
at 265.9 nm. The limit of quantification was 1000 ngmL�1. Deuterium
background correction was used throughout analysis and the
sample volume was between 0.020 mL and 0.060 mL. Furnace
parameters were drying 120 �C/90 s, ashing 1300 �C/60 s, flushing
20 �C/15 s, and atomization at 2650 �C/5 s. Argon gas was used to
purge the furnace.


Synthesis :


[Pt(II)(N-tert-Butoxycarbonyl-1,6-hexanediamine)(en)Cl](NO3) (3):
[Pt(en)Cl2] (1) (500 mg, 1.53 mmol) was suspended in DMF (50 mL)
and AgNO3 (248 mg, 1.46 mmol, 0.95 equiv.) in DMF (10 mL) was
added. The solution was stirred for 16 h at room temperature in the
dark and filtered through membrane filters (0.2 �m) to remove AgCl.
N-tert-Butoxycarbonyl-1,6-hexanediamine (315 mg, 0.8 equiv.) was
dissolved in xylene (25 mL) and added to the [Pt(en)Cl(NO3)] solution.
The mixture was stirred overnight at 40 �C. Solvents were removed in
vacuo and the remaining product was redissolved in a minute
amount of Milli-Q water and stored overnight at 4 �C. Insoluble
yellow particles of residual [Pt(en)Cl(NO3)] were removed by filtration
through membrane filters (1.0 �m). The clear filtrate was lyophilized
to give the title compound (average yield 650 mg, 74%) as a white
fluffy powder. 1H NMR (D2O): �� 3.11 (2H), 2.71 (4H), 2.63 (2H), 1.69
(2H), 1.52 (2H), 1.46 (9H), 1.39 (4H) ppm; 195Pt-NMR: ��
�2625 ppm.


General synthetic protocol for reporter ±Pt complexes (4A± I): In a
typical experiment the following procedure was used: [Pt(en)(N-tert-
Butoxycarbonyl-1,6-hexanediamine)Cl](NO3) (3) (28 mg, 0.05 mmol)
was dissolved in HCl (2 mL, 200 mM) and stirred overnight at 50 �C.
The solution was neutralized by adding small quantities of 5M NaOH.
Sodium phosphate/NaCl buffer (1 mL, 250 mM, pH 8.0) was then
added followed by Milli-Q water (2 mL). This solution was then mixed
with reporter ±NHS (0.04 mmol) dissolved in DMF (approximately
300 ± 500 �L). The mixture was allowed to react for 3 ± 16 h at room
temperature. Solvents were removed in vacuo and the remaining
product was redissolved in the minimal amount of loading buffer
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and subsequently purified by reversed-phase chromatography.
Elution buffers were subsequently removed by co-evaporation in
vacuo; in some cases desalting over C18 Sep-Pak columns was
required. Finally the products were lyophilized and subjected to
analysis by NMR, UV/Vis, and fluorescence spectroscopy, respectively.
MALDI-TOF analysis on compound 4D was performed by Euro-
gentec s.a. , Seraing, Belgium. Structural formulae of the compounds
4A± Iwith the numbering used in the spectroscopic characterization
can be found in the supporting information.


DNP±Pt {[Pt(en)(6-(((2,4-dinitrophenyl)amino-hexanoyl)amido)-
hexylamine)Cl]Cl} (4A): Chemical yield: 53%. 1H NMR (D2O): ��
1.29 ± 1.80 (14H, m; He,f,g,j,k,l,m), 2.28 (2H, t ; Hh), 2.66 (6H, m; Hn,o,o�),
3.14 (2H, t; Hd), 3.58 (2H, t; Hi), 7.20 (1H, d; Hc), 8.33 (1H, dd; Hb), 9.16
(1H, s; Ha) ppm; 195Pt NMR: ���2632 ppm; analytical reversed-
phase chromatography: 100 mM TEAA pH 5.0/CH3CN (9:1, v/v) was
used as loading buffer and 100 mM TEAA pH 5.0/CH3CN (3:7, v/v) as
elution buffer. Retention time: 15.8 min.


Bio ±Pt {[Pt(en)(6-(biotinamido)hexanoyl)amido)hexylamine)Cl]-
NO3} (4B): Chemical yield: 55%. 1H NMR (D2O): ��1.22 ± 1.86 (20H,
m; He,f,g,j,k,l,o,p,q,r), 2.20 (4H, m; Hh,m), 2.70 (8H, m; Hc,s,t,t�), 3.16 (4H, m;
Hi,n), 3.58 (1H, m; Hd), 4.38 (1H, m; Ha), 4.69 (1H, m; Hb) ppm; 195Pt
NMR (D2O): ���3254 ppm; analytical reversed-phase chromatog-
raphy: 0.05% TFA pH 2.5 as loading buffer and a 1:1 mixture of 0.05%
TFA pH 2.5 and CH3CN as elution buffer, retention time: 23.0 min.


FLU±Pt {[Pt(en)(6-(fluorescein-6-carboxamido)hexylamine)Cl]-
NO3} (4C): Chemical yield: 29%. 1H NMR (D2O/MeOD, 5:1 v/v): ��
1.41 (4H, m; Hl,m), 1.59 (4H, m; Hk,n), 2.55 (6H, m; Hp,p�,o), 3.39 (2H, t ;
Hj), 6.65 (4H; Ha,c,d,e), 7.15 (2H, d; Hb,f), 7.63 (1H, s; Hg), 7.95 (2H, dd;
Hh,i) ppm; 195Pt NMR (10 mM NaOH): ���2348 ppm; 195Pt NMR
(20 mM NaCl/H2O/MeOH 1:1, v/v at pH� 4 ±5): ���2618 ppm;
�max,abs : 495 nm; �max,em: 510 nm; analytical reversed-phase chroma-
tography: 100 mM TEAA pH 5.0/CH3CN (9:1, v/v) was used as loading
buffer and 100 mM TEAA pH 5.0/CH3CN (3:7, v/v) as elution buffer.
Retention time: 15.9 and 16.4 min; MS (MALDI-TOF): m/z : 763 (for
both peaks).


DEAC±Pt {[Pt(en)(diethylaminocoumarin-3-(carbamido)hexyla-
mine)Cl]NO3} (4D): Chemical yield: 22%. 1H NMR (D2O): �� 1.20
(6H, t ; Ha), 1.42 (4H, m; Hi,j), 1.65 (4H, m; Hh,k), 2.60 (2H, m; Hl), 2.70
(4H, m; Hm,m�), 3.33 (2H, m; Hg), 4.48 (4H, q; Hb), 6.47 (1H, s; Hd), 6.76
(1H, dd; Hc), 7.47 (1H, d; He), 8.48 (1H, s; Hf) ppm; �max,abs : 421 nm;
�max,em: 476 nm; analytical reversed-phase chromatography: 100 mM


TEAA pH 5.0/CH3CN (9:1, v/v) was used as loading buffer and 100 mM


TEAA pH 5.0/CH3CN (3:7, v/v) as elution buffer. Retention time:
21.8 min.


CRho±Pt {[Pt(en)5-(6-)-(carboxyrhodamine-5-(6-carboxamido)-
hexylamine)Cl]NO3} (4E): Chemical yield: 25%. 1H NMR (D2O/MeOD,
1:1 v/v): ��1.41 (4H, m; Hl,m), 1.65 (4H, m; Hk,n), 2.60 (6H, m; Hp,p�,o),
3.43 (2H, t; Hj), 6.81 (4H, br s; Ha,b,d,e), 7.14 (2H, s; Hc,f), 7.63 ± 8.45 (3H;
Hg,i,h) ppm; �max,abs : 500 nm; �max,em: 528 nm; analytical reversed-phase
chromatography: 100 mM TEAA pH 5.0/CH3CN (9:1, v/v) as loading
buffer and 100 mM TEAA pH 5.0/CH3CN (3:7, v/v) as elution buffer. The
two isomers are separately visible at retention times of 13.0 and
14.4 min.


Rho±Pt {[Pt(en)(6-(rhodamine)-6-carboxamido)hexylamine)Cl]-
NO3} (4F): Chemical yield: 31%. 1H NMR (D2O): �� 1.43 ± 1.69 (8H,
m; Hm,n,o,p), 2.63 (6H, m; Hr,r�,q), 3.18 (12H, s ; Ha,f), 3.48 (2H, t ; Hl), 6.58
(2H, s; Hd,e), 6.87(2H, d; Hb,g), 7.19 (2H, d; Hc,h), 7.87 (1H, s; Hi), 8.09
(2H, 2d; Hk,j) ppm; �max,abs : 554 nm; �max,em: 573 nm; analytical
reversed-phase chromatography: 100 mM TEAA pH 5.0/CH3CN (9:1,
v/v) as loading buffer and 100 mM TEAA pH 5.0/CH3CN (3:7, v/v) as
elution buffer ; the product elutes as a single peak at a retention time
of 16.2 min.


CY3±Pt {[1-[Pt(en)-6-hexanediamine-6-hexanamido]-2-[3-[1-eth-
yl-1,3-dihydro-3,3-dimethyl-5-sulfo-2H-indol-2-ylidene]-1-pro-
penyl]-3,3-dimethyl-5-sulfo-3H-indoliumchloride]} (4G): Chemical
yield: 23%. 1H NMR (D2O): �� 1.13 ± 1.66 (14H, m; Hl,m,n,q,r,s,t), 1.48 (3H,
t ; Ha), 1.80 (12H, s ; Hf,f�,g,g�), 2.18 (2H, t ; Ho), 2.58 (6H, m; Hv,v�,u), 2.95
(2H, t ; Hp), 4.18(4H, m; Hb,k), 6.43 (2H, d; Hw,y), 7.45 (2H, 2d; Hc,j), 7.91
(4H, m; Hd,e,h,i), 8.57 (1H, t; Hx) ppm; �max,abs : 550 nm; �max,em: 566 nm;
analytical reversed-phase chromatography: 100 mM TEAA pH 5.0/
CH3CN (9:1, v/v) as loading buffer and 100 mM TEAA pH 5.0/CH3CN
(3:7, v/v) as elution buffer; the product elutes as a single peak at a
retention time of 14.4 min.


Liss ± Pt {[1-[Pt(en)-6-hexanediamine-6-hexanamido]-9-[2-car-
boxy-6-[[(2,5-dioxo-1-pyrrolidinyl)oxy]carbonyl]phenyl]-3,6-bis(-
dimethylamino)chloride]nitrate}(4H): Chemical yield: 29%. 1H NMR
(D2O/MeOD): �� 1.26 (12H, br t; Ha,h), 1.27 ± 1.54 (14H, m; Ho,p,q,t,u,v,w),
2.13 (2h, t ; Hr), 2.57 (6H, m; Hx,y,y�), 3.09 (4H, m; Hs,n), 3.64 (8H, q; Hb,g),
6.96 (6H, m; Hc,d,e,f,i,j), 7.56 (1H, d; Hk), 8.19 (1H, d; Hl), 8.57 (1H, s;
Hm) ppm; �max,abs : 570 nm; �max,em: 591 nm; analytical reversed-phase
chromatography: 100 mM TEAA pH 5.0/CH3CN (9:1, v/v) as loading
buffer and 100 mM TEAA pH 5.0/CH3CN (3:7, v/v) as elution buffer ; the
product elutes as a single peak at a retention time of 23.0 min.


Cy5 ±ULS {[1-[Pt(en)-6-hexanediamine-6-hexanamido]-2-[5-[1-
ethyl-1,3-dihydro-3,3-dimethyl-5-sulfo-2H-indol-2-ylidene]-1,3-
pentadienyl]-3,3-dimethyl-5-sulfo-3H-indoliumchloride]} (4 I):
Chemical yield: 38%. 1H NMR (D2O/DMF[D7], 1:1 v/v): �� 1.20 ± 1.85
(14H, m; Hl,m,n,q,r,s,t), 1.38 (3H, t; Ha), 1.73 (12H, s; Hf,f�,g,g�), 2.18 (2H, t ;
Ho), 2.62 (6H, m; Hv,v�,u), 2.99 (2H, t ; Hp), 4.14 (4H, m; Hb,k), 6.37 (2H,
dd; Hw,z�), 6.66 (1H, dd; Hy), 7.37 (2H, 2d; Hc,j), 7.86 (4H, m; Hd,e,h,i), 8.18
(2H, m; Hx,z) ppm; �max,abs : 648 nm; �max,em: 655 nm; analytical
reversed-phase chromatography: 100 mM TEAA pH 5.0/CH3CN (9:1,
v/v) as loading buffer and 100 mM TEAA pH 5.0/CH3CN (3:7, v/v) as
elution buffer ; the product elutes as a single peak at a retention time
of 16.2 min.


Reactivity towards 5�-guanosinemonophosphate (5�-GMP): Plati-
nation reactions were performed at a 2.5 mM concentration of both
reactants in a deuterated 50 mM phosphate buffer pH 7.0 at 50 �C.
Reactions were monitored by 1H NMR spectroscopy. Calculations
were performed by relative integration (estimated error 10%) of H1�
proton signals of both reaction product and starting material during
the reaction.


Pt/nucleotide ratio determination on DNA, oligodeoxyribonu-
cleotides, and RNA : In a typical platination experiment sonicated
herring sperm DNA (20 �g) was labeled with DNP±Pt, CRho±Pt,
Bio ± Pt, and CY5±Pt in a mass:mass ratio of 1:0.3; 1:0.4; 1:0.5, and 1:1
in a total volume of 20 �L water. The input mass of reporter ± Pt was
doubled in the case of oligonucleotide labeling; other conditions
were similar. The RNA transcript was platinated under similar
conditions to the DNA by using Bio ±Pt and DNP±Pt exclusively.
Bio ± Pt and DNP±Pt labeling reactions were performed for 30 min at
85 �C; CRho±Pt and Cy5 ±Pt labeling reactions were performed for
15 min at 65 �C. The platinated nucleic acid sequences were purified
over a Sephadex-G50 spin column (Amersham Biosciences) and the
volume made up to 1.0 mL by addition of demineralized water to
provid a final nucleic acid concentration of 20 ng�L�1. The samples
were analyzed by FAAS as described above; a baseline signal or blank
reaction was provided by samples in which equal amounts of
reporter ± Pt reagents were treated and purified without the
presence of a nucleic acid template. Typically, the latter signal was
1% of the signal of the platinated nucleic acid.


DNA labeling and detection in a fluorescent in situ hybridization
assay (FISH): The cell line LAMA-84 was obtained from The German
Collection of Microrganisms and Cell Cultures (DSMZ).[46] The WCPs
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were labeled in 4 separate labeling reactions. To this end, optimized
amounts of each unlabeled (DOP±PCR-amplified) paint destined to
get the same ULS label were mixed and reacted with the appropriate
ULS label. After Qiagen column purification, the four labeled DNA
solutions were mixed and a 3� excess of human Cot-1 DNA was
added. After ethanol precipitation, the DNA was dissolved in the
hybridization mixture. Subsequent FISH was performed as described
previously,[30] with the exception that hybridization times were
reduced from 5 to 2 days. For ratiolabeling, we used diethylamino-
coumarin (DEAC) ±ULS, Cy3 ±ULS, and Cy5 ±ULS. As binary ULS label,
dGreen±ULS was used. The imaging and image processing of the
WCP-COBRA-FISH was performed as described previously.[30]


RNA labeling with 4A and 4B versus reversed transcriptase (RT)-
generated biotinylated and DNP-labeled cDNA and subsequent
detection on a spot blot : Human placenta mRNAwas obtained from
Clontech. A 1-�g sample of the mRNA was labeled with Bio ±Pt (4B,
0.5 �g) and DNP±Pt (4A, 0.3 �g) in a total volume of 20 �L DEPC
treated demineralized water at 85 �C for 30 min. The reaction was
subsequently quenched by the addition of NaDDTC solution (5 �L,
1%m/v). The resulting solution contains 40 ng�L�1 of labeledmRNA.
The enzymatically generated cDNA was prepared by starting with
the same mRNA and by using a MICROMAX Labeling and Detection
Kit (Perkin ± Elmer Life Sciences Inc.) utilizing the AMV reversed
transcriptase enzyme. The resulting solution contains 4 ng�L�4 of
labeled cDNA. Serial dilutions of these labeled nucleic acid solutions
were prepared from 1000 pg to 0.1 pg and spotted on nylon
membranes according to standard procedures. Detection was
performed by chemiluminescence by using anti-DNP±AP or Strep-
tavidin ±AP conjugates with reagents for detection from the MICRO-
MAX Labeling and Detection Kit (Perkin ± Elmer Life Sciences Inc.)
according to the manufacturer's instructions.


Microarray hybridization and mRNA labeling with Cy3 ±Pt and
Cy5 ±Pt : Both 1-�g samples of mRNA isolated from murine kidney
and murine embryo were directly labeled with Cy3 ±Pt (4G) and
Cy5 ±Pt (4 I), respectively. Labeled mRNA was purified over a
Chromaspin TE-30 column (Clontech) and subsequently washed
and concentrated on a Microcon-YT 30 (Millipore) filter. Subsequent-
ly, both labeled mRNAs were hybridized on a microarray containing
over 15000 murine PCR-products (the National Institute of Ageing
murine cDNA library, NIA/NIH, Bethesda, USA). Hybridization was
performed at 42 �C in a hybridization cassette (Telechem Interna-
tional) under a coverslip (Lifterslip, Erie Scientific) in a volume of
40 �L.[47] The presence of boundmRNAwas detected by fluorescence
following laser excitation. Signals from the two different labeled
mRNA molecules were distinguished by using two different emission
filters in a ScanArray 4000 microarray scanner (Perkin ± Elmer). By
scanning the arrays twice, once for Cy3 and once for Cy5, a
composite image was generated. Furthermore, the fluorescent
signals were quantified by using the Imagene 5.0 software package
(Biodiscovery) and used for measuring ratios of mRNA molecules in
the two tissues.


J. van Brussel (Leiden Institute of Chemistry, Leiden University, The
Netherlands) is kindly thanked for performing the flameless atomic
absorption measurements. Dr. J. Veuskens (Kreatech Biotechnology
BV) is acknowledged for critical reading of the manuscript.
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Modified DNA Bearing 5-(Methoxycarbonyl-
methyl)-2�-deoxyuridine: Preparation by PCR
with Thermophilic DNA Polymerase and Post-
synthetic Derivatization


Mohammad Mehedi Masud, Akiko Ozaki-Nakamura, Masayasu Kuwahara,
Hiroaki Ozaki, and Hiroaki Sawai*[a]


A thymidine analogue bearing a methyl ester at the C5 position
was accepted as a substrate by the thermophilic family B DNA
polymerases, KOD Dash, Pwo, and Vent(exo� ), to form the
corresponding PCR product, but not by the thermophilic family A
DNA polymerases, Taq, Tth, and T7 thermosequenase. Modified
DNA containing this analogue was prepared by PCR on a large
scale with KOD Dash DNA polymerase and 5-(methoxycarbonyl-
methyl)-2�-deoxyuridine 5�-triphosphate as a substrate. The methyl
ester of the modified DNA was further allowed to react with tris(2-
aminoethyl)amine or histamine by an ester ± amide exchange
reaction to form the corresponding derivatized DNA bearing a


tris(2-aminoethyl)amine or histamine moiety. Hydrolysis of the
methyl ester of the modified DNA gave a functionalized DNA
bearing an anionic carboxyl group. The derivatized DNA could act
as a template for the PCR with KOD Dash DNA polymerase and the
natural 2�-deoxythymidine 5�-triphosphate or the modified thymi-
dine analogue as a substrate. The postsynthetic derivatization of
the modified DNA may expand the variety of structurally modified
DNA produced by PCR.


KEYWORDS:


DNA modification ¥ DNA polymerase ¥ polymerase chain
reaction ¥ thymidine analogues


Introduction


Modified oligonucleotides with a variety of functional groups are
an important tool for biological and biochemical studies.[1±3] The
C5 position of the pyrimidine ring is an appropriate site for the
modification, because it is located in the major groove of
double-stranded DNA and does not inhibit A:T base pairing.
Previously, we reported the synthesis of thymidine analogues,
C5-substituted 2�-deoxyuridines bearing amino linker arms at
the C5 position,[4] and their introduction into oligodeoxyribonu-
cleotides.[5]


Usually, modified DNA is prepared chemically by using a DNA
synthesizer. However, if a DNA polymerase can accept the
modified nucleotide as a substrate and can read through
modified residues in the DNA template, modified DNA can be
prepared enzymatically by PCR. The resulting modified DNA
could be used as a DNA probe, a DNA enzyme, or a DNA aptamer
by in vitro selection. Thus, nucleotide analogues that are
substrates for DNA and RNA polymerases can be powerful tools
for biochemical studies. Some DNA polymerases can use 5�-
triphosphates of modified 2�-deoxyuridines with a side chain at
the C5 position carrying an (E)-propenyl[6±10] or propynyl
group.[9±13] The differences in reactivity of C5-substituted 2�-
deoxyuridines as substrates may be due to the steric effects of


large side-groups and/or to the ionic effects of substituting
groups such as cationic amino groups or anionic carboxyl
groups. The ability of a modified nucleotide to act as a substrate
also depends on the kind of DNA polymerase.[14, 15] Recently, we
have shown that KOD Dash DNA polymerase can readily use
some new thymidine analogue nucleotides as substrates and
can read a template DNA containing the modified thymidine,
but no other DNA polymerase, including Taq DNA polymerase,
can accept the thymidine analogues as substrates.[14, 16] Among
the new thymidine analogues that have an sp3 hybridized
carbon at the C5 � position with a substituent group, the
analogues bearing a methyl ester, ethylenediamine, or hexam-
ethylenediamine moiety are good substrates for the enzyme,


[a] Prof. H. Sawai, M. Mehedi Masud, A. Ozaki-Nakamura, Dr. M. Kuwahara,
Prof. H. Ozaki
Department of Applied Chemistry
Gunma University
Kiryu, Gunma 376-8515 (Japan)
Fax: (�81)277-30-1224
E-mail : sawai@chem.gunma-u.ac.jp


Supporting information for this article is available on the WWW under http://
www.chembiochem.org or from the author.
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and the corresponding modified DNAs can be obtained by PCR
with KOD Dash DNA polymerase.[16] However, the analogues
bearing a tris(2-aminoethylamine), histamine, or anionic carboxyl
group were found to be poor substrates for the enzyme.[14, 16]


Little or no corresponding modified DNA can be obtained by
PCR with any of these analogues as a substrate.[16]


Therefore, we have explored the postsynthetic derivatization
of the modified DNA that can be prepared by PCR with the
thymidine analogue bearing a methyl ester, because this
analogue is a good substrate for KOD Dash DNA polymerase.[16]


We have further examined some other DNA polymerases which
can accept the thymidine analogue bearing a methyl ester
during the PCR, and we found that Pwo and Vent(exo� ) also
produced the corresponding modified DNA. The methyl ester of
the resulting modified DNA, produced by PCR on a large scale
with KOD Dash DNA polymerase, could further react with a
polyamine[17] or hydrolyze to a carboxyl group. The postsynthetic
derivatization of the modified DNA bearing a polyamine,
histamine, or anionic carboxyl group could form modified DNA
with a new functional group, which cannot be obtained directly
by PCR and may be useful for the generation of an active DNA
enzyme or DNA aptamer by in vitro selection. Here we wish to
report the activity of several DNA polymerases for the synthesis
of modified DNA, the large-scale synthesis of modified DNA with
a methyl ester by PCR, the postsynthetic derivatization of the
modified DNA, and the template activity of the resulting DNA
after derivatization.


Results and Discussion


The modified thymidine analogue, 5-(methoxycarbonylmethyl)-
2�-deoxyuridine 5�-triphosphate (1, Scheme 1), was synthesized
according to the method described previously.[14] We studied the
ability of the nucleotide 1 to act as a substrate in place of 2�-


deoxythymidine 5�-triphosphate (dTTP) for thermostable DNA
polymerases under typical PCR conditions with pUC18 plasmid
DNA as a template and oligonucleotide A, 5�-GGAAACAGCTAT-
GACCATGATTAC-3� and oligonucleotide B, 5�-CGACGTTG-
TAAAACGACGGCCAGT-3� as primers. Figure 1 shows the results
of the PCR with the substrate 1 and several DNA polymerases. All


Figure 1. Gel electrophoresis assay of the PCR of 1 with several DNA polymer-
ases. Assays were carried out as described in the Experimental Section. Lanes 1
and 11: marker DNA (100 ± 2000 bp); Lane 2: natural 108-bp DNA from dTTP with
KOD Dash (0.005 U); Lane 3: negative control reaction without dTTP in the
presence of KOD Dash (0.05 U); Lane 4: 1 with KOD Dash (0.05 U); Lane 5: 1 with
Pwo (0.025 U); Lane 6: 1 with Vent(exo� ) (0.05 U); Lane 7: 1 with Vent (0.01 U);
Lane 8: 1 with Taq (0.05 U); Lane 9: 1 with Tth (0.05 U); Lane 10: 1 with
T7 thermosequenase (1 U). All unit quantities were per �L of final reaction volume.


DNA polymerases could accept the natural substrate, dTTP, to
form a DNA with 108 base pairs in the positive control reactions,
but they did not yield DNA in the negative control reactions


where no dTTP was used (data in the
Supporting Information). We confirmed
the previous report that KOD Dash DNA
polymerase can accept 1 as a substrate to
give a 108-bp DNA product (partially shown
as 2, Scheme 1).[16] The 108-bp DNA con-
taining the primers and the template region
has 40 modified thymidines with a single-
stretch of 4 successive thymidine residues.
Pwo and Vent(exo� ) DNA polymerases
could also accept 1 and form a 108-bp
PCR product. On the other hand, Vent, Taq,
Tth, and T7 thermosequenase DNA poly-
merases could not produce the correspond-
ing PCR product. Vent DNA polymerase is
likely to accept 1 in the PCR, however, the
enzyme's strong exonuclease activity could
degrade any DNA formed, which would
result in no overall formation of the corre-
sponding product. The DNA polymerases,
KOD Dash, Pwo, and Vent(exo� ), which
could accept the modified substrate 1, all
belong to the family B DNA polymerases.


Scheme 1. Synthesis of the modified DNAs 2±6 by PCR and postsynthetic derivatization: a) tris(2-
aminoethyl)amine; b) histamine; c) hexamethylenediamine; d) sodium hydroxide. Further details are given
in the Experimental Section.
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The DNA polymerases that could not produce the PCR product
are classified as family A DNA polymerases, except Vent DNA
polymerase which has strong exonuclease activity. Our result
that family B DNA polymerases could accept the modified
thymidine nucleotide more easily than family A DNA polymer-
ases is in accordance with the result of a recent report by Held
and Benner.[15] They have shown that family B DNA polymerases,
especially Pwo DNA polymerase, can incorporate a thymidine
analogue with 5�-position sulfur functionality to produce the
corresponding PCR product.


We prepared the modified DNA 2 by PCR on a large scale with
1 as a substrate (Scheme 1). The modified DNA was obtained in
an optical density (OD260nm) of 4.5 units after the usual extraction
and purification by preparative disk-gel electrophoresis. The
modified DNA was converted into the triethylammonium salt
from the sodium salt by treatment with a cation-exchange resin
so that it would dissolve in N,N-dimethylformamide (DMF). An
ester ± amide exchange reaction of the methyl ester of the
modified DNA with tris(2-aminoethyl)amine was conducted in
DMF at 37 �C to give modified DNA bearing a tris(2-aminoethyl)-
amine group at the C5 position of thymidine (partially shown as
3).[17] Similarly, the modified DNA 2 was treated with histamine or
hexamethylenediamine to yield the modified DNAs 4 and 5 with
histamine and hexamethylenediamine side chains, respectively.
Alkaline hydrolysis of the methyl ester on the modified DNA 2
gave the corresponding modified DNA bearing an anionic
carboxyl group at the C5 position (partially shown as 6).


After the derivatization of the modified DNA 2 (in portions of
0.5 OD260nm units) and purification by ethanol precipitation, we
obtained the modified DNAs 3 ±6 in 0.28, 0.36, 0.38, and
0.48 OD260nm units, respectively. Figure 2 shows the results of the


Figure 2. Gel electrophoresis assay of the modified DNAs obtained by post-
synthetic derivatization. Lane 1: marker DNA; Lane 2: natural 108-bp DNA
produced by PCR; Lane 3: modified DNA 2 bearing the methyl ester modification;
Lane 4: modified DNA 3 bearing the tris(2-aminoethyl)amine side chain; Lane 5:
modified DNA 4 bearing the histamine moiety; Lane 6: modified DNA 5 bearing
the hexamenthylenediamine modification; Lane 7: modified DNA 6 bearing the
carboxyl group.


gel electrophoresis of the modified DNAs obtained by the
postsynthetic derivatization. The modified DNAs 3 ±5, with
tris(2-aminoethyl)amine, histamine, and hexamethylenediamine
side chains, respectively, showed lower mobility shift on the
electrophoresis gel due to the mass increase and charge
associated with the modified thymidine. The modified DNAs
were further subjected to enzyme digestion by using nuclea-


se P1 and, subsequently, alkaline phosphatase to confirm the
conversion of the modified thymidine residue. A typical example
of the enzyme digestion results for modified DNA 3 as analyzed
by HPLC is shown in Figure 3. Peaks corresponding to the natural


Figure 3. HPLC profile of the enzyme-digested modified DNA 3. Peak assign-
ment: A: dTTrisamine ; B: dC; C: dTCOOH; D: dG; E: dT; F: dA.


nucleosides A, G, C, and T, along with the modified thymidine
residue derived from the postsynthetic derivatization, were
generated by the enzyme digestion. The latter compound was
identified by coinjection of an authentic sample prepared from
5-(methoxycarbonylmethyl)-2�-deoxyuridine with tris(2-aminoe-
thyl)amine. Natural thymidine is derived from the primers for the
PCR. The HPLC trace also showed formation of some 5-(carbox-
ylmethyl)-2�-deoxyuridine which was identified by coinjection
with an authentic sample. This indicates that the methyl ester in
the modified DNA 2 was hydrolyzed to the carboxyl group in
nearly 30% yield during the PCR and/or the post synthetic
derivatization. The nucleoside composition estimated by HPLC
analysis roughly corresponded to that expected for the modified
DNA.


We examined the template activity of the modified DNAs
obtained by postsynthetic derivatization. Small amounts of the
modified DNA (0.8 ng) and dTTP or modified thymidine nucleo-
tide 1 were used as a template and a substrate, respectively, for
the PCR with KOD Dash DNA polymerase. All the modified DNAs
had template activity and the enzyme accepted both natural
dTTP and 1 to form the corresponding 108-bp DNA (Figure 4).
The DNA prepared by PCR with dTTP in the presence of the
modified DNA templates 3 and 6 had the same base sequence as
that of the original pUC18 DNA template (data in the Supporting
Information). The results indicate that the enzyme read through
the modified thymidine in the DNA template, accepted the
complementary substrate, and continued the chain elongation
until the end of the template to form the corresponding 108-bp
DNA without mutation.


The modified DNA bearing the tris(2-aminoethyl)amine,
histamine, or carboxyl groups can hardly be obtained directly
by PCR with modified thymidine analogues bearing these
substituent groups, because even KOD Dash DNA polymerase
cannot incorporate these thymidine analogues as substrates.
The modified DNA 2 can be prepared easily by PCR with KOD
Dash DNA polymerase and the thymidine nucleotide analogue 1.







Modified DNA Bearing Thymidine Analogues


ChemBioChem 2003, 4, 584 ± 588 www.chembiochem.org ¹ 2003 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim 587


The present study demonstrates that postsynthetic derivatiza-
tion of the modified DNA 2 could expand the range of accessible
modified DNAs bearing functional groups such as tris(2-amino-
ethyl)amine, histamine, or an anionic carboxyl moiety. These
functional groups in the modified DNA could improve the
catalytic or binding ability of a DNA enzyme or a DNA aptamer,
respectively, which may be obtained by a combination of PCR,
postsynthetic derivatization, and in vitro selection.


Experimental Section


Materials : 2�-Deoxynucleoside 5�-triphosphates (dNTPs), dATP, dGTP,
dCTP, and dTTP, were purchased from Seikagaku Kogyo. Alkaline
phosphatase was from Worthington Biochemicals, and nuclease P1
was from Yamasa Co. KOD Dash, Taq, and Tth DNA polymerases were
obtained from Toyobo Co. Vent and Vent(exo� ) DNA polymerases
were from New England Biolabs. T7 thermosequenase was pur-
chased from Amersham Bioscience. The 5�-triphosphate of 5-(me-
thoxycarbonylmethyl)-2�-deoxyuridine (1) was prepared as described
previously.[14] Other C5-substituted deoxyuridine derivatives were
prepared from 5-(methoxycarbonylmethyl)-2�-deoxyuridine.[5] pUC18
plasmid DNA was from Toyobo Co. The oligonucleotides used as
primers, DNA A, 5�-GGAAACAGCTATGACCATGATTAC-3� and DNA B,
5�-CGACGTTGTAAAACGACGGCCAGT-3�, were from Sawaday Techno-
logy Co. All other chemicals were reagent grade and were used
without further purification.


Analytical methods and gel electrophoresis : UV spectra were
recorded on a Hitachi 3200 spectrometer. HPLC on an ODS silica gel
column (4� 250 mm) was carried out with a linear-gradient elution
(2 to 30% acetonitrile in 50 mM triethylammonium acetate (pH 7.0))
over 30 min at a flow rate of 1.0 mLmin�1. Gel electrophoresis was
carried out using 2% agarose gel at 100 V for 40 min and was
visualized by staining with ethidium bromide. Preparative disk-gel
electrophoresis was done on a Nihon-Eido NA-1800 apparatus with a
2% agarose gel column (21� 50 mm) at 25 V.


PCR with dTTP or modified nucleotide 1 and KOD Dash DNA
polymerase : The mixture (20 �L) for the small-scale PCR contained
the DNA template (pUC18 2686 bp; 0.5 ng�L�1), the primers (0.2 �M


of each), natural dNTPs or modified dNTP mix (0.2 mM of each
nucleotide), and DNA polymerase (0.005 or 0.05 U�L�1, respectively)
in the buffer supplied by the maker for the DNA polymerase reaction.


Different quantities of enzyme were used for PCR assays with the
other DNA polymerases (see the legend of Figure 1). PCR assays were
carried out at 94 �C for 1 min, 30 cycles of 94 �C for 30 s/50 �C for 30 s/
74 �C for 1 min, and 74 �C for 5 min. The reaction mixture was
quenched by addition of formamide dye solution and the PCR
products were analyzed by 2% agarose gel electrophoresis.


Large-scale synthesis and purification of modified DNA obtained
from PCR with modified nucleotide 1: The reaction mixture (10 mL),
containing the DNA template (5 �g), the primers (0.2 �M of each),
modified dNTP mix (0.2 mM of each nucleotide), and DNA polymer-
ase (500 U) in the buffer supplied by the maker for the DNA
polymerase reaction, was divided into 100 portions (0.1 mL each).
Each portion was placed in a 200-�L tube and was set on a PCR
thermal cycler. The PCR was carried out under the same conditions as
described above for the small-scale synthesis. All PCR products were
collected together and redivided into 20 portions (each 0.5 mL), and
each portion was placed in a 1.5-mL eppendorf tube. The mixture in
each tube was treated twice with PCI solution (0.5 mL; phenol
saturated with tris(hydroxymethyl)aminomethane (Tris)/HCl
(pH 8.0):chloroform:isoamyl alcohol (25:24:1)) and then twice with
CIA solution (0.5 mL; chloroform:isoamyl alcohol (24:1)) to remove
the enzymes. The organic phase was removed between each
treatment. The aqueous phase was concentrated to 0.1 mL by rotary
evaporation. The two 0.1 mL solutions were combined to place
enough DNA in one tube for easy precipitation, and ethanol (0.5 mL)
and 3M NaOAc (20 �L; pH 5.2) were added. After shaking, the mixture
was kept in a freezer at �20 �C for 20 min and then centrifuged at
4 �C and 10000 rpm for 30 min. Ethanol was removed from the tube
and 70% ethanol (0.8 mL) was added. The tube was shaken, kept in a
freezer at �20 �C for 20 min, and centrifuged as before, then ethanol
was removed from the tube. The precipitated DNA was dissolved in
distilled water (0.1 mL), and all 10 DNA solutions were combined and
dried by rotary evaporation. The DNA was redissolved in distilled
water (0.3 mL) and purified by a preparative disk-gel electrophoresis.
Fractions (each 0.5 mL) eluted from the gel were collected and the
appropriate fractions containing modified DNA showing UV absorb-
ance at 260 nm were collected. The modified DNA was checked by
agarose gel electrophoresis. The modified DNA bearing 5-(methox-
ycarbonylmethyl)-2�-deoxyuridine was obtained in 4.5 OD units at
260 nm.


Postsynthetic derivatization of the modified DNA containing
5-(methoxycarbonylmethyl)-2�-deoxyuridine : The modified DNA
(4.5 OD units at 260 nm) was passed through a cation-exchange resin


Figure 4. Gel electrophoresis assay of the PCR with the modified DNA as a template. A) PCR with the natural substrates (dATP, dGTP, dCTP, dTTP). B) PCR with the
modified thymidine 1 as a substrate (dATP, dGTP, dCTP, 1). Lane 1: marker DNA; Lane 2: natural 108-bp DNA as the template; Lane 3: modified DNA 2 as the template ;
Lane 4: modified DNA 3 as the template; Lane 5: modified DNA 4 as the template; Lane 6: modified DNA 5 as the template; Lane 7: modified DNA 6 as the template.
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column (Dowex 50 WX-8 (HN�Et3 form), 100 ± 200 mesh, 5�70 mm)
to exchange the counter cation of the modified DNA from Na� to
HN�Et3. This is to make the DNA soluble in DMF, as is necessary for
the derivatization reaction. After passing through the column, the
solution of DNA in the HN�Et3 form was collected, divided into five
portions, placed in five Eppendorf tubes, and dried by rotary
evaporation. Each tube contained 0.5 OD260nm units of the modified
DNA. The following ester ± amide exchange reaction was used for the
derivatization. The modified DNA (0.5 OD260nm units) was treated with
50% tris(2-aminoethyl)amine in DMF (0.1 mL), 50% hexamethylene-
diamine in DMF (0.1 mL), or 10% histamine in DMF (0.1 mL) at 37 �C
or 50 �C overnight. Ethanol (0.5 mL) and 3M NaOAc (20 �L; pH 5.2)
were added to each reaction mixture and the solutions were kept in
a freezer at �20 �C for 20 min. The mixture in the tube was
centrifuged at 4 �C and 10000 rpm for 20 min, and the solvent was
removed from the tube. Ethanol precipitation was conducted again
with 70% ethanol (0.5 mL) and the precipitated modified DNA was
dried by roatry evaporation. We measured the OD260nm of the
resulting modified DNA.


The DNA bearing an anionic carboxyl group was obtained by
hydrolysis of the methyl ester of the modified DNA 2. The modified
DNA was treated with 0.1M NaOH (0.1 mL) at 37 �C overnight.
Extraction of the DNA bearing an anionic carboxyl group was
performed in essentially the same manner as described above,
except additional glycogen (1 �L; 20 �g�L�1) was added to the DNA
mixture to improve the recovery of the DNA by ethanol precipitation.
After extraction, the modified DNAs were checked by 2% agarose gel
electrophoresis and enzyme digestion.


Enzyme digestion of the modified DNAs : The modified DNAs
(0.15 OD260nm units) were treated overnight with nuclease P1 (5 �g) in
100 mM NaOAc buffer (20 �L; pH 5.3) at 37 �C. Subsequently, alkaline
phosphatase (1 U) and 50 mM Tris/HCl (24 �L; pH 9.0) containing
10 mM MgCl2 were added to the mixture. The whole solution was
incubated at 37 �C overnight. The reaction mixture was analyzed by
reverse-phase HPLC on a Wakosil 5C-18 column. Identification of the
modified nucleoside obtained by the enzyme digestion was done by
the coinjection of an authentic sample prepared by treatment of
5-(methoxycarbonylmethyl)-2�-deoxyuridine with tris(2-aminoethyl-
amine), hexamethylenediamine, histamine, or lithium hydroxide in
methanol.


PCR with the modified DNAs obtained by derivatization as
templates : The mixture (20 �L) for the PCR with the derivatized DNA
templates contained the DNA (0.04 ng�L�1), the primers (0.2 �M of
each), natural dNTPs or modified dNTP mix (0.2 mM of each
nucleotide), and the DNA polymerase (0.05 or 0.25 U per 10 �L,


respectively) in the buffer supplied by the maker for the DNA
polymerase reaction. PCR assays were carried out at 94 �C for 1 min,
30 cycles of 94 �C for 30 s/50 �C for 30 s/74 �C for 1 min, and 74 �C for
5 min. The reaction products were separated by 2% agarose gel
electrophoresis and were visualized by ethidium bromide staining.


This work is partially supported by a Grant-in-Aid for Scientific
Research from The Ministry of Education, Science and Technology,
Japan.
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Real-time Detection of Nucleotide Incorporation
During Complementary DNA Strand Synthesis


Alexander Krieg, Stephan Laib, Thomas Ruckstuhl, and Stefan Seeger*[a]


Real-time observation of DNA strand synthesis by using a super-
critical angle fluorescence detection apparatus for surface-selective
fluorescence detection is described. DNA template molecules were
immobilized on a glass surface and the synthesis of the
complementary strand was observed after addition of enzyme,
dTTP, dATP, dGTP, and fluorescently labeled dCTP (d, deoxy; TP,
triphosphate; T, A, G, and C, nucleobases). The fluorescence


increase during the Klenow-fragment-catalyzed polymerization
depends on the number of labeled dCTP nucleotides incorporated.
The efficiency of this reaction is of the same order of magnitude as
that of a bimolecular hybridization reaction.


KEYWORDS:


biosensors ¥ DNA labeling ¥ fluorescent probes ¥ polymerase
¥ sequencing


Introduction


The synthesis of complementary DNA strands in vitro is a central
step in all existing DNA-sequencing procedures.[1±3] A new DNA-
sequencing concept based on real-time single-molecule detec-
tion of nucleotide incorporation has recently been described.[4]


In this technique, a template molecule is fixed at a surface, and
DNA polymerase catalysis is used for specific incorporation of
fluorescently labeled nucleotides. These nucleotides are detect-
ed selectively during the incorporation processes. Nucleotides
that have already been incorporated into molecules are
inactivated by bleaching or by other photochemical processes.
However, base-specific, real-time observation of nucleotide
incorporation has not yet been described because of the high
concentrations of labeled nucleotides required in all fluores-
cence-based methods, which result in strong background
signals. This does not allow specific and selective detection of
the incorporated nucleotides. In contrast, DNA synthesis mon-
itoring by surface plasmon resonance enables the synthesis of
the complementary strand to be detected but lacks the potential
to observe base-specific nucleotide incorporation.[5±7]


Here we report the real-time monitoring of DNA strand
synthesis of an ensemble of surface-fixed single-stranded DNA
(ssDNA) species[8] by use of the supercritical angle fluorescence
(SAF) detection technique.[9±11] In order to prevent signal
perturbation due to a high concentration of fluorescent dyes
in solution, the detection volume has to be restricted to the
coverslip/analyte interface as far as possible. In the detection of
SAF, only molecules with a surface distance well below 100 nm
contribute to the fluorescence signal.
In brief, the coverslip/analyte interface is illuminated orthog-


onally through the glass with a focused beam from a HeNe laser
(Figure 1). To detect surface binding (incorporation) in the
presence of high concentrations of fluorescently labeled nucleo-


Figure 1. Setup of the supercritical angle fluorescence (SAF) detection system.
PMT, photomultiplier tube.


tides in solution, it is necessary to confine the detection region
strictly to the surface. This is accomplished by collecting the
fluorescence emitted into the glass above the critical angle of
refraction (�c� 61�). Only molecules at a distance of less than
100 nm from the surface efficiently emit fluorescence above 61�,
which minimizes background from bulk fluorescence. The SAF
emission is made parallel by a parabolic glass element and
the fluorescence photons are counted with a single-photon
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Physikalisch-Chemisches Institut
Universit‰t Z¸rich
Winterthurerstrasse 190
8057 Z¸rich (Switzerland)
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counting photomultiplier tube. As we describe herein, this
setup allows the direct observation of incorporation of deoxy-
nucleotide triphosphates (dNTPs). This approach is also a
method for direct real-time observation of polymerase ac-
tivity.[12±14]


Results and Discussion


In the experiment described below, we observed the detection
of Cy5-labeled dCTP incorporation in the complementary DNA
strand. Strands with one or three guanine bases were chosen,
together with a reference containing no guanine bases in the
strand (for sequences, see Table 1).
The guanine bases used for the incorporation of three dyes


were separated from each other by nine thymine bases to
reduce steric hindrance of the polymerase by the dye chromo-
phores attached to the base units and to prevent quenching of
the dyes. In addition, in order to avoid surface effects, such as
repulsion forces between enzyme and surface, we introduced a
C-6 spacer (approximately 0.6 nm, for chemical composition, see
Table 1) between the DNA strand and the end-labeled amino
group necessary for the coupling and the DNA-strand synthesis.
To increase the distance from the surface further, the last Cy5-
dCTP incorporation chosen took place eleven bases before the
end of the sequence. In addition, to minimize effects due to the
surface environment, the primer elongation started at the free
unbound end of the strand.
Investigations of different polymerase enzymes have been


performed elsewhere.[15, 16] In our examination, the highest
incorporation efficiency was shown with the Klenow exonu-
clease-free fragment and the Cy5-dCTP dye (data not shown);
this enzyme/labeled dNTP combination was therefore used for
the experiment described herein. The dNTP mix was added to
the surface-bound ssDNA with unlabeled dATP, dGTP, dTTP, and
labeled dCTP. The enzyme was added to the reaction mixture by
pipette, and one data point was measured every 90 seconds.
We did not observe any increase in fluorescence during


complementary DNA strand synthesis with Seq0dCTP-ssDNA
(Figure 2). However, we did observe increases in fluorescence
with incorporation in the cases of Seq1dCTP and Seq3dCTP. The
average increase in fluorescence for the incorporation of one
Cy5-labeled dCTP unit is about 59000 counts, and for three
labeled dCTPs about 250000 counts, once the reaction is
complete. Figure 3 shows the dependence of the fluorescence
signal on the number of incorporated Cy5-dCTP units, which is
linear within the range of experimental accuracy.


Figure 2. Fluorescence signal against time during DNA strand synthesis. The
background signal was subtracted from the data and the start time was set to
zero. Triangles: Seq3dCTP; circles: Seq1dCTP; squares : Seq0dCTP.


Figure 3. Fluorescence signal against number of incorporated Cy5-labeled dCTP
units (signal intensity at endpoint).


The hybridization of Seq1dCTP-ssDNA with a corresponding
Cy5-labeled primer was also carried out and monitored by use of
the same setup.[17] By comparing the result of the polymerase-
induced strand synthesis with the data for the hybridization
reaction, both of which result in single-dye-labeled double-
stranded DNA, the synthesis efficiency in toto (that is, how many
strands are labeled overall) was estimated.


Table 1. Sequences and chemical structures of the oligonucleotides and linker used.


Name Sequence (5� ± 3�)


Seq0dCTP TTT TTT TTT TTT TTT TTT TTT TTT TTT TTA TCA TCT CTT ATT ACC TCT AA
Seq1dCTP TTT TTT TTT TTT TTT TTT TTT TTT TGT TTA TCA TCT CTT ATT ACC TCT AA
Seq3dCTP TTT TTT TTT TGT TTT TTT TTG TTT TTT TTT GTT TAT CAT CTC TTA TTA CCT CTA A
PrimerSeqdCTP, PrimerSeqdCTP-Cy5 TTA GAG GTA ATA AGA GAT GAT
Primer-Mismatch-Cy5 ATT GCG TCG CTT TTT GCT GTC C
Chemical composition of the linker -O-P(O2)-O-(CH2)6-NH2
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Figure 4 shows the kinetic data for the hybridization reaction
and the strand synthesis. The concentrations were 10�7M Cy5-
monolabeled primer and Cy5-dCTP, respectively. The annealing
of a noncorresponding primer sequence could not be detected
(circle base line).


Figure 4. Fluorescence signals of the hybridization reaction (triangles) and DNA
strand synthesis (squares) ; circles : mismatching primer control (primer-mis-
match-Cy5). The start time was set to zero.


The fluorescence increase due to the single incorporation
event is of the same order of magnitude as that due to the
annealing reaction. The difference between the fluorescence
signals (a factor of about three) is probably due to the lower
efficiency of the polymerization process in relation to the
bimolecular hybridization reaction. The results also show that
the strand synthesis reaction is slower than the annealing
process.


Conclusion


The obtained data clearly show the detection of the incorpo-
ration of dye-labeled dNTPs into the strand in real time and
hence the potential to detect and compare the incorporation
efficiencies of labeled dNTPs and different polymerases. This
work is an important step towards direct sequencing by
polymerase-catalyzed strand synthesis with fluorescently tagged
nucleotides. To achieve this goal, the next step should be to
focus on one single DNA strand to detect nucleotide incorpo-
ration at this level.
The variation in photon counts detected in different experi-


ments is due to changing of the slides and probably has optical
causes. However, this problem has no relevance for observation
of polymerase activity at the single-molecule level ; that is, for
DNA sequencing, which is also carried out at the single-molecule
level.
Investigation into highly efficient polymerases and dyes that


allow complete strand synthesis is necessary to establish a
single-molecule DNA-sequencing technique based on monitor-


ing of the incorporation of labeled dNTPs, in contrast to the
digestion method that uses exonuclease.[18±20]


Methods


Annealing : Annealing of ssDNA with the corresponding primer
(ssDNA and primers were purchased from Microsynth, Switzerland;
for sequences, see Table 1) was performed by addition of ssDNA
(1 �L, 10�4M) and primer solution (4 �L, 10�4M) to hybridization buffer
(15 �L, Roche, Germany, hybridization buffer for PCR/DIG ELISA), and
the annealing took place over 2 h (hybridization solution).


Fixation of aminated ssDNA to glass slides : Glass slides (Menzel ±
Glaser, Germany) were used. They were cleaned in an ultrasonic bath
with ethanol solution (70%, 30 min) followed by further cleaning
with an NaOH/ethanol solution (25 g NaOH dissolved in 250 mL 60%
ethanol solution; 2 h) and by washing three times with distilled
water. Slides were then coated by treatment with a poly-L-lysine
solution (0.01% w/v, Sigma Diagnostic, USA) in phosphate-buffered
saline (PBS buffer, pH 7.48, Fluka, Switzerland) for 1 h, followed by
drying (1 h at 45 �C).


The poly-L-lysine-coated glass slides were treated with a solution of
glutaraldehyde (20 mL, 2.5%, Fluka, Switzerland) in Na2HPO4 buffer
(0.05M, adjusted to pH 7.0) for at least 1 h. After exhaustive washing
with distilled water, the hybridization solutions, dissolved in Na2HPO4


buffer (0.05M, pH 7.0, Fluka, Switzerland), were added and the slides
were left for 12 h. After incubation, the glass slides were washed
once with sodium dodecylsulfate (0.1%) and twice with distilled
water, and were then incubated for 5 min with sodium borohydride
(50 mg NaBH4, Fluka, Switzerland) solution in PBS (15 mL)/ethanol
(5 mL, 100%) and rinsed with water.[21]


After this step, the glass slides were glued to a mask with wells and
measurements were made on the SAF detection system. Cy5-dCTP
(3.3�10�7M, Amersham Biosciences Pa55021), dATP, dGTP, and dTTP
(3.3�10�6M, MBI Fermentas, Germany) were dissolved in Klenow
reaction buffer 10� (150 �L, 0.5M tris(hydroxymethyl)aminome-
thane-HCl, pH 7.5, 0.1M MgCl2, 0.1 mM dithiothreitol, 0.5 mgmL�1


bovine serum albumin). To start the reaction, one unit (unit defined
by supplier) of exonuclease-free Klenow fragment (Amersham
Biosciences 70057Y) was dissolved in Klenow reaction buffer
(10 �L) and the solution was added to the mixture in the well.


Hybridization : Fixation of the Seq1dCTP ssDNA to the surface and
preparation of the slide was performed as described above. Hybrid-
ization buffer (10 �L, Roche, hybridization buffer for PCR/DIG ELISA)
was added to the well and the measurement was started. Cy5-
labeled hybridization probe (10�7M, 150 �L, Microsynth, Switzerland;
for sequences, see Table 1) dissolved in hybridization buffer was then
added.
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Acceptor Specificity and Inhibition of the
Bacterial Cell-Wall Glycosyltransferase MurG
Haitian Liu, Thomas K. Ritter, Reiko Sadamoto, Pamela S. Sears, Min Wu,
and Chi-Huey Wong*[a]


A continuous fluorescence coupled enzyme assay was developed
to study the acceptor specificity of the glycosyltransferase
MurG toward different lipid I analogues with various substituents
replacing the undecaprenyl moiety. It was found that
most lipid I analogues are accepted as substrates and, amongst
these, the saturated C14 analogue exhibits the best activity. This
substrate was used to evaluate the inhibition activity of such


antibiotics as moenomycin, vancomycin, and two chlorobiphenyl
vancomycin derivatives. A vancomycin derivative with a chlorobi-
phenyl moiety on the aglycon section was identified as a potent
inhibitor of MurG.


KEYWORDS:


enzyme catalysis ¥ glycosyltransferases ¥ inhibitors ¥ lipids ¥
substrate specificity


Introduction


The bacterial cell-wall (peptidoglycan layer) provides strength
and rigidity to the cell envelope, which allows bacteria to live in a
hypotonic environment and gives them their characteristic
shape. Antibiotic-induced defects lead to cell lysis as a result of
the inability of the bacteria to cope with the internal osmotic
pressure. Several natural products have been identified to inhibit
different enzymes along the bacterial cell-wall biosynthesis
pathway (Figure 1). For instance, moenomycin inhibits trans-
glycosylase and vancomycin inhibits transpeptidase. This bio-
synthetic pathway thus provides an attractive target for anti-
biotics, as it has no counterpart in mammalian cells. However,
bacteria have acquired resistance to most current antibiotics,
including vancomycin, and this has seriously impacted our
ability to combat infectious diseases.[1] To further understand the
resistance mechanism at the molecular level and also to develop
new antibiotics, we are studying the key events in peptidoglycan
biosynthesis by using synthetic precursors and purified enzymes.


Bacterial cell-wall biosynthesis is a complex process that
includes two glycopeptide lipid intermediates : undecaprenyl-
pyrophosphyl-muramyl-pentapeptide (lipid I, 1) and undecap-
renyl-pyrophosphyl-muramyl-pentapeptide-GlcNAc (lipid II, 2).
Lipid I is formed from UDP-N-acetyl-muramyl-pentapeptide and
undecaprenyl phosphate by MraY translocase; the reaction takes
place on the cytoplasmic surface of the membrane. Lipid I then
reacts with UDP-GlcNAc, in a process catalyzed by MurG, to form
lipid II (Figure 1). Lipid II is subsequently polymerized and cross-
linked into peptidoglycan by transglycosylation and transpepti-
dation.[2] We previously reported the successful chemoenzymatic
synthesis of UDP-N-acetyl-muramyl-peptides, the substrates of
MraY translocase, and the application of this method to the
assembly of new bacterial architectures with a fluorescent probe
or sugar analogue displayed on the surface.[3, 4] Now we have
extended our interest into MurG, the last enzyme involved in the


intracellular peptidoglycan biosynthesis. A sensitive coupled
enzymatic assay for MurG has been developed to study the
acceptor specificity of this enzyme, and the study has led to the
identification of a simpler and better substrate that can be used
to develop MurG inhibitors.


Results and Discussion


To set up an efficient enzymatic assay to evaluate potential
inhibitors of MurG, we first need access to the natural substrate
lipid I, which has a C55 undecaprenyl lipid chain with a cis-allylic
pyrophosphate linkage to the sugar moiety. This long chain of
lipid I together with the allylic pyrophosphate linkage compli-
cates the synthesis, purification, and handling. Therefore, we
wish to find an analogue of lipid I that is active for this enzyme
and can be manipulated conveniently. Previous studies on this
subject have been reported in a qualitative manner and several
new substrates have been identified.[5, 6] We have further
extended the study to evaluate different potential substrates
and to determine their kinetic parameters. To determine whether
the double bond in the lipid chain is necessary, we synthesized
lipid I and the citronellol lipid I analogue 4 as well as other lipid I
analogues with simple saturated alkyl chains. We also synthe-
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sized a nitrophenol lipid I analogue 8 to study whether a lipid
chain is necessary at all (Scheme 1).


The first total synthesis of lipid I and the syntheses of several
analogues containing lipid chains with varying lengths and
double-bond geometries were recently reported.[5±7] We have
prepared lipid I by using the published procedure. The prepa-
ration of lipid I nitrophenol analogue 8 is shown in Scheme 2. We
coupled nitrophenol pyrophosphate derivative 11, generated in
situ by treating nitrophenol phosphate with diphenylchloro-
phosphate,[8] with sugar phosphate derivative 12. After depro-
tection, the lipid I nitrophenol analogue 8was obtained in nearly
quantitative yield. The syntheses of other lipid I analogues are
shown in Scheme 3. We treated different lipid alcohols with
2,2,2-tribromoethyl phosphoromorpholinochloridate to afford
the corresponding phosphotriester derivatives (13 ±17) in 80 ±
90% yield. The phosphoromorpholidate derivatives were then
obtained in high yields by selective removal of the 2,2,2-
tribromoethyl protecting group with zinc dust. Coupling the
phosphoromorpholidate derivatives directly with muramyl pen-


tapeptide monophosphate (12) by using 1H-tetrazole as a
catalyst gave the desired pyrophosphate derivatives. Finally
the lipid I analogues (3 ±7) were obtained following deprotec-
tion. It is noteworthy that the reported procedure for the
synthesis of phosphoromorpholidates with 2,2,2-tribromoethyl
phosphoromorpholinochloridate[9] has been adapted here to
prepare the pyrophosphate derivatives from lipid alcohols,
including the potentially unstable allylic pyrophosphate deriv-
atives, with good reproducibility and high yield.[10] By using this
method, a set of lipid I analogues containing lipid chains with
varying lengths, including citronellol, C4, C12 , C14 , and C20 alkyl
chains, was conveniently prepared.


MurG was previously purified from Escherichia coli by using a
cation-exchange step followed by size exclusion.[11] We added a
His6 tag to the C terminus of MurG and purified the enzyme with
Ni2� affinity chromatography. This one-step purification
yielded fully active MurG with greater than 95% purity, shown
as a single band around 38 kDa on a sodium dodecylsulfate
PAGE gel.[12]


Figure 1. Top: The pathway of bacterial cell-wall biosynthesis, highlighting the glycosyltransfer steps and their inhibitors. Bottom: Conversion of lipid I 1 into lipid II 2
catalyzed by MurG. GlcNAc�N-acetylglucosamine, UDP�uridine diphosphate.
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Scheme 1. Structures of lipid I (1) and various lipid I analogues.


A biotin-capture radioactive assay for MurG was developed for
monitoring the transfer of radioisotopic carbon from UDP-
[14C]GlcNAc to the biotin-labeled acceptor analogue, which is
captured by avidin affinity beads.[11] Recently, another radio-


Scheme 3. Reagents and conditions : a) 2,2,2-tribromoethyl phosphoromorpho-
linochloridate, pyridine, 80 ± 90%; b) Zn/tetrahydrofuran; c) 1H-tetrazole, pyridine,
12 ; d) NaOH, H2O, 1,4-dioxane, 80% (3 steps).


active assay that utilizes a dansylated lipid I analogue was
reported.[13] End-point assays such as those are cumbersome and
require radioisotopes. A continuous, nonradioactive assay would
be desirable for the high-throughput analysis and kinetic study
of this important enzyme in order to facilitate the discovery of
new inhibitors. We have thus developed a continuous fluores-
cence coupled enzyme assay for monitoring MurG activity. In this
assay, the formation of UDP is coupled to the decrease of NADH
by using the modified pyruvate kinase ± lactate dehydrogenase
coupled assay of Burnell and Whatley (Scheme 4).[14] By mon-
itoring the decrease of the fluorescence signal of NADH, MurG
activity can be measured.[15] Using this continuous fluorescence
coupled enzyme assay, we have determined the kinetic param-
eters of the lipid I analogues prepared above. The results are


summarized in Table 1. MurG ac-
cepts all of the lipid I analogues as
acceptors although there are big
differences in specific activity (kcat).
The Micahaelis constant (KM) values
are similar, around 20 ±50 �M. Ac-
ceptor analogues 5 ±7 with satu-
rated alkyl chains are better sub-
strates than the natural lipid I and
analogue 4 ; this indicates that the
double bond is not crucial for
recognition. Interestingly, analogue
8 with the nitrophenol moiety re-
placing the lipid chain is a good
substrate, which suggests that
the interaction of the lipid chain
with MurG is simply hydrophobic.
On the other hand, there is a
length requirement for the lipid
chain. It should be long enough to
interact hydrophobically with
MurG, since analogue 3 with a C4


alkyl chain is much less active than
Scheme 2. Reagents and conditions : a) diphenylchlorophosphate, N,N-diisopropylethylamine, CH2Cl2 ; b) pyridine,
CH2Cl2 ; c) NaOH, H2O, quantitative (3 steps).
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Scheme 4. Fluorescence coupled enzyme assay for MurG. NAD��nicotinamide
adenine dinucleotide, NADH� reduced nicotinamide adenine dinucleotide, PEP�
phosphoenolpyruvate, UTP� uridine triphosphate.


analogues 4 ±7 with longer lipid chains. Among analogues 3, 5,
and 6, the reactivity increases as the chain length increases.
Analogue 7 and the natural substrate lipid I are not as good as
analogues 5 and 6, probably due to solubility problems.
Recently, a synthetic lipid I analogue 9 (Scheme 1) containing a
tetraprenyl lipid chain was reported with KM� 53�6 �M and
kcat�837 min�1.[15] We used the lipid I analogue 6 as an efficient
substrate to test potential MurG inhibitors, because this
analogue is more synthetically acces-
sible and has the best activity among
the analogues we prepared.


For development of novel antibiot-
ics targeting MurG, we started the
inhibitor test with several natural anti-
biotics including moenomycin (18)
and vancomycin (19 ; Scheme 5). Both
are inhibitors of the bacterial cell-wall
biosynthesis pathway. Moenomycin,
acting as a substrate analogue or
possibly as a transition-state ana-
logue, is believed to compete with
lipid II for binding to the active site of
transglycosylase.[16] Vancomycin, on
the other hand, functions by binding
to the C-terminal sequence D-Ala-D-Ala
of lipid II, thereby impeding further
processing of the monomeric unit into
peptidoglycan.[17, 18] However, vanco-
mycin and moenomycin cannot pen-
etrate the bacterial cell membrane, so
they don't encounter MurG in vivo
because MurG localizes on the cyto-
plasmic side of the cell mem-
brane.[19, 20] We reasoned that they
probably would function as inhibitors
of MurG in vitro since moenomycin
might interfere with the enzyme and
vancomycin would bind to the pep-
tide portion of lipid I as well. We
therefore used these two antibiotics
to test the effectiveness of our new


assay. Preliminary results showed that moenomycin and vanco-
mycin did inhibit MurG at low micromolar concentrations.


Encouraged by these results, we further evaluated two
chlorobiphenyl derivatives of vancomycin (Scheme 5). Previous
studies have shown that a mono-N-aryl vancomycin derivative
with the aryl group attached to the vancosamine amino moiety
exhibits stronger antibacterial activity than the parent molecule
and the N-aryl derivatives functionalized on the N-methyl leucine
moiety.[21] In contrast, in the present MurG assay, we have found
that derivative 21 with the chlorobiphenyl moiety substituted at


Table 1. MurG acceptor specificity.


Acceptor/analogue KM [�M] kcat [min�1] kcat/KM [�M�1 min�1]


3 22� 5 2� 0.1 0.09
1 20� 6 11� 2 0.55
4 47� 11 34� 5 0.72
4[a] 553� 125 134 0.24
8 24� 6 19� 3 0.79
7 52� 14 80� 9 1.54
5 29� 8 130� 16 4.40
6 39� 9 180� 13 4.62
9[a] 53� 6 837 15.8


[a] See ref. [16] for assay conditions.


Scheme 5. Structures of moenomycin (18), vancomycin (19), and two vancomycin derivatives.
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the N-methyl leucine residue is a better MurG inhibitor than
vancomycin or derivative 20 where the chlorobiphenyl moiety is
attached to the vancosamine group. These results suggest that,
although both vancomycin and its derivatives inhibit the MurG-
catalyzed reaction, they have other interactions with the
substrate and/or the enzyme in addition to binding to the D-
Ala-D-Ala moiety of the substrate. We have determined the IC50


values of the four compounds (Table 2). The vancomycin
derivative 21 shows the best inhibition activity with an IC50


value of 1.25 �M. Compound 21 is greater than ten times as
active as the parent vancomycin.


The fact that moenomycin and vancomycin, two molecules
with distinct structures, inhibit MurG implies that MurG interacts
with some moiety in both molecules. Modification of vancomy-
cin yielded a better inhibitor, derivative 21, which is encouraging
as optimization of inhibitors based on the framework of
vancomycin is feasible. The search for inhibitors from moeno-
mycin derivatives and the investigation of the inhibition
mechanisms of both moenomycin and vancomycin derivatives
are currently underway. This study also suggests that moeno-
mycin and vancomycin derivatives may be found that can act as
inhibitors of MurG and may enter the cell and function in vivo.


In summary, we have developed a sensitive coupled fluo-
rescence assay for MurG to investigate its acceptor specificity
and we have found an analogue with a C14 alkyl chain replacing
the undecaprenyl group to act as an efficient substrate. We have
also found that a vancomycin derivative with N-chlorobiphenyl-
N-methyl leucine is a potent inhibitor of MurG. The MurG
enzymatic assay with the alternative substrate should be useful
for development of new inhibitors against this enzyme that may
be potential antibiotics.


Experimental Section


Purification of E. coli MurG : The gene of MurG was cloned from
E. coli genomic DNA and inserted into vector pET26(b) (Novagen). A
His6 tag was added to the C terminus. After expression, the enzyme
was purified by Ni2� affinity chromatography according to the
manufacturer's protocol (Qiagen).


Purification of moenomycin (18): A procedure has been developed
for the purification of moenomycin from animal feed. Flavomycin
complex (10 kg; Walco, CA) was extracted with MeOH/H2O (1:5, 12 L)
in a 50-liter carboy on an Innova2000 platform shaker (65 rpm) for
22 days. The extract was decanted and the liquid was extracted with
CH2Cl2 . The aqueous layer was centrifuged at 8000 rpm for 20 min.
The resulting clear brown solution was separated from the debris


and applied to a column packed with Amberlite XAD-8 resin (20 ±
60 �m, 30� 740 mm, about 500 mL of sample was applied for each
run). The column was washed with water (800 mL) and the
moenomycin complex was eluted with methanol (1 L). The fractions
containing the moenomycin complex were pooled, concentrated,
and lyophilized. The moenomycin complex was further purified by
flash column chromatography (silica gel; 2-propanol/2N NH4OH
(75:25)) to give the moenomycin C complex (C1, C3, and C4; 0.5 g;
Rf� 0.45, 2-propanol/2N NH4OH (70:30)), moenomycin A (0.49 g,
contaminated with moenomycin A12, ratio of A:A12�7:1; HR MALDI
MS: calcd for moenomycin A, C69H108N5O34P: 1580.6541 [M�H]� ;
found: 1580.6626; Rf� 0.39, 2-propanol/2N NH4OH (70:30)), and an
unidentified compound which is not among the reported moeno-
mycin family (0.28 g; ESI MS: 1487 [M�H]� ; Rf�0.33, 2-propanol/2N


NH4OH (70:30)).


Synthesis of lipid I nitrophenol analogue 8 : Nitrophenol phosphate
bis(cyclohexylammonium) salt (100 mg, 0.23 mmol) was dissolved in
CH2Cl2 (1 mL). N,N-diisopropylethylamine (0.1 mL) and diphenyl-
chlorophosphate (0.07 mL, 0.35 mmol) were added to this solution at
�10 �C, and the reaction mixture was warmed to room temperature
and stirred for 2 h. The reaction was quenched with methanol (3 mL)
and the solvents were evaporated. The residue (the crude nitro-
phenol diphosphate 11) was coevaporated with dry toluene three
times and dissolved in CH2Cl2 (1 mL). A portion of the solution
(0.2 mL) was mixed with a solution of muramyl pentapeptide
phosphate 12 (0.03 mmol) in CH2Cl2 (0.3 mL), and pyridine (40 �L)
was added to the solution. The reaction mixture was stirred for
2 days and then the solvents were evaporated. Water (0.7 mL) and 2N


NaOH (130 �L) were added and the mixture was stirred for 30 min.
The aqueous solution was washed with diethyl ether once and
loaded on a Bio-Gel P-4 column, which was eluted with 100 mM aq
NH4HCO3. After lyophilization of the corresponding fraction, com-
pound 8 (45 mg) was obtained as a white powder in nearly
quantitative yield (calculated from compound 12) ; 1H NMR (D2O,
600MHz): �� 8.22 (d, J� 8.76 Hz, 2H), 7.34 (d, J� 8.76 Hz, 2H), 5.39
(m, 1H), 4.36 ± 4.12 (m, 7H), 4.11 (m, 1H), 3.82 (m, 1H), 3.74 (m, 2H),
3.64 (t, J� 9.18 Hz, 1H), 3.54 (t, J�9.66 Hz, 1H), 2.92 (t, J� 7.02 Hz,
2H), 2.27 (m, 2H), 2.11 (m, 1H), 2.00 (s, 3H), 1.72 (m, 2H), 1.61 (m, 2H),
1.36 (m, 14H) ppm; ES MS (negative): calcd for C37H58N8O23P2: 1043
[M�H]� ; found: 1043.


Citronellol phosphotriester derivative 13 : Citronellol (0.9 g,
5.8 mmol) was dissolved in anhydrous pyridine (3 mL), and 2,2,2-
tribromoethyl phosphoromorpholinochloridate (2.9 g, 6.4 mmol)
was added under Ar. After stirring for 24 h at room temperature,
the mixture was diluted with CH2Cl2 (150 mL) and washed with brine
twice. The organic layer was dried and concentrated in vacuo.
Purification by flash column chromatography on silica gel eluting
with CH2Cl2/EtOAc (3:1) yielded compound 13 (2.79 g, 85%) as a
colorless syrup; Rf�0.5 (CH2Cl2/EtOAc (3:1)) ; 1H NMR (CDCl3,
600MHz): �� 5.08 (t, J� 6.12 Hz, 1H), 4.69 ± 4.62 (m, 2H), 4.11 (m,
2H), 3.70 (m, 4H), 3.25 (m, 4H), 2.00 (m, 2H), 1.79 (m, 1H), 1.68 (s, 3H),
1.60 (s, 4H), 1.55 (m, 1H), 1.37 (m, 1H), 1.23 (m, 1H), 0.93 (dd, J�
2.22 Hz, 3H) ppm; 13C NMR (CDCl3, 100MHz): �� 131.41, 124.40,
78.81, 66.89, 66.85, 65.82, 65.78, 44.70, 37.58, 37.55, 37.35, 29.03,
25.70, 25.31, 19.30, 17.65 ppm; ES MS (positive): calcd for
C16H29Br3NO24P: 568 [M�H]� ; found: 568.


Compound 14 : Synthesized by a similar method to compound 13 ;
Rf� 0.7 (neat EtOAc); 1H NMR (CDCl3, 400MHz) �� 4.52 (m, 2H), 3.98
(m, 2H), 3.59 (m, 4H), 3.12 (m, 4H), 1.59 (m, 2H), 1.32 (m, 2H), 0.83 (t,
J�7.60 Hz, 3H) ppm; 13C NMR (CDCl3, 150MHz): �� 78.67, 67.05,


Table 2. IC50 values of MurG inhibitors.


Compounds IC50 [�M]


18 10.6
19 15.7
20 21.4
21 1.25
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67.01, 66.74, 66.71, 44.56, 39.43, 32.50, 18.80, 13.66 ppm; ES MS
(positive): calcd for C10H19Br3NO4P: 486 [M�H]� ; found: 486.


Compound 15 : Synthesized by a similar method to compound 13 ;
Rf� 0.3 (hexanes/EtOAc (7:3)) ; 1H NMR (CDCl3, 400MHz): ��4.52 (m,
1H), 3.92 (m, 2H), 3.52 (m, 4H), 3.12 (m, 4H), 1.58 (m, 1H), 1.25 ± 1.12
(m, 20H), 0.75 (t, J�6.20 Hz, 3H) ppm; 13C NMR (CDCl3, 150MHz): ��
78.58, 67.25, 67.20, 66.65, 66.61, 44.48, 36.99, 31.66, 29.98, 29.38,
29.30, 29.25, 29.09, 28.88, 25.28, 22.44, 13.93 ppm; ES MS (positive):
calcd for C18H35Br3NO4P: 598 [M�H]� ; found: 598.


Compound 16 : Synthesized by a similar method to compound 13 ;
Rf� 0.5 (hexanes/EtOAc (7:3)) ; 1H NMR (CDCl3, 400MHz): ��4.63
(ddd, J� 4.68, 11.44, 24.36 Hz, 2H), 4.01 (m, 2H), 3.56 (m, 4H), 3.13 (m,
4H), 1.61 (m, 2H), 1.26 (m, 22H), 0.77 (t, J�6.48 Hz, 3H) ppm;
13C NMR (CDCl3, 100MHz): �� 78.68, 67.31, 67.25, 66.75, 66.70, 44.58,
37.20, 31.85, 30.19, 29.62, 29.57, 29.49, 29.45, 29.28, 29.07, 25.46,
22.62, 14.00 ppm; ES MS (positive): calcd for C20H39Br3NO4P: 626 [M�
H]� ; found: 626.


Compound 17: Synthesized by a similar method to compound 13 ;
Rf� 0.3 (hexanes/EtOAc (2:1)) ; 1H NMR (CDCl3, 400MHz): ��4.70
(ddd, J� 3.52, 11.44, 23.76 Hz, 2H), 4.32 (m, 2H), 3.69 (m, 4H), 3.24 (m,
4H), 1.73 (m, 2H), 1.25 (m, 34H), 0.89 (t, J�6.74 Hz, 3H) ppm;
13C NMR (CDCl3, 150MHz): �� 78.79, 67.46, 67.41, 66.87, 66.83, 44.67,
37.12, 31.87, 30.18, 29.64, 29.60, 29.51, 29.46, 29.31, 29.08, 25.46,
22.63, 14.08 ppm; ES MS (positive): calcd for C26H51Br3NO4P: 710 [M�
H]� ; found: 710.


Compound 4 : Citronellol phosphotriester derivative 13 (50 mg,
0.09 mmol) was dissolved in tetrahydrofuran (5 mL) and Zn powder
(100 mg) was added in one portion. The suspension was stirred
overnight. Zn dust was removed by celite filtration and the solution
was concentrated in vacuo. The crude syrup was used for the next
reaction without further purification.


Muramyl pentapeptide phosphate 12 (304 mg, 0.173 mmol) and the
above compound (103 mg) in dry pyridine (4 mL) were coevaporated
three times. 1H-tetrazole (40 mg, 0.5 mmol) and anhydrous pyridine
were added and the mixture was stirred for 2 days at room
temperature. The reaction was terminated by adding water
(200 �L) and the solvent was evaporated. The solid was dissolved
in a mixed solution of 2N NaOH (1.6 mL) and water (3 mL) and stirred
at room temperature for 1 h. The aqueous solution was washed with
diethyl ether once and loaded on Bio-Gel P-4 column, which was
eluted with 100 mM aq NH4HCO3. After lyophilization of the
corresponding fraction, a white powder was obtained. The powder
was dissolved in water (1 mL), filtered, and purified by reverse-phase
HPLC on a Vydac 218TP C18 column (10�250 mm, flow rate�
4 mLmin�1, gradient elution of 100:0 to 30:70 A/B over 30 min
where A� 0.05M aq NH4HCO3 and B�MeCN). The retention time of
the desired product was 15 min. Lyophilization of the column
fractions afforded pure compound 4 (26 mg, 80%) as a white
powder. Spectral analysis was in agreement with ref. [5].


Compound 3 : Synthesized by a similar method to compound 4 ; the
compound was purified by reverse-phase HPLC on a Vydac
218TP C18 column (10� 250 mm, flow rate�4 mLmin�1, gradient
elution of 100:0 to 30:70 A/B over 30 min where A� 0.05M aq
NH4HCO3 and B�MeCN). The retention time of the desired product
was 5 min; 1H NMR (D2O, 600MHz): �� 5.37 (m, 1H), 4.25 (m, 1H),
4.19 ± 4.15 (m, 5H), 4.05 (m, 1H), 3.87 (m, 3H), 3.80 ±3.70 (m, 3H),
3.58 (t, J� 9.66, 9.18 Hz, 1H), 2.93(t, J�7.44 Hz, 2H), 2.25 (t, J� 7.44,
7.50 Hz, 2H), 2.10 (m, 1H), 1.93 (s, 3H), 1.83 (m, 1H), 1.73 (m, 2H), 1.61
(m, 2H), 1.55 (m, 2H), 1.50 (m, 1H), 1.37(d, J�7.02 Hz, 3H), 1.33 (d, J�
7.02 Hz, 3H), 1.29 (m, 9H), 0.83 (t, J�7.00 Hz, 3H) ppm; HR FTMS


(negative): calcd for C35H63N7O21P2: 978.3479 [M�H]� ; found:
978.3441.


Compound 5 : Synthesized by a similar method to compound 4 ; the
compound was purified by reverse-phase HPLC on a Vydac 208TP C8
column (4.6� 250 mm; flow rate� 1 mLmin�1; gradient elution of
100:0 to 50:50 A/B over 50 min where A�0.05M aq NH4HCO3 and
B�MeOH). The retention time of the desired product was 6 min;
1H NMR (D2O, 500MHz): ��5.41 (m, 1H), 4.30 (m, 1H), 4.23 ± 4.14 (m,
7H), 4.11 (m, 2H), 3.90 (m, 3H), 3.84 ± 3.76 (m, 3H), 3.60 (t, J� 9.55,
9.15 Hz, 1H), 2.97 (t, J� 7.35, 7.70 Hz, 2H), 2.27 (t, J� 7.35 Hz, 2H), 2.13
(m, 1H), 1.97 (s, 3H), 1.90 (m, 1H), 1.76 (m, 2H), 1.65 (m, 2H), 1.60 (m,
2H), 1.50 (m, 1H), 1.42(d, J�7.30 Hz, 3H), 1.38 (d, J� 6.95 Hz, 3H),
1.34 (dd, J� 2.60, 2.20 Hz, 7H), 1.24 (m, 13H), 0.84 (t, J� 7.44 Hz,
3H) ppm; HR FTMS (negative): calcd for C43H79N7O21P2: 1090.4731
[M�H]� ; found: 1090.4709.


Compound 6 : Synthesized by a similar method to compound 4 ; the
compound was purified by reverse-phase HPLC on a Vydac
218TP C18 column (10� 250 mm; flow rate�4 mLmin�1; gradient
elution of 100:0 to 20:80 A/B over 27 min and 20:80 to 0:100 A/B
over 20 min where A�0.05M aq NH4HCO3 and B�MeCN). The
retention time of the desired product was 5 min; 1H NMR (D2O,
600MHz): �� 5.31 (m, 1H), 4.26 ± 4.00 (m, 7H), 3.86 ±3.69 (m, 7H),
3.57 (t, J� 9.24 Hz, 1H), 2.92 (t, J� 7.50 Hz, 1H), 2.23 (t, J� 7.44 Hz,
2H), 2.09 (m, 1H), 1.92 (s, 3H), 1.82 ± 1.67 (m, 3H), 1.61 ± 1.54 (m, 4H),
1.24 (m, 36H), 0.78 (t, J�6.60 Hz, 3H) ppm; HR FTMS (negative):
calcd for C45H83N7O21P2: 1118.5093 [M�H]� ; found: 1118.5044.


Compound 7: Synthesized by a similar method to compound 4 ; the
compound was purified by reverse-phase HPLC on a Vydac 208TP C8
column (4.6� 250 mm; flow rate� 1 mLmin�1; gradient elution of
90:10 A/B for 10 min, 90:10 to 40:60 A/B over 20 min, and 40:60 to
0:100 A/B over 20 min where A� 0.05M aq NH4HCO3 and B�MeOH).
The retention time of the desired product was 24 min; 1H NMR (D2O,
500MHz): �� 5.51 (dd, J�7.50, 4.38 Hz, 1H), 4.32 ± 4.22 (m, 6H), 4.15
(m, 1H), 3.97 (m, 3H), 3.87 (m, 2H), 3.53 (t, J�9.18 Hz, 1H), 2.93 (m,
2H), 2.30 (m, 3H), 2.00 (s, 3H), 1.46 (d, J� 7.44 Hz, 3H), 1.42 (d, J�
6.54 Hz, 3H), 1.39 (m, 9H), 1.23 (m, 31H), 0.90 (t, J� 7.20 Hz, 3H) ppm;
HR FTMS (negative): calcd for C51H95N7O21P2: 1202.5983 [M�H]� ;
found: 1202.6066.


Fluorescence coupled enzyme assay : Reactions were carried out in
a quartz cuvette in 200-�L volume, and the decrease in NADH
fluorescence was monitored at 460 nm by using a Hitachi F-2000
spectrometer. Each reaction contained MurG reaction buffer (50 mM


2-[4-(2-hydroxyethyl)-1-piperazinyl]ethanesulfonic acid (pH 7.9),
5 mM MgCl2), 15 mM KCl, 0.4 mM phosphoenolpyruvate, 20 UmL�1


of lactate dehydrogenase, 20 UmL�1 of pyruvate kinase, 33 �M NADH,
167 �M UDP-GlcNAc, an appropriate amount of lipid I analogue, and
enzyme (1 ± 2 �L). All of the components except for NADH, the lipid I
analogues, and MurG were premixed in an eppendorf tube and
incubated at room temperature for 15 min. NADH and the substrate
were added and the reaction mixture was incubated at 37 �C for
10 min. MurG was then added and the fluorescence was monitored.


IC50 value determination : For measurement of IC50 values, four
different concentrations of inhibitors were tested at fixed concen-
trations of compound 6 (20 �M) and UDP-GlcNAc (167 �M). The rate
data were plotted as reciprocal rate versus inhibitor concentration
and the X-intercept is the � IC50 value.
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Chemical Restriction: Strand Cleavage by Am-
monia Treatment at 8-Oxoguanine Yields Bio-
logically Active DNA


Christoph Meyer,[a] Dominik Meyer,[a] Thomas A. Bickle,[b] and Bernd Giese*[a]


Cleavage of DNA single and double strands at an 8-oxoguanine-
containing nucleotide occurs in 90% yield if the modified
oligonucleotide is treated with NH3 and O2 at 60 �C. The mechanism
of this oxidative cleavage reaction was studied, and the reaction
was applied to the generation of single-stranded overhangs on
PCR-amplified DNA that can be ligated. As an example, the lac Z�
gene was amplified by PCR with 8-oxoguanine modified primers,
restricted by ammonia treatment, ligated into a plasmid vector,


transformed in Escherischia coli cells, and screened for blue
colonies. This method guarantees efficiencies comparable to the
standard cloning procedure with restriction enzymes, and it allows
the design of any 3�-overhang independent of the sequence of the
cloned DNA.


KEYWORDS:


chemical restriction ¥ DNA cleavage ¥ nucleotides ¥ polymer-
ase chain reaction


Introduction


Cloning in plasmid vectors is a useful technique for expressing
DNA fragments in bacterial cells.[1] Plasmid DNA is cleaved with
restriction enzymes and joined with the foreign DNA fragment.
The resulting recombinant plasmid is then used to transform
bacteria. In a standard procedure, the DNA fragment is amplified
by PCR by using primers that include recognition sites for
restriction enzymes.[2] In this manner, DNA fragments with
corresponding single-stranded overhangs (sticky ends) are
produced and ligated with the plasmid vector (Scheme 1A).


An alternative strategy involves the generation of sticky ends
on DNA fragments by an enzymatic strand cleavage reaction at a
modified nucleotide, which can be incorporated into DNA
fragments by PCR with modified primers.[3] This approach results
in the formation of double-stranded DNA fragments modified
near their 5�-ends. After enzymatic cleavage at the modifications,
3�-overhangs are obtained. We now present a cloning method
that includes a chemical strand cleavage reaction and uses
8-oxoguanine as the modified nucleotide (Scheme 1B).


Chemical DNA Strand Cleavage at
8-Oxoguanine


DNA strands that contain an 8-oxoguanine moiety as a modified
nucleotide can be partly cleaved at the modified position with
piperidine or ammonia.[4] However, the cleavage reactions
described in the literature give low yields and/or were per-
formed at high temperatures. In order to gain DNA that can be
successfully ligated, the cleavage has to occur at relatively low
temperatures. We used the modified DNA strand 1 and


compared different basic cleavage reagents (1 M piperidine,
35% NH3, 0.1 M Na2CO3, 0.1 M NaOH). We found that 35% NH3 is
by far the most efficient cleavage reagent of those tested
(Scheme 2). Nevertheless, the cleavage yield after treatment with
35% NH3 for 1 h at 60 �C was too low (33%) to be useful. The
yield of the cleaved nucleotide 3 after 1 h was increased to 65%
by adding O2 to the aqueous solution, and after 14 h the
cleavage occurred with 90% yield. At 90 �C a cleavage yield of
80% was already reached after 1 h, but at this higher temper-
ature the DNA products could not be successfully ligated (see
below).


The influence of O2 clearly shows that the cleavage at the
8-oxoguanine base involves an oxidation reaction. The mecha-
nism could be similar to the Ir(IV)-induced cleavage studied in
detail by C. Burrow,[5±7] which starts with an electron transfer step
and introduction of the OH group at the 5� position of
8-oxoguanine (1�4, Scheme 3). Subsequent ring opening and
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Scheme 1. The procedure of the standard cloning method (A) starts with PCR of
the DNA fragment with primers containing noncomplementary regions that
include recognition sites for restriction enzymes (SphI and BsmI). Enzymatic
digestion then produces sticky ends. In the alternative method (B) the PCR primers
are modified with X (8-oxoguanine). Base Y (cytosine or adenine) is incorporated
opposite X. Chemical restriction (ammonia, O2) leads to the formation of single-
stranded overhangs.


Scheme 2. Cleavage of oligonucleotide 1 at the 8-oxoguanine position. a) NH3,
O2, H2O; 60 �C, 14 hrs.


decarboxylation leads to hydantoin 5, which is in equilibrium
with the amino imidazoline derivative 6.[7] Interestingly, when we
used O2 instead of an IrIV species as the oxidant, two


Scheme 3. Mechanism of the cleavage of oligonucleotide 1 at the 8-oxoguanine
position with NH3 and O2. a) O2; b) H2O, NH3, �CO2; c) H2O, NH3; d ± g) NH3. M�
molecular mass of 1.


intermediates with the same masses (MALDI-TOF) as 5 and 6
[M� 10] were detected by HPLC.


As described for an analogous imidazolinone,[8] hydrolysis of 6
leads to the urea derivative 7, with the mass [M� 107], which we
observed as a third intermediate. As a result of its hemiaminal-
like structure, compound 7 is hydrolyzed under basic conditions
to form the abasic deoxyribose 8, which could not be observed
because it undergoes rapid elimination to give the strand-
cleavage products 3 and 9. Oligonucleotide 3 is stable and was
formed in up to 90% yield. In analogy to the observation of
Torres,[4] �,�-unsaturated aldehyde 9 could be detected as its
Michael adduct 10. Intermediates 9 and 10, which might be in
equilibrium,[9] were cleaved under basic conditions and afforded
the stable oligomer 2. As is to be expected from this mechanism,
the yield of 2 was about 10% lower than that of oligomer 3. The
time courses for the concentration of educt 1, products 2 and 3,
and intermediate 10 were measured and are shown in Figure 1.


Additional strand scission experiments demonstrated that the
cleavage reaction at 8-oxoguanine (60 �C, O2, saturated NH3) is
not dependent on the length or the sequence of the modified
oligonucleotide or on whether single or double strands are used.


Cloning with Chemical Restriction


The lac Z� gene on plasmid pUC19 was amplified as a 653-base
DNA fragment by PCR with modified primers that contained a
single 8-oxoguanosine residue. As a control, the amplification
was performed with unmodified primers, which led to the same
sticky ends after an enzymatic restriction (Scheme 1). The
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Figure 1. Time course of the hot ammonia treatment (60 �C, O2) of the modified
(X� 8-oxoguanine) oligonucleotide 5�-CGCGXTACTGCT (1; crosses). Formation of
3�-phosphate 2 (triangles) and 5�-phosphate 3 (squares), as well as the
concentration change of the 3�-�-amino-�-hydroxyaldehyde 10 (circles).


polymerases Deep Vent exo�[10] and Pwo[11] were applied to both
modified and unmodified primers. All four amplifications led to
the formation of similar amounts of products. The modified PCR
products were restricted by treatment with ammonia under
various conditions, the insert DNA was ligated with the plasmid
vector, and the recombinant plasmid was transformed in
Escherichia coli cells. In the control experiment the unmodified
PCR products were restricted by enzymes (SphI and BsmI),
ligated, and transformed.


An agarose gel with restricted insert DNA and plasmid vector
is shown in Figure 2. Pure DNA was obtained in similar amounts
after both enzymatic and chemical restriction, and the actions of


Figure 2. Agarose gel of restricted insert DNA produced by using two thermo-
stable polymerases: l� reference ladder ; a�Deep Vent exo�, unmodified
primers ; b�Deep Vent exo�, modified primers; c� Pwo, unmodified primers ; d�
Pwo, modified primers ; e�plasmid vector.


both polymerases led to insert DNA bands with similar
intensities. The numbers of blue colonies (colonies where the
lac Z� gene has been successfully expressed) after ligation,
transformation, and cell growth are presented in Table 1.


The efficiencies of cloning with chemical restriction by
treatment with ammonia (60 �C, O2, 14 h) were 81% (Deep Vent
exo�) and 85% (Pwo), respectively, relative to the standard
method with restriction enzymes and unmodified DNA. The
cloning yields decreased if air was used instead of O2, and if the
chemical restriction was carried out at 90 �C instead of 60 �C


(Figure 3). If only the plasmid vector was treated with ligase, or
PCR products obtained without ammonia restriction were
ligated, no blue colonies were obtained.


Figure 3. Numbers of blue colonies (n) after cloning under different conditions
during treatment with ammonia (Deep Vent exo�): a) 60 �C, 14 h, oxygen
saturation, purified by membrane filtration (Method B); b) 60 �C, 14 h, oxygen
saturation, purified by ethanol precipitation (Method C); c) 60 �C, 14 h, oxygen
saturation, annealed and purified by membrane filtration (Method A); d) 60 �C,
14 h, air, purification method A; e) 60 �C, 5 h, oxygen saturation, purification
method A; f) 90 �C, 1 h, air, purification method A.


In order to check the construction of the recombinant
plasmids as intended, sequencing was performed across the
ligation sites. All analyzed plasmids isolated from blue colonies
were correctly ligated. Information on the polymerase action at
the modified nucleotide was obtained by analysis of the
nucleotide located opposite the 8-oxoguanine residue after
PCR amplification. If cytosine was detected, the correct nucleo-
tide had been incorporated. However, if adenine was present in
the sequence, the polymerase had produced the well-described
8-oxoguanine:adenine base pair[12, 13] and, despite the mismatch
in the sticky ends, a ligation must have occurred. At the BsmI site,
all 23 sequenced plasmids contained a cytosine residue in the
relevant position. A different result was obtained at the SphI site.
At this site, 90% of the sequences recorded were mutated if


Table 1. Cloning efficiencies (blue colonies) and mutations observed opposite
an 8-oxoguanine residue (SphI site) when modified primers were used.


Polymerase Primers Blue
colonies[a]


Adenine
(mutated)[b]


Cytosine
(not mutated)


Deep Vent exo� modified 3370 12 1
Deep Vent exo� unmodified 4160
Pwo modified 4310 4 6
Pwo unmodified 5060


[a] Number of blue colonies obtained after chemical restriction (modified
primers) by the standard method with restriction enzymes (unmodified
primers), respectively. [b] Observed mutations opposite the 8-oxoguanine
residue (SphI site, 13 experiments with Deep Vent exo�, 10 experiments
with Pwo). DNA sequencing was carried out on an ABI Prism 310 analyzer
after PCR amplification.
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Deep Vent exo� was used in PCR, whereas an adenine residue
was detected in 40% of the sequences if Pwo was applied
(Table 1, Scheme 1).


The incorporation of adenine opposite 8-oxoguanine by
polymerases has been described in several reports.[12±16] In
primer extension assays, the mutation frequency was deter-
mined to be between 13% for E. coli DNA Polymerase I and 99%
for human DNA Polymerase �.[14] In other studies, 8-oxoguanine
modified plasmids were transformed in living cells. Mutation
frequencies between 4 and 6% were measured in mammalian
cells,[15, 16]whereas in E. coli cells only 1% mutation was
found.[16, 17] The lower mutation frequencies in living cells
compared to the primer extension experiments can be explained
by the presence of repair systems.[18]


Our results indicate that polymerases Deep Vent exo� and
Pwo generate G:C to T:A transversions at an 8-oxoguanine
residue (Table 1). Several plasmids mutated at the SphI site were
sequenced. In agreement with an earlier report,[19] this result
shows that one-mismatch ligations with four-nucleotide single-
stranded overhangs can occur. Different findings were obtained
at the BsmI site, where we could not detect any mutations.
Presumably, a mismatch in the two-nucleotide single-stranded
overhang would prevent successful ligation and therefore only
the correctly amplified sticky ends were selected. The data in
Table 1 also show that the mutation frequencies with Deep Vent
exo� and Pwo are very different from one another. An
explanation for the high number of adenine incorporations by
Deep Vent exo� might be its lack of a 3�,5�-exonuclease unit. The
proofreading activity carried out by this unit is known to reduce
the formation of mutations during DNA polymerization.[20, 21] The
fact that polymerases Deep Vent exo� and Pwo incorporate both
cytosine and adenine residues opposite 8-oxoguanine should
not affect the applicability of the presented method because the
mutations occur outside the coding region of the cloned gene.


Conclusion


Cloning efficiencies achieved by using chemical restriction at an
8-oxoguanine site are similar to those obtained by standard
cloning with restriction enzymes and unmodified DNA strands.
This chemical method offers an alternative to the standard
method, by which only certain 3�-overhangs can be generated
by restriction enzymes. A further advantage is that the sequence
between the two restriction sites does not have to be considered
in the choice of the strategy because cleavage will occur only at
the modified nucleotide. The chemical method also guarantees
cleavage very close to the end of a double-stranded DNA
molecule. Therefore, primers containing 8-oxoguanine can be
shorter than those used in the enzymatic method.


Experimental Section


Oligonucleotide synthesis : Oligodeoxyribonucleotides were syn-
thesized in a DNA synthesizer (PerSeptive Biosystems, Expedite) by
using standard phosphoramidite chemistry. For the 8-oxoguanosine
modified oligonucleotides 8-oxy-5�-dimethoxytrityl-N2-isobutyryl-2�-


deoxyguanosine-O-3�-(2-cyanoethyl-N,N-diisopropyl)phosphorami-
dite (Glen Research) was used. The final deprotection and cleavage
step was performed over 8 h at 55 �C in aqueous ammonia (35%)
containing 2-mercaptoethanol (0.25 M) to avoid oxidative degrada-
tion of the 8-oxoguanosine site.


DNA strand cleavage at 8-oxoguanosine : Oxygen was bubbled
through the oligonucleotide solution for 5 min prior to treatment
with ammonia, then the oligonucleotide 5�-CGCGXTACTGCT (4 ;
0.50 nmol; X� 8-oxoguanosine) was dissolved in aqueous ammonia
(300 �L, 35% solution). The reactions were performed at various
temperatures (60 ± 90 �C) and with different reaction times (1 ± 14 h).
After evaporation of the liquid, the reaction mixture was resolved in
nanopure water and analyzed by reversed phase HPLC. Identification
of the products was performed by MALDI-TOF mass spectrometry.


PCR : A solution containing each primer (30 pmol), dATP, dCTP, dGTP,
and TTP (20 nmol each; TP� triphosphate), pUC19 DNA (50 ng; New
England Biolabs), and Deep Vent exo� (1.2 units; New England
Biolabs) or Pwo polymerase (3.0 units; Roche) in reaction buffer (total
volume 50 �L; Deep Vent exo� : 20 mM tris(hydroxymethyl)amino-
methane (Tris)-HCl, 10 mM KCl, 10 mM (NH4)2SO4, 2.0 mM MgSO4, 0.1%
Triton X-100, pH 8.8; Pwo: 10 mM Tris-HCl, 100 mM KCl, 60 mM


(NH4)2SO4, 2.0 mM MgCl2, pH 8.5) was incubated at 1) 95 �C for 45 s;
2) 55 �C for 55 s; 3) 72 �C for 2 min; steps (1) to (3) were repeated
25 times. The unmodified oligonucleotides 5�-TTGAATCATGCATGC-
CAGCTTGTCTGTAAGCGG and 5�-AATTTGATCGAATGCGTCAGTGAGC-
GAGGAAGCG, as well as the modified oligonucleotides 5�-CATXC-
GAGCTTGTCTGTAAGCGG (X�8-oxoguanosine) and 5�-CXTCAGT-
GAGCG-AGGAAGCG were used for PCR.


Enzymatic restriction : A mixture of unmodified PCR product (50 �L),
SphI (10 units; New England Biolabs) and BsmI (10 units; New
England Biolabs) in reaction buffer (total volume 100 �L; 50 mM NaCl,
10 mM Tris-HCl, 10 mM MgCl2, 1.0 mM dithiothreitol, pH 7.9) was
incubated at 37 �C for 2 h. The sample was then kept at 65 �C for
another 2 h. Purification was performed by preparative agarose gel
electrophoresis.


Chemical restriction : Aqueous ammonia (300 �L, 35%) was added
to the modified PCR product (20 �L) and oxygen was bubbled
through the mixture for 5 min. Thereafter, the sample was kept at
60 �C for 14 h. Purification was carried out by Method A, B, or C.


Method A: The ammonia was evaporated and the volume of the
mixture reduced to 100 �L. Annealing buffer (total volume 200 �L;
1.0 M NaCl, 100 mM KH2PO4, pH 6.0) was added. Annealing was
performed by heating the sample to 95 �C and subsequent cooling
to 25 �C in 1 h. Purification was performed by dialysis and membrane
filtration.


Method B: The ammonia was evaporated and the volume of the
mixture was reduced to 100 �L. Purification was performed by
membrane filtration.


Method C: The ammonia was neutralized by cautious addition of
80% acetic acid (300 �L). Purification was performed by ethanol
precipitation.


Preparation of the plasmid vector : A solution of pBR322 DNA
(25 �g; New England Biolabs), SphI (25 units), and BsmI (25 units) in
reaction buffer (total volume 200 �L; 50 mM NaCl, 10 mM Tris-HCl,
10 mM MgCl2, 1.0 mM dithiothreitol, pH 7.9) was incubated at 37 �C for
14 h and at 65 �C for 3 h. Purification was performed by preparative
agarose gel electrophoresis.


Ligation : Ligation was performed by incubation of insert DNA
(10 �L), plasmid vector DNA (4 �L), and T4 DNA ligase (800 units;
New England Biolabs) in reaction buffer (total volume 20 �L; 50 mM
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Tris-HCl, 10 mM MgCl2, 10 mM dithiothreitol, 1.0 mM dATP, 25 �gmL�1


bovine serum albumin, pH 7.5) at 16 �C for 16 h.


Transformation : An aliquot of E. coli DH5� cell suspension (CaCl2
competent, 100 �L) was thawed on ice, the ligation solution (5 �L)
was added and the sample was kept at 0 �C for 30 min. Heat shock
was performed at 37 �C for 2 min. Thereafter, the sample was held at
0 �C for 30 min. After the addition of LB medium (1 mL), the
suspension was shaken (200 rpF) at 37 �C for 1 h. The cells were then
incubated on agar plates (25 �gmL�1 ampicillin, x-gal, IPGT) at 37 �C
for 20 h. The cloning efficiency was determined by counting the blue
cell colonies.


This work was supported by the Swiss National Science Founda-
tion. C. M. Meyer thanks the company Lonza for a grant.
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Complex Formation of Divalent Metal Ions with
Uridine 5�-O-Thiomonophosphate or Methyl
Thiophosphate: Comparison of Complex Stabil-
ities with Those of the Parent Phosphate Ligands
Carla P. Da Costa,[a] Andrzej Okruszek,[b] and Helmut Sigel*[a]


The stability constants of the 1:1 complexes formed in aqueous
solution between Mg2�, Ca2�, Sr2�, Ba2�, Mn2�, Co2�, Ni2�, Zn2�, or
Cd2� (M2�) and methyl thiophosphate (MeOPS2�) or uridine 5'-O-
thiomonophosphate (UMPS2�) (PS2��MeOPS2� or UMPS2�) have
been determined (potentiometric pH titrations ; 25 �C; I � 0.1M,
NaNO3). Comparison of these results for M(PS) complexes with
those known for the parent M(PO) phosphate species, where
PO2��CH3OPO2�


3 or UMP2� (uridine 5�-monophosphate), shows
that the alkaline earth metal ions, as well as Mn2�, Co2�, and Ni2�


have a higher affinity for phosphate groups than for their thio
analogues. However, based on the linear logKM


M�R-PO3� versus
pKH


H�R-PO3� relationships (R-PO
2�
3 � simple phosphate monoester or


phosphonate ligands with a non-interacting residue R) it becomes
clear that the indicated observation is only the result of the lower
basicity of the thiophosphate residue. In contrast, the thio
complexes of Zn2� and Cd2� are more stable than their parent
phosphate ones, and this despite the lower basicity of the PS2�


ligands. This stability increase is identical for M(MeOPS) and
M(UMPS) species and amounts to about 0.6 and 2.4 log units for
Zn(PS) and Cd(PS), respectively. Since no other binding site is


available in MeOPS2�, this enhanced stability has to be attributed
to the S atom. Indeed, from the mentioned stability differences it
follows that Cd2� in Cd(PS) is coordinated by more than 99% to the
thiophosphate S atom; the same value holds for Pb(PS), which was
studied earlier. The formation degree of the S-bonded isomer
amounts to 76� 6% for Zn(PS) and is close to zero for the
corresponding Mg2�, Ca2�, and Mn2� species. It is further shown
that Zn(MeOPS)(aq)2� releases a proton from a coordinated water
molecule with pKa� 6.9; i.e. , this deprotonation occurs at a lower
pH value than that for the same reaction in Zn(aq)2�. Since Mg2�,
Ca2�, Mn2�, and Cd2� have a relatively low tendency for hydroxo
complex formation, it was possible, for these M2�, to also quantify
the stability of the binuclear complexes, M2(UMPS�H)�, where one
M2� is thiophosphate-coordinated and the other is coordinated at
(N3)� of the uracil residue. The impact of the results presented
herein regarding M2�/nucleic acid interactions, including those of
ribozymes (rescue experiments), is briefly discussed.


KEYWORDS:


metal ion complexes ¥ nucleotides ¥ phosphorothioates ¥
ribozymes ¥ stability constants


1. Introduction


The use of structurally altered nucleotides as probes provides
one way to study biological reactions which involve nucleotides.
Indeed, all of the three units of a nucleotide, the base, the sugar,
and the phosphate groups, have been modified (see citations in
refs. [1 ± 3]). At present we are interested in nucleotide ana-
logues where a sulfur atom replaces a phosphate oxygen atom;
such compounds were first synthesized in 1966[4] and they are
known as thionucleotides[5] or nucleoside phosphorothioates.[4]


Initially these compounds were employed in studies regarding
the mechanisms of enzymatic reactions,[6] and indeed, for this
they are still in use.[7] However, more recently, with the develop-
ment of the antisense strategy[8] and the observation that
oligonucleotides with a sulfur modification at the phospho-
diester linkage are usually more resistant toward nuclease
degradation than natural oligonucleotides,[9, 10] phosphoro-
thioate oligodeoxynucleotides became the most widely used
compounds for sequence-specific inhibition of gene expression
by the antisense strategy.[10] Several preclinical and clinical


studies involving phosphorothioate compounds are currently
under way[11, 12] and one of the products is already a commer-
cially available drug.[12] Yet, there is a caveat here that apparently
has been little appreciated so far: phosphorothioate analogues
of oligonucleotides may undergo exonucleolytic degradation in
inter- and intracellular media with the release of nucleoside 5�-O-
thiomonophosphates, which give rise to biological effects in
their own right.[9b, 13]
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A further aspect which promotes the interest in thionucleo-
tides is the increasing focus on RNA-catalyzed reactions.[14] Here,
thio analogues are important tools for studying the role of metal
ions in ribozyme folding and activity as well as in attempts to
understand the mechanisms of ribozymic reactions[15] and to
identify those phosphate oxygen atoms which are important for
catalysis.[16] Considering that these studies are based on the
different affinities of metal ions toward phosphate groups and
their thio analogues, it is surprising to find that only very little
information is available on the acid-base and the metal-ion-
coordinating properties of these ligands.[17±19] So far only a few
studies with thio derivatives of nucleotides have been reported,
namely of adenosine 5�-mono-,[1, 20] di-, and triphosphate[5] and
kinetically labile metal ions. In addition, very recently we
completed a study[3] on the Pb(II)-binding properties of adeno-
sine 5�-O-thiomonophosphate (AMPS2�), uridine 5�-O-thiomono-
phosphate (UMPS2�), and methyl thiophosphate (MeOPS2�).
Furthermore, the kinetically inert Pt(II) yields, in the form of
chloro(diethylenetriamine)platinum(II) chloride, by reaction with
AMPS exclusively a (phosphorothioate)platinum(II) complex.[21] In
accord herewith, cis-(NH3)2PtI2 forms with guanosine 5�-O-(2-
thiodiphosphate) (GDP-�-S) a macrochelate in which Pt(II)
bridges the phosphorothioate S and guanine N7 atoms.[22] There
is also a study[23] of p-nitrophenyl thiophosphate in which the
effects of Mg2� and Cd2� on the rate of hydrolysis of this ester are
compared.


In this work we report the stability constants for the 1:1
complexes formed in aqueous solution (25 �C; ionic strength I�
0.1 M, NaNO3) between the thiophosphate ligands (PS2�) UMPS2�


or MeOPS2� (Scheme 1)[24] and the divalent metal ions Mg2�,
Ca2�, Sr2�, Ba2�, Mn2�, Co2�, Ni2�, Zn2�, or Cd2� (M2�). The
corresponding stability constants of the complexes formed with
the parent phosphate ligands (PO2�), i.e., uridine 5�-monophos-
phate (UMP2�)[25] and methyl phosphate (CH3OPO2�


3 �,[26] are known
from previous studies. These results together allow a comparison
between the stability of the M(PO) and M(PS) complexes and
provide thus a better understanding of the changes which occur in
the metal ion affinity in studies where natural nucleotides are
replaced by nucleoside phosphorothioates.


Scheme 1. Chemical structures of methyl thiophosphate (MeOPS2�) and uridine
5�-O-thiomonophosphate (UMPS2�) in its anti conformation.[24]


2. Results and Discussion


2.1. Definition of the considered equilibria


UMPS2� and MeOPS2� (PS2� ligands; see Scheme 1) can accept
two protons at the thiophosphate group; hence, the following


two deprotonation Equilibria (1a) and (2a) need to be consid-
ered:


H2(PS)�H(PS)��H� (1a)


KH
H2�PS� � [H(PS)�][H�]/[H2(PS)] (1b)


H(PS)��PS2��H� (2a)


KH
H�PS� � [PS2�][H�]/[H(PS)�] (2b)


UMPS2� can be further deprotonated at its (N3)H site
according to Equilibrium (3a):


UMPS2�� (UMPS�H)3��H� (3a)


KH
UMPS � [ (UMPS�H)3�][H�]/[UMPS2�] (3b)


The analogous equilibria also hold for the parent compounds
of UMPS2� and MeOPS2�, i.e. , for UMP2� and CH3OPO2�


3 . The
acidity constants for all four mentioned ligands are summarized
in Table 1; these values were determined by potentiometric pH
titrations and are taken from our earlier work.[3, 25, 26] However,
the values for pKH


H�MeOPS�, pKH
H�UMPS�, and pKH


UMPS have been


confirmed in the study described herein, where constants
identical within the error limits with those given in Table 1 were
obtained. The acid-base properties of these species,[3] including
those of AMPS,[3, 20] and the location of the proton(s), which is in
the -OP(S)(O)2H� residue at one of the terminal oxygen atoms
(-OP(S)(O)(OH)�) have previously been discussed. In the
-OP(S)(O)2�


2 moiety one of the two negative charges is located
at the sulfur atom.[20, 27] The main conclusion from Table 1, of
relevance in the context of this study, is the observation that
H(PS)� is by a �pKa value of 1.4 more acidic than H(PO)� (Table 1,
Column 3), and also that the acidities of the (N3)H sites in
UMPS2� and UMP2� are identical within the error limits, which is
in accord[3] with expectations.


The stability constants of the M(PS) complexes were
also determined by potentiometric pH titrations by working
with an excess of M2� compared to the concentration
of PS. The experimental data obtained under these condi-
tions (25 �C; I� 0.1 M, NaNO3) can be completely explained


Table 1. Negative logarithms of the acidity constants of H2(MeOPS),
H2(UMPS), and their parent acids [Eqs. (1) ± (3)] as determined by potentio-
metric pH titrations in aqueous solution (25 �C; I� 0.1M, NaNO3).[a]


Acid pKH
H2�PS�PO� pKH


H�PS�PO� pKH
UMPS�UMP Ref.


H2(MeOPS) 0.62� 0.09 4.96�0.02 [3]
CH3OP(O)(OH)2 1.1 � 0.2 6.36�0.01 [26]
H2(UMPS) 4.78�0.02 9.47� 0.02 [3]
H2(UMP) 0.7 � 0.3 6.15�0.01 9.45� 0.02 [25]


[a] The error limits given are three times the standard error of the mean
value or the sum of the probable systematic errors, whichever is larger.
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in the pH range above 3 by taking into account Equilibria (2a)
and (4a),


M2��PS2��M(PS) (4a)


KM
M�PS� � [M(PS)]/([M2�][PS2�]) (4b)


provided the evaluation is not carried into the pH range where
deprotonation of M(aq)2� or the (N3)H site of UMPS occurs (see
Section 4.3).


With the Zn2�/MeOPS system an interesting observation was
made: in this system an additional proton is released before the
onset of the deprotonation in the Zn(aq)2� system. This means
Zn(MeOPS) forms a hydroxo complex according to Equilibrium
(5a):


Zn(MeOPS)(aq)�Zn(MeOPS)(OH)��H� (5a)


KH
Zn�MeOPS��aq� � [Zn(MeOPS)(OH)�][H�]/[Zn(MeOPS)(aq)] (5b)


In the potentiometric pH titrations of the UMPS systems
containing metal ions like Mg2� or Cd2�, which have a relatively
low tendency for the formation of hydroxo complexes, the pH
range could be reached where deprotonation of the (N3)H unit
occurs and this then gives rise to Equilibrium (6a):


M(UMPS)�M(UMPS�H)��H� (6a)


KH
M�UMPS� � [M(UMPS�H)� ][H�]/[M(UMPS)] (6b)


The formation of the M(UMPS�H)� species, where the metal
ion is located at the thiophosphate group and where the (N3)�


site carries a negative charge, allows also the formation of 2:1
complexes by the involvement of this site because the experi-
ments are done with an excess of M2� over UMPS, and this leads
to Equilibrium (7a):


M2��M(UMPS�H)��M2(UMPS�H)� (7a)


KM
M2�UMPS�H� � [M2(UMPS�H)�]/( [M2�][M(UMPS�H)�]) (7b)


Since Equilibria (6a) and (7a) are coupled as far as the release
of the proton is concerned, the relevant constants cannot be
determined independently.[28] Fortunately, based on previous
experience[29±31] an estimate for Equation (6b) can be made, i.e. ,
pKH


M�UMPS� �9.02�0.15 (see Section 4.3). This value should be
independent of the kind of metal ion coordinated to the
thiophosphate group since here simply a charge neutralization
occurs.[29] Keeping the mentioned value fixed in the evaluation
process allows calculation of the constants for Equilibrium (7a).
That this procedure is justified is proven in Section 2.6 by
comparisons with the stability constants of M(Urd�H)� com-
plexes, where Urd�uridine.


2.2. Stabilities of M(PS) complexes


The results obtained for the stability constants of the M(UMPS)
and M(MeOPS) complexes according to Equilibrium (4) for the
metal ions Mg2�, Ca2�, Sr2�, Ba2�, Mn2�, Co2�, Ni2�, Zn2�, and Cd2�


are listed in Table 2, including our very recent results[3] regarding
Pb(MeOPS) and Pb(UMPS). The Cu2�/PS systems were not


studied because from an earlier investigation of the Cu2�/AMPS
system it is known[1] that after mixing the reactants the solution
turns slightly milky, which indicates the formation of a precip-
itate possibly involving a redox reaction. The stability constants
of the various M(PO) parent complexes, known from previous
studies,[25, 26] are given in Columns 3 and 5 of Table 2. Hence,
these data permit a direct comparison of the absolute stabilities
of the phosphate complexes with those of their thio analogues.


It is interesting to note from the data in Table 2 that all of the
phosphate (PO2�) complexes of Mg2�, Ca2�, Sr2�, Ba2�, Mn2�,
Co2�, and Ni2� are between 0.1 and 0.4 log units more stable
than those of their thiophosphate (PS2�) analogues. However, for
Zn2� and especially for Cd2�, as well as Pb2�, the thiophosphate
complexes are significantly more stable than the phosphate
ones. Pb(PS) is about 1.8 log units more stable than Pb(PO) and
Cd(PS) about 2 log units more stable than Cd(PO).


At this point it is important to recall that the basicity of a
thiophosphate group is considerably lower than that of a
phosphate group (Table 1, Column 3). Furthermore, it is well
known that the stability of phosphate complexes depends on
the basicity of the corresponding phosphate groups.[25] Indeed,
for a series of phosph(on)ate ligands and several metal ions
straight-line correlations have been established[31] for plots of
logKM


M�R-PO3� versus pKH
H�R-PO3�, where R-PO2�


3 represents phosphate
monoesters[25] and phosphonate[31] ligands in which R is unable
to interact with the metal ion [Eq. (8)]:


logKM
M�R-PO3� � m ¥ pKH


H�R-PO3� �b (8)


Table 2. Logarithms of the stability constants of M(UMPS) and M(MeOPS)
complexes [Eq. (4)]. For comparison the constants of the corresponding parent
species, M(UMP) and M(CH3OPO3), are also listed.[a]


M2� logKM
M�UMPS� logKM


M�UMP� logKM
M�MeOPS� logKM


M�CH3OPO3�


Mg2� 1.24� 0.05 1.56�0.02 1.33� 0.07 1.67� 0.05
Ca2� 1.19� 0.10 1.44�0.05 1.25� 0.06 1.49� 0.02
Sr2� 1.04� 0.10 1.25�0.04 1.10� 0.11 1.25� 0.04
Ba2� 1.04� 0.07 1.13�0.06 1.11�0.06 1.23� 0.03
Mn2� 1.82� 0.10 2.11� 0.02 1.82� 0.08 2.20� 0.02
Co2� 1.59� 0.05 1.87�0.05 1.69� 0.06 1.99� 0.03
Ni2� 1.54� 0.08 1.97�0.05 1.62� 0.05 1.94� 0.04
Cu2� 2.77�0.06 2.94� 0.03
Zn2� 2.21� 0.06 2.02�0.07 2.34� 0.05 2.22� 0.03
Cd2� 4.37� 0.08 2.38�0.04 4.50� 0.06 2.52� 0.03
Pb2� 4.63� 0.03 2.80�0.04 4.78� 0.06 2.98� 0.10


[a] All constants were determined by potentiometric pH titrations and refer
to aqueous solution (25 �C; I� 0.1 M, NaNO3). For the error limits, see
footnote [a] of Table 1. The stability constants for the M(UMP) and
M(CH3OPO3) complexes are from Refs. [25] and [26], respectively. The
constant for Pb(UMP) is from ref. [32] and those for Pb(CH3OPO3), Pb(UMPS)
and Pb(MeOPS) are from ref. [3].
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The corresponding straight-line parameters, i.e. , the values for
the slopes m and the intercepts b, for the Pb(R-PO3) complexes
are given in ref. [32] ;[3] those for the other M(R-PO3) complexes
are listed in ref. [31].[33±35]


Plots of logKM
M�R-PO3� versus pKH


H�R-PO3� according to Equation (8)
are shown in Figure 1 for the 1:1 complexes of Ba2�, Mg2�, Zn2�,
and Cd2� with eight simple R-PO2�


3 ligands (which include
UMP2� ; crossed points) allowing only a phosph(on)ate�M2�


coordination. The solid points in the figure refer to the M2�


complexes of MeOPS2� and UMPS2�. The data points for the
Cd(PS) and Zn(PS) complexes are far above their reference line,
which proves an increased stability for these thiophosphate
systems, whereas the points for the Ba(PS) and Mg(PS)


Figure 1. Evidence for enhanced stability of the M(PS) complexes (PS2��UMPS2�


or MeOPS2�) of Zn2� (�) and Cd2� (�) and for the lack of increased or decreased
stability of the Mg(PS) and Ba(PS) (�) complexes as well as for all the
corresponding M(PO) complexes (PO2��UMP2� or CH3OPO2�


3 ; �, � ). This
evidence is based on pKH


H�PS� and logKM
M�PS� values as well as on the linear


relationship between logKM
M�R-PO3� and pKH


H�R-PO3� established previously[31, 33±35] for
the 1:1 complexes of the eight simple phosphate monoester or phosphonate
ligands (R-PO2�


3 ; �): 4-nitrophenyl phosphate (NPhP2�), phenyl phosphate
(PhP2�), uridine 5�-monophosphate (UMP2�), D-ribose 5-monophosphate
(RibMP2�), thymidine [1-(2�-deoxy-�-D-ribofuranosyl)thymine] 5�-monophosphate
(dTMP2�), nbutyl phosphate (BuP2�), methanephosphonate (MeP2�), and etha-
nephosphonate (EtP2�) (from left to right). The least-squares lines are drawn
through the corresponding eight data sets (�) [including UMP2� (�, � )] , which
are taken from refs. [25] and [31]. The data points for the UMPS2�, MeOPS2�,
UMP2�, and CH3OPO2�


3 systems are based on the constants given in Tables 1 and
2. The vertical broken lines emphasize the stability differences to the corre-
sponding reference lines; they are equal to log�M/PS [Eq. (9)] , the values of which
are listed in Column 5 of Table 3. All the plotted equilibrium constants refer to
aqueous solutions at 25 �C and I� 0.1M (NaNO3).


complexes fit on their reference lines. This observation can be
evaluated quantitatively by calculating, with the straight-line
Equation (8) and the pKH


H�PS� values (Table 1, Column 3), the
expected (calcd) stabilities for the M(PS) complexes assuming
that these stabilities correspond to a phosphate�M2� coordina-
tion. The corresponding results are listed in the fourth column of
Table 3 (see below).


2.3. Further evaluations of the M(PS) complex stabilities


There are two more observations to be taken from Figure 1 that
warrant emphasis: 1) The data points for the Zn2�, Cd2�/
CH3OPO2�


3 and Zn2�, Cd2�/UMP2� systems (crossed points) fit
on the reference lines, which proves that the M(CH3OPO3) and
M(UMP) species with Zn2� and Cd2� have the properties of
simple phosphate monoester complexes. Consequently, this
result means that the uridine moiety has no influence and that
the increased stabilities of the corresponding M(MeOPS) and
M(UMPS) complexes must be due to an interaction between
Zn2� or Cd2� and the S atom of the thiophosphate residue. 2) The
data given for the Ba2� and Mg2� systems demonstrate that the
affinity of these alkaline earth ions toward sulfur is small ; the
data points with the thiophosphate ligands fit on the reference
lines! This result also clearly shows that the lower stabilities
observed for the M(PS) complexes (solid points) of Mg2� and
Ba2� in comparison with those for the M(PO) complexes (crossed
points) is only due to the lower basicity of the thiophosphate
ligands. In other words, UMPS2� and MeOPS2� behave toward
these metal ions in the same way as simple phosphate ligands.


The last of the above-mentioned results is interesting because
it is well known that, for example, Mg2� has a lower affinity for
sulfur than for oxygen atoms, and in a thiophosphate residue
Mg2� has only two possibilities to interact with an O atom as
compared to the three possibilities in phosphates; hence, based
on this statistical consideration, a stability decrease of 0.18 log
unit is expected.[1] However, taking into account that also metal
ions, just as the proton (see Section 2.1), may change the charge
distribution, the lower electronegativity of sulfur compared to
that of oxygen should cause in the complexes a higher charge
density on the two oxygen atoms of PS2� than on the three
oxygen atoms of PO2�.[1] Consequently, the oxygen atoms in PS2�


appear as being favored for Mg2� binding, and therefore, an
increase in stability is expected. The result seen in Figure 1
indicates that the two mentioned opposite effects evidently
cancel each other. Indeed, in a recent ab initio study[36] of the
interactions between phosphorothioate or phosphorodithioate
and the, also ™hard∫, Na� ion it is concluded that a large
destabilizing effect occurs only with the second sulfur substitu-
tion.


The described fact that Mg2� and Ba2� ions behave alike in
their binding properties toward thiophosphates and phosphate
groups is encouraging because it suggests that the stability data
obtained for the other M(PS) complexes can be evaluated on the
basis of their logKM


M�R-PO3� versus pKH
H�P-PO3� reference lines; the


resulting values are listed in Column 4 of Table 3 (see also the
final paragraph of Section 2.2). Comparison of the results given
in Columns 3 and 4 of Table 3 for the M(PS) complexes of Zn2�,
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Cd2�, and Pb2� confirms the already mentioned increased
stabilities compared to those of the corresponding M(PO)
complexes, and this despite the lower basicity of the former
PS2� ligands (see also Figure 1). This increase in stability can now
be quantified by forming the difference between the exper-
imentally determined (exptl) and the calculated (calcd) stability
constants, as is expressed in Equation (9):


log�M/PS � logKM
M�PS�exptl � logKM


M�PS�calcd (9)


The values for log�M/PS are listed in the fifth column of Table 3
and it may be noted that these values correspond to the vertical
differences (dotted lines) seen for the examples given in Figure 1
between the solid data points (Zn2�, Cd2�) and their reference
lines.


From the data listed in Column 5 of Table 3, it follows that for
the M(PS) complexes of all alkaline earth metal ions as well as for
those of Mn2�, Co2�, and Ni2�, the increase in stability is zero
within the error limits, i.e. , these M(PS) complexes behave like
simple phosphate species despite their thiophosphate group.
However, the Zn(PS), Cd(PS), and Pb(PS) complexes show
stabilities which are beyond those expected on the basis of
the basicity of the thiophosphate group; since the M(UMPS) and
M(MeOPS) complexes behave alike, this proves that the sulfur of
the thiophosphate residue participates in these instances in
metal ion binding and is responsible for the enhanced stability.


The observation based on the data in Table 3 (Column 5) that
the values of log�M/PS for the M(UMPS) and M(MeOPS) systems
are identical within the error limits is important because it allows
us to calculate the stability constants for other M(PS) complexes
of PS2� ligands for which the acidity constants of the monop-
rotonated thiophosphate group are known. Evidently, for M(PS)
complexes of the alkaline earth metal ions as well as for those of
Mn2�, Co2�, or Ni2� the straight-line parameters [Eq. (8)][31±35] can
directly be used to calculate the corresponding stability
constants since these metal ions behave equally toward
thiophosphate and phosphate groups. In the cases of Zn2�,
Cd2�, and Pb2� the same calculation procedure may be used but
in these instances the log�M/PS/av values given below in
Equations (10) ± (12) need to be added to obtain the expected
stabilities of the M(PS) complexes.


log�Zn/PS/av � 0.62�0.11 (10)


log�Cd/PS/av � 2.44� 0.11 (11)


log�Pb/PS/av � 2.43�0.09 (12)


The mentioned log�M/PS/av values are the averages of the
stability increases observed for the M(UMPS) and M(MeOPS)
complexes.


As mentioned in Section 2.2, values for the stability constants
of Cu(PS) complexes were not determined, however, the
increase in stability for such complexes has been estimated in
a previous study:[1] log�Cu/PS� 6� 2. In the same work[1] an
estimation for log�Pb/PS was also derived in a complicated
procedure; the result, log�Pb/PS�2.35�0.29, is in excellent
agreement with the value that follows from the results listed in
Table 3, log�Pb/PS/av� 2.43�0.09 [see also Eq. (12)] .


2.4. Extent of sulfur ±metal-ion binding in the M(PS)
complexes


From the evaluations in Section 2.3 it has become clear that the
sulfur atom of the thiophosphate group in PS2� may participate
in metal ion binding. Therefore, the question arises: What is the
formation degree of the sulfur-coordinated species?


As indicated before, the stability differences log�M/PS (Table 3,
Column 5) solely quantify the stability increase, if any, due to the
participation of the sulfur atom in metal ion binding. If we define
the sulfur-coordinated species as (PS ¥ M) and the oxygen-bound
ones as (PO ¥ M), we may further define the intramolecular
equilibrium constant KI/S or the ratio R as given in Equation (13a).
The remaining terms in Equation (13) may be derived in analogy
to other intramolecular equilibria (see ref. [1]):


R � KI/S � ��PS 	 M�

��PO 	 M�
 (13a)


� KM
M�PS�exptl


KM
M�PS�calcd


� 1 � 10log�M/PS�1 (13b)


Of course, the percentage of the sulfur-bound isomer follows
from Equation (14):


% (PS ¥ M) � 100 ¥R/(1�R) (14)


Table 3. Stability constant comparison for the M(PS) complexes between the
measured stability constants (exptl ; Table 2, Columns 2 and 4) and the
calculated ones (calcd), together with the stability differences log�M(PS) as
defined by Equation (9).[a]


PS2� M2� logKM
M�PS�exptl logKM


M�PS�calcd log�M/PS


UMPS2� Mg2� 1.24� 0.05 1.27�0.03 �0.03�0.06
Ca2� 1.19� 0.10 1.26�0.05 �0.07�0.11
Sr2� 1.04� 0.10 1.12�0.04 �0.08�0.11
Ba2� 1.04� 0.07 1.04�0.04 0.00�0.08
Mn2� 1.82� 0.10 1.82�0.05 0.00�0.11
Co2� 1.59� 0.05 1.62�0.06 �0.03�0.08
Ni2� 1.54� 0.08 1.59�0.05 �0.05�0.09
Zn2� 2.21� 0.06 1.63�0.06 0.58�0.08
Cd2� 4.37� 0.08 1.97�0.05 2.40�0.09
Pb2� 4.63� 0.03 2.23�0.08 2.40�0.09


MeOPS2� Mg2� 1.33� 0.07 1.30�0.03 0.03�0.08
Ca2� 1.25� 0.06 1.29�0.05 �0.04�0.08
Sr2� 1.10� 0.11 1.14�0.04 �0.04�0.12
Ba2� 1.11�0.06 1.05�0.04 0.06�0.07
Mn2� 1.82� 0.08 1.86�0.05 �0.04�0.09
Co2� 1.69� 0.06 1.66�0.06 0.03�0.08
Ni2� 1.62� 0.05 1.64�0.05 �0.02�0.07
Zn2� 2.34� 0.05 1.69�0.06 0.65�0.08
Cd2� 4.50� 0.06 2.03�0.05 2.47�0.08
Pb2� 4.78� 0.06 2.32�0.08 2.46�0.10


[a] The calculated stability constants are based on the basicity of the
thiophosphate group in UMPS2� and MeOPS2� (pKH


H�PS� ; Table 1, Column 3)
and the reference-line equations established previously[31] (see Eq. (8) and
Figure 1) (aqueous solution; 25 �C; I�0.1 M, NaNO3). For the error limits, see
footnote [a] of Table 1; the error limits of the derived data, in the present
case for log�M/PS , were calculated according to the Gaussian error
propagation. The entries for the two Pb2�/PS systems are from ref. [3].
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Since the values for log�M/UMPS and log�M/MeOPS listed in
Column 5 of Table 3 are so similar, we calculated their averages,
which we consider to be the best representatives for M(PS)
complexes. These values are given in Column 2 of Table 4. It may
be mentioned that most of these values are identical, within the
error limits, with those derived earlier[1] from M2�/AMPS systems.
Application of the log�M/PS/av values to Equation (13) provides
the R values listed in the third column of Table 4, and from these
follow, according to Equation (14), the percentages for the
(PS ¥ M) isomers.


From Column 4 in Table 4 it is evident that in Cd(PS) and
Pb(PS) the metal ions are nearly completely S-coordinated to the
thiophosphate residue. In Zn(PS) about three quarters of all
species are also sulfur-coordinated. This contrasts with the other
M(PS) complexes of the remaining metal ions listed in Table 4,
where overwhelmingly oxygen coordination to the thiophos-
phate group occurs.


2.5. Some comments on the formation of the
Zn(MeOPS)(OH)� species


As indicated already in Section 2.1, it was surprising to observe
that Zn(MeOPS) forms a hydroxo complex, i.e. , Zn(MeOPS)(OH)�,
in a pH range where Zn(aq)2� itself does not yet form a hydroxo
species. Consequently, according to Equilibrium (5a), the follow-
ing acidity constant was measured (Section 4.3):


pKH
Zn�MeOPS��aq� � 6.9�0.2 (15)


The result is in excellent agreement with an analogous
observation made for the Zn2�/AMPS system; in this case
pKH


Zn�AMPS��aq� � 6.8�0.4 was determined.[1] This result confirms
the earlier conclusion[1] regarding lowering of the pKa value of a
Zn2�-bound water molecule in a complex containing a sulfur-
binding site in its coordination sphere.


It has previously been concluded[37] that a reduction of the
coordination number from 6 to 4 makes water bound to Zn2�


considerably more acidic ; hence, such a reduction of the
coordination number may also be assumed for the formation
of the Zn(MeOPS)(OH)� species. The formation of fourfold
coordinated Zn2� is apparently driven[37] by the Lewis basicity
of the donor atoms: If the coordinating ligand is a strong Lewis
base, the coordination number of Zn2� drops and the bond
length shortens, i.e. , the metal ± ligand bond becomes more of
the covalent type. This hypothesis would explain why an S donor
promotes the formation of a fourfold-coordinated Zn2� more
effectively than an O donor. A possible structure for the
Zn(MeOPS)(OH)� complex considered herein could therefore
consist of an innersphere coordination of OH� and the S atom of
the thiophosphate group to Zn2�, as well as of an outersphere
interaction to an O atom of the thiophosphate group via a Zn2�-
bound water molecule, thus giving rise to the formation of a six-
membered ™semi-chelate∫,[25] the remaining fourth position at
the Zn2� being occupied by water.


In any case, the above example regarding the lowering of the
pKa value for a Zn(aq)2� complex containing also a sulfur-binding
site is certainly meaningful for biological systems, since the
deprotonation reaction occurs in the physiological pH range also
relevant for catalytically active Zn(II).


2.6. Formation of binuclear M2(UMPS�H)� complexes
As indicated already in Section 2.1, with those metal ions which
have a low tendency to form hydroxo complexes it was possible
in the potentiometric pH titrations to reach the pH range where
deprotonation of the (N3)H site in the M(UMPS) species begins.
Clearly, the availability of a negatively charged (N3)� unit allows
then formation of binuclear complexes, M2(UMPS�H)�, accord-
ing to Equilibrium (7a), where one M2� is at the thiophosphate
residue and the other at the (N3)� site. The stability constants of
these complexes were calculated as indicated in Section 2.1 (see
also Section 4.3) and the results are listed in the second column
of Table 5; the relatively large errors of these constants result
mainly from the error connected with pKH


M�UMPS� �9.02� 0.15
(Sections 2.1 and 4.3).


The determination of the stability constants KM
M2�UMPS�H� was


handicapped by the need of a value for pKH
M�UMPS� [Eq. (7)] , which


Table 5. Comparison of the logarithms of the stability constants of the
binuclear M2(UMPS�H)� complexes [Eq. (7)] with those of the M(Urd�H)�


species.[a]


M2� logKM
M2�UMPS�H� logKM


M�Urd�H�


Mg2� 0.80�0.16 0.68� 0.08
Ca2� 1.0 �0.3 0.78� 0.11
Mn2� 1.40�0.22 1.36� 0.05
Zn2� - 2.41� 0.14
Cd2� 3.22�0.20 3.15� 0.04


[a] The stability constants of the M(Urd�H)� species were taken from
ref. [38]. All constants were determined by potentiometric pH titrations and
refer to aqueous solution at 25 �C and I�0.1 M (NaNO3). For the error limits,
see footnote [a] in Table 3.


Table 4. Average values of the stability increase, log�M/PS/av, observed for the
M(UMPS) and M(MeOPS) complexes and attributed to a sulfur ±metal-ion
coordination in the M(PS) species, together with the extent of this interaction
as quantified by R [Eq. (13)] and the percentage [Eq. (14)] of the sulfur-
coordinated species, (PS ¥M), for aqueous solutions at 25 �C and I� 0.1M


(NaNO3).[a]


M(PS) log�M/PS/av
[b] R % (PS ¥ M)


Mg(PS) 0.00� 0.09 0.00� 0.21 0 (�21)
Ca(PS) � 0.06� 0.05 � 0 �0
Sr(PS) � 0.06� 0.06 � 0 �0
Ba(PS) 0.03� 0.09 � 0 (0.07� 0.22) �0 (7�19)
Mn(PS) � 0.02� 0.06 � 0 �0 (�9)
Co(PS) 0.00� 0.09 0.00� 0.21 0 (�21)
Ni(PS) � 0.04� 0.05 � 0 �0 (�2)
Zn(PS) 0.62� 0.11 3.17� 1.06 76 � 6
Cd(PS) 2.44� 0.11 274 � 70 99.6� 0.1
Pb(PS) 2.43� 0.09 268 � 56 99.6� 0.1


[a] For the error limits, see footnote [a] in Table 3. [b] These values are the
averages of the log�M/PS values given in Column 5 of Table 3 for the
M(UMPS) and M(MeOPS) systems.
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could only indirectly be obtained (Sections 2.1 and 4.3). It was
therefore of interest to validate the applied evaluation proce-
dure in an independent manner. Since M2� coordination at the
thiophosphate group leads to charge neutralization, one obtains
a situation that may be mimicked by the nucleoside uridine
(Urd).


Indeed, the acidity constant for (N3)H deprotonation of
uridine, pKH


Urd �9.18�0.02[38] is close to the mentioned
pKH


M�UMPS� �9.02�0.15, which is due to M(UMPS) deprotonation.
Moreover, since the complexes M2(UMPS�H)� and M(Urd)� also
carry the same charge, their stability should also be similar. The
stability constants of the M(Urd)� complexes were recently
measured[38] and these results are listed in the third column of
Table 5. It is comforting to observe that the stability constants for
the two types of complexes are, for a given metal ion, identical
within the error limits. This result then confirms the appropri-
ateness of our evaluation procedure and, more important, it also
proves that metal-ion binding at the (N3)� site of the uracil
residue is possible.


3. General Conclusions


As far as the metal ions important in biological systems are
concerned, the stability constants determined in this study show
that Mg2� and Ca2� ions coordinate to the thiophosphate group
of a PS2� ligand in a phosphate-type manner (Figure 1). This fact
means that the presence of the sulfur atom does not significantly
affect the kind of binding of these alkaline earth ions, except that
the stabilities of their M(PS) complexes are somewhat smaller, if
compared with those of the parent M(PO) complexes (Table 2),
but this is simply the result of the reduced basicity of the
thiophosphate group compared to that of the phosphate one
(Table 1).


On the contrary, metal ions like Zn2� (or the detrimental Cd2�


and Pb2� ions even more so) show a significant binding affinity
for the S atom of a thiophosphate group, i.e. , the stability of their
complexes is much larger than that of the corresponding M(PO)
complexes despite the lower basicity of a PS2� ligand compared
to that of the corresponding PO2� one. Metal ions like Mn2� may
possibly bind partially to the sulfur atom, i.e. , more than in the
case of Mg2�, but this interaction is not very pronounced and is
not manifested in the stability constants of Mn(PS) complexes.


It may be helpful in this context to consider the absolute metal
ion affinity, based on measured stability constants, toward a
phosphate monoester or its thiophosphate analogue by plotting
the data according to the Irving ± Williams sequence. Such a plot
is shown in Figure 2 for the complexes of methyl phosphate
(CH3OPO2�


3 , �) and methyl thiophosphate (MeOPS2�, �).[39] For
the metal ions Ba2�, Sr2�, Ca2�, Mg2�, Mn2�, Co2�, and Ni2�, the
M(PO) complexes are more stable than the M(PS) analogues,
however, it should be recalled that, based on logKM


M�R-PO3� versus
pKH


H�R-PO3� plots (Figure 1), it was shown (Section 2.3) that this
difference in stability is only the result of the lower basicity of the
PS2� ligands. In fact, these metal ions behave toward thiophos-
phates as they do toward phosphates of the same basicity.


The vertical distances between the points due to the
M(MeOPS) and M(CH3OPO3) complexes seen in Figure 2 can be


Figure 2. Irving ±Williams sequence-type plot for the 1:1 complexes of Ba2� to
Zn2�, as well as Cd2� and Pb2�, formed with methyl phosphate (CH3OPO2�


3 ,�) and
its thiophosphate analogue (MeOPS2�, �). The data used in this plot are given in
Table 2 (see Section 2.2). For the Fe(CH3OPO3) complex, one estimates[39]


logKFe
Fe�CH3OPO3� � 2.1� 0.1; for Fe(MeOPS) no constant exists. For the Cu2� complex


of MeOPS2� an estimation of the stability constant is possible, based on the
estimate[1] log�Cu/PS� 6� 2; this leads to logKCu


Cu�MeOPS� � logKCu
Cu�CH3OPO3� � log


�Cu/PS� (2.94� 0.03)� (6� 2)� 9� 2; however, this estimated stability constant
is far outside the logK range shown in this figure, as is indicated by the broken
lines.


expressed in terms of the differences in free energy, �G�. This
free energy difference is connected with the stability differences
by Equation (16a) and at 25 �C by Equation (16b).[35, 40]


�G���2.303 ¥ RT(logKM
M�MeOPS� � logKM


M�CH3OPO3�� (16a)
��5.71 ¥ log�M/MeOPS/CH3OPO3


(16b)


Application of the stability differences logKM
M�MeOPS� �


logKM
M�CH3OPO3� (see Table 2) gives the following approximate


�G� values at 25 �C: �1 kJmol�1 for the Ca2�, Sr2�, and Ba2�


complexes, �2 kJmol�1 for those of Mg2�, Mn2�, Co2�, and Ni2�,
�1 kJmol�1 for Zn2�, and about �11 kJmol�1 for the Cd2� and
Pb2� complexes. Although the differences in energy for the
complexes of the alkaline earth ions, as well as for those of Mn2�,
Co2�, Ni2�, and Zn2� are small, they are significant in terms of
enzymatic reactions where a slight change in energy may decide
for the one or other substrate.[35, 41] This is important because
most of the enzymes that use nucleotides as substrates are
metal-ion-dependent and their mechanism of action is frequent-
ly studied by using thionucleotides.[6, 7]


The results summarized above are also of relevance regarding
ribozymes because very often so-called rescue experiments[14, 42]


are carried out which are based on the assumption that the
affinity of, for example, Mn2� toward S donors is higher than that
of Mg2� ions.[43] Indeed, Mn2� has a higher overall affinity for
thiophosphate residues than Mg2� but also a higher affinity for
phosphate groups (see Figure 2). In fact, Mn(PS) complexes have
a stability which is very similar to that of Mg(PO) species and this
stability is also expected for other structurally somewhat
different S/O ligand analogues.


Interestingly, a kinetic study[43] on the activity of the 3� ± 5�-
exonuclease domain of Escherichia coli DNA polymerase I (the 3�
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terminal phosphodiester linkage of a DNA oligonucleotide is
cleaved) in the presence of Mg2� or Mn2� and a phosphorothio-
late (bridging S) modified substrate, R�-S-P(O)2-OR, showed that
the cleavage rates of the thio-modified substrate are lower for
both metal ions than those observed for the unmodified
substrate, R�-O-P(O)2-OR. However, the rate constant for cleavage
of R�-S-P(O)2-OR with Mn2� (7.7� 103 M�1 s�1) is of the same order
as that for the cleavage of R�-O-P(O)2-OR in the presence of Mg2�


(6.4�103 M�1 s�1), which agrees with the above-mentioned
comparable size of the stability constants for Mn(PS) and
Mg(PO) complexes.


Several crystal structures[44] of the above-mentioned exonu-
clease complexed with normal, as well as phosphorothioate-
(terminal S) and phosphorothiolate-modified (bridging S) sub-
strates in conjunction with various metal ions, led to the
suggestion that the resistance of these thio analogues toward
nuclease degradation (see also Section 1) may partly be due to
the lower affinity of the metal ion in the active center for the
S-substituted substrates in comparison with the unmodified
oligonucleotides.[44] Taking into account that in most instances
the native metal ion in these enzymes is Mg2�, these suggestions
constitute no surprise if compared with the results described in
this work.


As far as Cd2�and Pb2� are concerned, one has to expect,
based on the results described herein, that in a nucleic acid
sequence into which an artificial thiophosphate group has been
inserted by replacing an O by an S atom, it is this site to which
Cd2� or Pb2� coordinate. In fact, with these two metal ions,
™rescue∫ experiments are expected to be successful even if only a
low portion of an active site phosphate has been transformed
into its thio analogue[3] because the stability of S interactions
with these two metal ions is much higher than that of the
corresponding O interactions (Tables 2 and 3).


Finally, the observation of the formation of a Zn2�-bound
hydroxo group at a pH value of about 6.9, provided there is also
an S� site in the coordination sphere of the metal ion (see
Section 2.5), is clearly of biological relevance because this
Zn(H2O)2� deprotonation occurs in the physiological pH region.
Thus, it is not surprising that Zn2� enzymes are so important for
many hydrolytic processes occurring in nature[45] because this
metal ion allows coupling of a deprotonation reaction with a
change of its coordination sphere.[37] To what extent the
observed (N3)H deprotonation of uracil residues, which is
facilitated by metal ions (Section 2.6), is of biological relevance
is more difficult to say because at a pH value of 7.6 the formation
degree of such a deprotonated species only amounts to
approximately 4%.


4. Experimental Section


4.1 Materials : The disodium salts of uridine 5�-O-thiomonophos-
phate and methyl thiophosphate were synthesized as described
recently in detail ;[3] in fact, the same batches of the compounds were
used in this study. HNO3, NaOH (Titrisol), the nitrate salts of the metal
ions, the disodium salt of ethylenediaminetetraacetic acid (EDTA),
and potassium hydrogen phthalate (all pro analysi) were obtained


from Merck KGaA, Darmstadt, Germany. All solutions were prepared
with deionized, ultrapure (MILLI-Q 185 PLUS, obtained from Millipore
S. A., 67120 Molsheim, France), and CO2-free water.


The aqueous stock solutions of the ligands were freshly prepared
daily and their exact concentration was newly determined each time
by titrations with NaOH. The titer of the NaOH used for the titrations
was established with potassium hydrogen phthalate and the
concentrations of the M2� stock solutions were determined through
their EDTA complexes.


4.2 Potentiometric pH titrations : The potentiometric pH titrations
were carried out with a Metrohm E536 potentiograph equipped with
a Metrohm E655 or E665 dosimat and 6.0222.100 combined double-
junction macro glass electrodes from Metrohm AG, Herisau, Switzer-
land. Previously,[1, 3, 20] a ™poisoning∫ effect was observed in titrations
of adenosine 5�-O-thiomonophosphate and this problem was over-
come by the use of separated electrodes: a pH measuring electrode
(Metrohm 6.0133.100) in combination with an Ag/AgCl double-
junction reference electrode (Metrohm 6.0726.100). In the titrations
of UMPS and MeOPS both double-junction and separated electrodes
were used and no differences between the experimental results were
observed in these instances, and no ™poisoning∫ effects were
detected either.


In order to exclude dioxygen from the titration solutions and to
avoid adding the thiophosphate ligand to strongly acidic solutions,
the ligand was added to the titration mixture only after all the other
components, except HNO3, were kept under N2 for about 2 minutes,
and only thereafter was the necessary HNO3 added.


Some of the titrations were carried out with a Metrohm DMS-Titrino
716 instrument directly connected to a Pentium computer with a
Windows 95 system, and equipped with the TiNet 2.1 or TiNet 2.4
software obtained from Metrohm AG, Herisau, Switzerland. The
titrations with the titrino gave the same results as those with the
potentiograph.


The buffer solutions (pH 4.00, 7.00, and 9.00, based on the U.S.
National Institute of Standards and Technology (NIST) scale) used for
the pH calibrations were also obtained from Metrohm AG. In those
cases where the titrations were pursued up to a high pH value (about
10), a buffer solution with pH 9.98 (25 �C, also based on the NIST
scale) purchased from Merck KGaA, Darmstadt, Germany, was
employed in addition (for further details see refs. [29, 46]).


4.3 Determination of stability constants : The conditions for the
determination of the stability constants KM


M�UMPS� and KM
M�MeOPS� of the


binary M(UMPS) and M(MeOPS) complexes [Eq. (4)] , respectively,
were the same as those recently described in ref. [3] for the acidity
constants KH


H�UMPS� and KH
H�MeOPS� [Eq. (2)] (25 �C; I�0.1 M, NaNO3).


Aqueous solutions (50 mL) of HNO3 (0.56 mM) and M(NO3)2 were
always titrated in the presence and absence of UMPS (0.27 mM) or
MeOPS (0.3 mM) with NaOH (1 mL, 0.03 M). Whenever needed, NaNO3


was added to maintain the ionic strength, I, at 0.1 M. Three extra
experiments with the Cd2�/UMPS system were done with HNO3


(1.12 mM) and using NaOH (2 mL, 0.03 M) in the titrations. The metal
ion concentrations employed in the titrations of UMPS were
33.33 mM (which gives an M2� :PS ratio of 123:1) with Mg2�, Ca2�,
Sr2�, Ba2� ; 30.01 mM (111:1) with Mg2�, Ca2�, and Ni2� ; 26.67 mM (99:1)
with Co2� and Ni2� ; 25.01 mM (93:1) with Ca2� ; 20.00 mM (74:1) with
Co2�, 16.67 mM (62:1) with Mn2�, Co2�, and Ni2� ; 11.67, 8.34, and
6.67 mM (43:1, 31:1, and 25:1) with Zn2� ; 1.67, 1.00, and 0.67 mM (6.2:1,
3.7:1, and 2.5:1) with Cd2�. For the experiments with MeOPS, the
metal ion concentrations were 33.33 mM (111:1) with Mg2�, Ca2�, Sr2�,
Ba2�, and Ni2� ; 30.01 mM (100:1) with Sr2� and Ba2� ; 26.67 mM (89:1)
with Mg2�, Ca2�, and Ni2� ; 23.34 mM (78:1) with Co2� ; 16.67 mM (56:1)
with Mn2�, Co2�, Ni2�, and Zn2� ; 8.33 mM (28:1) with Mn2� and Zn2� ;
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4.17 mM (14:1) with Zn2� ; 1.67, 0.60, 0.42, and 0.33 mM (5.6:1, 2:1,
1.4:1, and 1.1:1) with Cd2�. As can be seen, the metal :ligand ratios
varied between 1.1:1 in systems with Cd2� and 123:1 in systems with
the alkaline earth metal ions.


The titration data for calculating KM
M�UMPS� and KM


M�MeOPS� were collected
every 0.1 pH unit in the pH range of about 3.6 to 5.5 or 5.7 for Mg2�,
Ca2�, Sr2�, Ba2�, Mn2�, Co2�, Ni2�, and Zn2� and from a pH value of
about 3.4 to 5.5 for Cd2�/UMPS, and 3.1 to 6.1 for Cd2�/MeOPS. The
evaluation of the experimental data was stopped before the onset of
the hydrolysis of the metal ions, which was evident from the
titrations without ligand, and in the case of UMPS2� also before
deprotonation of the (N3)H site took place. In those instances where
the M2� :PS ratio was larger than 10:1, the data were evaluated with a
curve-fitting procedure using a Newton ± Gauss nonlinear least-
squares program for each pair of titrations (i.e. , with and without
ligand) by calculating the apparent acidity constant K�a. The stability
contants were then calculated according to Equation (17).[1, 47]


KM
M�PS� � (K�a �KH


H�PS��/(KH
H�PS�[M2�] ) (17)


For the systems where smaller M2� :PS ratios were employed, the
data were evaluated (again every 0.1 pH unit) by considering the
concentration of all the species present in equilibrium, that is, H�,
H(PS)�, PS2�, M2�, and M(PS).[48]


The pH ranges mentioned above correspond to formation degrees of
the M(PS) complexes of about 2 ± 30% with Mg2�, Ca2�, Sr2�, and
Ba2� ; 5 ± 50% with Mn2�, Co2�, and Ni2� ; 10 ± 55% with Zn2� ; 59 ±
97% of Cd(UMPS) (pH 3.4 ± 5.5) ; and 40 ± 98% of Cd(MeOPS)
(pH 3.1 ± 6.1). The values calculated individually for logKM


M�PS� showed
no dependence on pH or on the excess amount of M2� ions. The final
results are the averages of at least 4, usually 5 or 6, independent
titration pairs.


In the Zn2�/MeOPS system the titration curves showed that from
Zn(MeOPS)(aq) a further proton is released before the onset of
hydrolysis of Zn(aq)2� alone. Therefore, this system was also
evaluated by considering the formation of a Zn(MeOPS)(OH)�


species resulting from the deprotonation of a Zn2�-bound water
molecule in Zn(MeOPS)(aq); i.e. , KH


Zn�MeOPS��aq� [Eq. (5)] was calculated
by a re-evaluation of the titration data in the pH range up to about
6.5 by taking into account the concentrations of H�, H(MeOPS)�,
MeOPS2�, Zn2�, Zn(MeOPS), and Zn(MeOPS)(OH)�. The final value for
KH


Zn�MeOPS��aq� is the average of 6 independent titration pairs.


Since in titrations of M2�/UMPS systems deprotonation of the (N3)H
site was observed, we performed some titrations with Mg2�, Ca2�,
Mn2�, and Cd2� up to a pH value where this deprotonation could
actually be measured. After the stability constants of the M(UMPS)
complexes were calculated in the way described above, the
experimental data were re-evaluated but this time up to a pH value
of about 9.2 for Mg2�, 9.5 for Ca2�, 8.6 for Mn2�, and 8.1 for the Cd2�


system. It became immediately clear that not only M(UMPS�H)� but
also M2(UMPS�H)� complexes are formed. Since the equilibria for
the formation of these two complexes are coupled, it was not
possible to determine equilibrium constants for both of them
independently. We therefore estimated the acidity constant pKH


M�UMPS�
for the release of the proton from the (N3)H site [Eq. (6)] ; this release
should be facilitated by M2� coordination to the thiophosphate
group. Indeed, such acidifications are independent of the kind of M2�


ion considered and they are always on the same order,[29, 30] i.e, with
�pKa values of about 0.40� 0.15. For the case described herein we
used �pKa�0.45; hence, by keeping constant pKH


M�UMPS� �pKH
UMPS �


0.45� 9.47� 0.45� 9.02� 0.15 (but taking the error into account) in
the evaluations (as well as the already determined values for


logKM
M�UMPS��, stability constants for the formation of M2(UMPS�H)�


complexes [Eq. (7)] could be calculated (again every 0.1 pH unit) by
taking into account the species H�, H(UMPS)�, UMPS2�, (UMPS�
H)3�, M2�, M(UMPS), M(UMPS�H)�, and M2(UMPS�H)� (see also
Section 2.6). The formation degree of the M2(UMPS�H)� species
amounted to a maximum of only about 6% for M2��Mg2� and
Mn2�, 14% for Ca2�, and about 10% for Cd2�. The M(UMPS�H)�


complexes reach formation degrees of about 30% with Mg2� and
Ca2�, 14% for Mn2�, and 9% for Cd2�.


The final results given for the KM
M2�UMPS�H� constants are the averages


of 4 independent titration pairs in the case of the Mg2� system, 2
each for Ca2� and Mn2�, and 6 for Cd2�.


Abbreviations and Definitions


AMPS2� adenosine 5�-O-thiomonophosphate
I ionic strength
Ka general acidity constant
M2� general divalent metal ion
MeOPS2� methyl thiophosphate
PO2� general phosphate ligand; mostly CH3OPO2�


3 and
UMP2�


PS2� general thiophosphate ligand; mostly MeOPS2� and
UMPS2�


R-PO2�
3 simple phosphate monoester or phosphonate li-


gand, where R represents a noncoordinating residue
(see also legend of Figure 1)


UMP2� uridine 5�-monophosphate
UMPS2� uridine 5�-O-thiomonophosphate
Urd uridine


Species written without a charge either do not carry one or
represent the species in general (i.e. , independent of their
protonation degree) ; which of the two possibilities applies is
always clear from the context. A formula like (UMP�H)3� means
that the ligand has lost a proton and it is to be read as UMP2�


minus H�. The term (aq) is used to indicate that water is acting as
a ligand.
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A Homology Model of Penicillin Acylase from
Alcaligenes faecalis and In Silico Evaluation
of its Selectivity
Paolo Braiuca,[a] Cynthia Ebert,[a] Lutz Fischer,[b] Lucia Gardossi,*[a] and
Paolo Linda[a]


A three-dimensional model of the relatively unknown penicillin
acylase from Alcaligenes faecalis (PA-AF) was built up by means of
homology modeling based on three different crystal structures of
penicillin acylase from various sources. An in silico selectivity study
was performed to compare this homology model to the structure of
the Escherichia coli enzyme (PA-EC) in order to find any selectivity
differences between the two enzymes. The program GRID was
applied in combination with the principal component analysis
technique to identify the regions of the active sites where the PAs
potentially engage different interactions with ligands. These
differences were further analyzed and confirmed by molecular
docking simulations. The PA-AF homology model provided the


structural basis for the explanation of the different enantioselec-
tivities of the enzymes previously demonstrated experimentally and
reported in the literature. Different substrate selectivities were also
predicted for PA-AF compared to PA-EC. Since no crystallographic
data are available for PA-AF to date, the three-dimensional
homology model represents a useful and efficient tool for fully
exploiting this attractive and efficient biocatalyst, particularly in
enantioselective acylations of amines.


KEYWORDS:


enzyme models ¥ enzyme selectivity ¥ molecular modeling ¥
penicillin acylase ¥ structure elucidation


Introduction


Among industrially employed enzymes, penicillin acylase is one
of the most widely studied and used, since the �-lactam
antibiotics industry has replaced the traditional multistep
chemical process for the production of 6-aminopenicillanic acid
with an enzymatic process that only uses penicillin acylase (PA).[1]


The most common source of commercially available penicillin
acylase is Escherichia coli (PA-EC), though the same enzyme from
Alcaligenes faecalis (PA-AF) has recently received attention in the
literature,[2±4] in particular because of its high synthetic efficiency
in enantioselective synthesis. Moreover, PA-AF has a clear
advantage over other well-characterized PAs for industrial
applications because of its higher thermostability, ascribed to
the presence of two cysteine residues (absent in the E. coli
enzyme), which form a disulfide bridge.[5] This property makes
the enzyme a more attractive biocatalyst for both synthesis and
modification of �-lactam antibiotics and industrial interest is
demonstrated by the patent deposited in 1995.[6]


The penicillin acylase from A. faecalis (PA-AF) was sequenced
in 1997[5] and its sequence is available in the SWISS-PROT/TrEMBL
database.[7] The sequence identity between PA-AF and the
penicillin acylase from E. coli (PA-EC) is 47%, and the residue
similarity is even higher (67%). Sœvedas and co-workers hypothe-
sized, on the basis of kinetic studies, that the active centres of
the enzymes PA-AF and PA-EC differ in the details of their
organization, especially in the subsite responsible for the
interaction with the leaving group of the substrate.[4] However,


no direct structural evidence has been reported so far to support
this hypothesis because of the lack of a crystal structure of PA-AF.
A three-dimensional model of this enzyme would also be of
major importance for comparing the binding sites of the two
enzymes to gain a better understanding of both the extremely
effective recognition of the acyl moiety[4] and the stereoselective
discrimination of the aminic part of the substrate achieved by
these enzymes. We recently demonstrated that the GRID
computational method, coupled with the classical docking/
tetrahedral intermediate approach, can be applied successfully
to the interpretation and modeling of penicillin G acylase (PGA)
substrate- and enantioselectivity.[8, 9]


Herein, we present a study that leads to the first three-
dimensional model of the PA-AF enzyme, obtained by means of
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homology modeling. The obtained 3D model was used for an in
silico study based on the GRID approach combined with
principal component analysis (PCA) and the molecular docking
approach to provide the structural basis for interpreting and
predicting substrate selectivity and stereospecificity of PA-AF.
The model was finally validated by comparing the theoretical
results to experimental data available from the literature.


Results and Discussion


Homology model


A three-dimensional model of PA-AF was built up by means of
homology modeling based on the known X-ray structures of PA
from E. coli[10±15] and Providentia rettgeri,[16] available from the
Protein Data Bank (PDB).[17]


At present, 18 crystallographic structures of PA-EC and one of
penicillin acylase from P. rettgeri (PDB code: 1CP9) are available.
Template structures for an investigation such as that described
here should be selected by taking into account the resolution
and the degree of homology of such structures. Moreover,
conformational modifications induced by ligands and/or muta-
tions must be considered. The selected structures must corre-
spond to catalytically active proteins. In all the structures
available that maintain catalytic activity, the three-dimensional
structure of the protein in general, and in particular the
conformation of the active site are highly conserved (for the
native form and for mutants[13] or enzymes from different
sources[16] ).


The acylic subsite, which has been studied in detail both
experimentally[8, 11] and theoretically,[8] shows high steric and
electronic specificity towards phenyl rings. It has been demon-
strated experimentally[11] and theoretically[8] that those substitu-
tions of the phenyl ring that cause conformational distortions
translate into a dramatic decrease of substrate affinity[11] and
reaction rate.[8] These conformational modifications involve Arg
A:145 and Phe A:146 (A indicates that the residues are in Chain A
of the enzyme) and there are strong arguments supporting the
hypothesis that these modifications are incompatible with the
preservation of the catalytic activity.[12] Such conformational
modifications always lead to PA molecules with strongly reduced
activity ; in one case, Janssen and co-workers reported on the
complex between an inactive mutant of PA and penicillin G,[13]


while Done and co-workers described the interaction of
conformationally distorted PAs with sterically hindered ana-
logues of phenylacetic acid.[11] Moreover, we have previously
demonstrated by making use of the GRID/tetrahedral inter-
mediate approach[8] that substitution of a bulky nitro group onto
the phenyl group causes not only weak enzyme ± substrate
recognition as reported by Done, but also a dramatic decrease in
v0 (initial rate of acylation reaction), as confirmed by experimen-
tal data.[8]


The crystal structure with PDB code 1GM9[15] is a complex of
the enzyme with a real substrate, penicillin G sulfoxide. This
substrate is hydrolyzed by penicillin acylase, but very slowly,
which makes it possible to get a crystal of the complex. The
conformation of the active site is the same in the free enzyme as


in complexes with other substrate-analogous inhibitors reported
by Done.[11] Therefore, we can reasonably conclude that there is
negligible conformational freedom and adaptability of the PGA
active site upon the substrate binding.


Among the X-ray structures of PA-EC, 1GK9[12] (1.30 ä) and
1PNK (1.90 ä) have the best resolution, although the structure of
PGA from the Bro1 mutant strain of P. rettgeri (2.50 ä; PDB code:
1CP9)[16] shows the highest degree of homology with the PA-AF
sequence (49% identity, 69% homology). The homology values
for these structures are high enough to assure the construction
of a reliable model for PA-AF. A comparison of the crystallo-
graphic structures of PA from P. rettgeri (1CP9) and PA from E. coli
(1PNK), which have a sequence identity of 64% and homology of
75%, shows a root mean square deviation (RMSD) value for the
positions of the � carbon atoms and the whole backbone of
0.2 ä and 0.7 ä, respectively. The homology modeling process
was performed using several structures as templates, namely
1CP9 because of its high homology with PA-AF, and 1GK9 and
1PNK because of their high resolution.


The first and probably most critical step in protein homology
modeling is the alignment of sequences. Alignments were
performed by using the molecular operating environment
(MOE)[18] implementation of the Gonnet matrix system, visually
verified, and manually corrected. The correspondence and the
right alignment of the catalytic site residues were verified, with
particular attention to Ser B:1, Asn B:241, Ala B:127, Phe A:146,
Arg A:145, and Arg B:263, which are known to be crucial to the
catalytic mechanism.[10±15]


The construction of the three-dimensional model was carried
out by using the MOE homology modeling module, with enzyme
structure 1CP9 as a template in the first step. The � and � chains
were modeled separately (the enzyme is a heterodimer) by
means of calculation of 25 coarsely minimized intermediate
models, which were ranked by the structure quality Z score of
the MOE. One model of the � chain and one of the � chain had to
be chosen from this ensemble of structures, not only on the
basis of the Z score but also by taking into account the reciprocal
positions of the two chains. Each single intermediate structure
was then visually inspected and analyzed by means of the
protein evaluation tools available with the MOE module. A
careful inspection of the zone of contact between the two chains
was necessary for the choice of the best model for each chain. In
the best model of the � chain the positions of Cys492 and
Cys525 are perfectly compatible with a disulfide bridge, so a
bridge was added manually, in agreement with previous
reports.[5]


Homology modeling of the two chains was repeated by
following the same procedure as described above, with the
1GK9 and 1PNK structures as templates. The two further
homology models that resulted showed substantial similarities
to the model obtained by starting from the 1CP9 structure, since
RMSD values for the backbone and sidechain carbon atoms were
always below 0.7 ä for these structures. However the highest Z
score was obtained by starting from 1CP9, which indicates that
this homology model has greater statistical significance. This
model was thus chosen for the refining process and the
subsequent selectivity study.
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The protein validation tools of the MOE system guided the
refining process by pointing out structural errors and by
evaluating the quality of the structure. This refining process
was focused particularly on the zone of contact between the two
chains. Atom contacts were manually corrected and the
structure was relaxed by a series of consecutive local molecular
dynamics simulations and energy minimizations. Refinement of
dihedral angles did not require manual corrections and was
performed by a series of molecular dynamics simulations that
involved the movement of those residues that needed to be
refined.


The quality of the model was assessed by the protein report
tool of the MOE program and the results summarized in Table 1
indicate that the structure is of good quality, with more than
99% of residues in the allowed zone of the Ramachandran plot
(85% in the core of the plot), and with statistically reliable �


angles.


Structural differences between A. faecalis and E. coli PAs


The protein consensus tool of the MOE program was used to
identify regions of conserved structure in the two enzymes (PA-
AF and PA-EC). The majority of the �-chain is highly conserved, as
is the core of the protein, which includes the acyl cleft of the
active site (RMSD below 0.5 ä). The residues directly involved in
the catalysis (Ser B:1, Ala B:69, Asn B:241, and Arg B:263) are also
strictly conserved and substitution of Ser B:67 with an Ala
residue is the only significant change in the acyl cleft.


More significant differences between the homology model
and the template molecule were observed in the aminic subsite
and in general in the part of the protein that is more exposed to
the solvent, although the global atom standard deviation values
of the backbone and the sidechains are below 1.5 ä. The
peripheral part of the protein is the most variable part and this
can be ascribed to: 1) the presence of four extra residues in PA-
AF between aminoacids A:57 and A:70 of PA-EC; 2) the
C-terminal portion of the � chain, which contains two more
residues in PA-AF than in PA-EC; 3) the deletion of two residues
in the PA-AF sequence in comparison to the loop between
residues B:332 and B:337 in PA-EC. These differences are shown
in Figure 1.


In the aminic subsite, residue B:384 is a Thr residue in PA-EC
but a Pro residue in PA-AF and this difference translates into a
remarkable difference in folding in this zone of the protein. Also,
the bulkier Phe B:71 of PA-EC is substituted by a Pro in PA-AF and
this widens the space available in the aminic cleft (Figure 1).


Selectivity differences


In order to investigate the differences in selectivity between PA-
AF and PA-EC two different strategies were used: the GRID/PCA


Figure 1. Schematic representation of the PA-AF backbone, superimposed on the PA-EC backbone. Arrows point out the zones where the two proteins differ the most.
Color code: PA-AF � chain, red; PA-AF � chain, green; PA-EC � chain, blue; PA-EC � chain, magenta.


Table 1. Protein report of the homology model.


Parameter Observed Expected
Mean s.d.[a] Mean s.d.[a]


trans omega 171.9 7.1 180.0 5.8
C-� chirality 33.7 2.0 33.8 4.2
�1 ± gauche minus � 59.1 17.8 � 66.7 15.0
�1 ± gauche plus 56.7 17.6 64.1 15.7
�1 ± trans 187.1 13.3 183.6 16.8
helix � � 66.1 17.7 � 65.3 11.9
helix � � 35.4 19.7 � 39.4 11.3
�1 ± pooled s.d. - 15.1 - 15.7
proline � � 60.6 18.1 � 65.4 11.2


[a] s.d.� standard deviation.
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method and molecular docking. The GRID/PCA approach is a
computational strategy applicable to the study and detailed
description of differences in selectivity within a family of related
proteins. The method leads to the identification of those
structural differences that effectively translate into relevant
and significant variations in enzyme ± substrate interactions.[19, 20]


The GRID procedure, developed by Goodford in 1985, allows
estimation of the interaction energies between small chemical
groups (probes) and a target (either a protein or other small
organic molecule) by establishing a regular array of grid points
throughout and around the target. This computational tool
detects energetically favourable binding sites on such targets of
known three-dimensional structure.[21±24] The output of the
calculation is a molecular interaction field (MIF), which is a
three-dimensional matrix of the interaction energies between
the target and the probes calculated for each grid node. This
three-dimensional matrix was statistically analyzed by means of
principal component analysis (PCA) with the GOLPE program.[25]


PCA analysis pointed out those zones of the two structurally
related proteins engaging in interactions with a defined ligand
that differ in terms of nature and strength of the interaction (see
the Computational Methods section and Figure 2). An adequate
statistical treatment of the data set allowed irrelevant variables
to be discarded, as reported in the Computational Methods
section. The structure of PA-EC with the PDB code 1PNK and the
PA-AF homology model were used. The probes were divided into
two groups: apolar and H-bond donor/acceptor (Table 2).


Acylic subsite


The GRID/PCA analysis showed how the substitution of Ser B:67
with an Ala residue in PA-AF results in weaker interactions of the


acylic subsite with H-bonding probes. Figure 3a shows the PCA
scores plot of the hydrogen-bonding probes. This plot shows
how the first principal component discriminates between the
enzymes and allows verification of whether a difference in
substrate ± enzyme interaction exists. In the PCA loading plot of
the OH probe (Figure 3b) variables responsible for this difference
can be identified (circled in the figure). These variables can be
translated into a three-dimensional representation of their
original spatial position within the catalytic site (red cubes,
Figure 3c and 3d). This allows immediate identification of the
most important regions within the enzyme where a difference in
substrate selectivity occurs. The MIF of the OH probe, repre-
sented in the figure as a blue surface, quantifies the difference. In
this case, the MIF represents an isopotential surface of
2.5 kcalmol�1, which corresponds to a hypothetical difference
of 2.5 kcalmol�1 in interaction energy when a OH group binds
the enzyme in this zone compared to interaction energy with the


Figure 2. Scheme of the procedure for the conversion of the MIFs into the X matrix for the multivariate analysis. The three-dimensional matrices of interaction energies
were converted into one-dimensional vectors, which were combined to form the X matrix.


Table 2. Probes used for the selectivity study.


Apolar probes


DRY hydrophobic
C3 aliphatic carbon
C1 aromatic carbon


Polar probes


OH phenolic hydroxy group
ON nitro group oxygen atom
N2 : sp3 NH2, with a lone pair
N2 neutral flat NH2


N3� amine NH3 cation
O : carboxy oxygen atom
O carbonyl oxygen atom
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template enzyme. Therefore, the different interactions with
various hydrogen-bonding probes can reasonably be ascribed to
the substitution of Ser B:67 with an Ala residue.


It is widely recognized and has been experimentally demon-
strated that PA-EC shows its highest selectivity towards 4-hy-
droxyphenylacetic acid and this has been ascribed to the
stabilizing electrostatic interaction that occurrs between the
hydroxy substituent on the phenyl ring of the substrate and Ser
B:67.[8, 9, 11] Therefore, the presence of Ala B:67 in PA-AF causes a
decreased interaction energy with 4-hydroxyphenylacetic acid.
This effect is expected to cause a lower selectivity of PA-AF
towards this substrate. To obtain a deeper understanding of this


selectivity difference, a docking simulation was performed by
using an ensemble of conformers of the 4-hydroxyphenylacetic
acid and applying the GROUP program and the MOVE directive
of the GRID package, which allowed us to take into account the
flexibility of the side chains of the amino acids.


The calculated difference between the complexation energies
of the substrate with the two enzymes is about 2.5 kcalmol�1,
which is perfectly consistent with the loss of an H bond. This
outcome is in agreement with the expected lower selectivity of
PA-AF for the 4-hydroxyphenylacetic residue, which leads to a
decrease of the catalytic rate kcat of the acylation/deacylation
reaction, as well as to a lower inhibition constant.


Figure 3. Detailed description of the results of GRID/PCA analysis in the zone close to the B:67 position. The PCA scores plot of the hydrogen-bonding probes (a) shows
that the first principal component discriminates between the enzymes and allows verification of whether a difference in substrate ± enzyme interaction exists. Variables
responsible for this difference (b, circled) can be identified in the PCA loading plot of the OH probe. These variables can be translated into a three-dimensional
representation of their original spatial position within the catalytic site (red cubes; c and d). This process allows immediate identification of the most important regions
within the enzyme where a difference in substrate selectivity exists between the two enzymes studied. The MIF, represented in the figure as a blue surface, quantifies the
magnitude of the difference.
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Aminic subsite


Most of the structural differences between the two PAs are
located in the aminic subsite. The GRID/PCA procedure revealed
a larger MIF for PA-AF than for PA-EC with both hydrophobic and
polar probes. This difference is mainly due to the exchange of
the Phe B:71 found in PA-EC for a Pro residue in PA-AF. This
variation does not mutate the chemical nature of this zone in the
active site but enables the aminic subsite to accommodate
bulkier nucleophiles. The GRID/PCA analysis shows how the
presence of a proline residue in position B:384 in PA-AF leads to
a different backbone conformation from that in PA-EC and
causes a slight shrinkage of the cleft. This result is particularly
important since this zone is directly involved in the enantiospe-
cific recognition of aminoesters, which are N-acylated by PA.[9]


Arg B:263 and Ser B:386 interact with the carbonyl oxygen
atoms of esters of L-aromatic aminoacids, whereas D-substrates
cannot achieve a conformation suitable to establish this type of
stabilizing interaction.[9] The different conformation of the
backbone in this part of the subsite results in a reduction of
the space available for substrate accommodation in PA-AF and
this characteristic can strongly influence the selectivity of the
enzyme towards chiral nucleophiles. This structural evidence
could provide an explanation for the enantioselectivity of PA-AF
towards chiral amines lacking the acid/ester group, as demon-
strated experimentally by Sœvedas and co-workers.[2, 3] In order to
test and further validate the theoretical model, a docking
simulation was performed with five amides accepted by both
PA-AF and PA-EC, although with a different enantioselectivity.[2, 3]


The docking simulation was carried out with the MOVE
directive of the GRID package, which allows the flexibility of the
side chains of amino acids to be taken into account. All the
resulting conformations were visually inspected in order to
discard those with a geometry incompatible with catalysis.
Fewer than five structures resulted from each simulation carried
out and most of these structures could be discharged simply on
the basis that the position of the substrate in the active site was
clearly incompatible with catalysis, either because the ligand was
outside the active site or because of the position of the carbonyl
group with respect to the catalytic Ser residue. The remaining
complexes were subjected to energy minimization, during which
all the protein residues included in a sphere of 10 ä from the
substrate were allowed to move. We observed, however, that the
protein did not undergoe any conformational modification
during minimization. In all the complexes, the substrates have
the carbonyl carbon atom of their amide group at a distance of
2.45 ± 2.65 ä from the hydroxy oxygen atom of Ser B:1, and their
carbonyl oxygen atom points towards the oxyanion hole in an
orientation suitable for nucleophilic attack by the catalytic serine
residue.


The docking results (Table 3) are in a good agreement with
experimental data for both the substrates. The different shapes
of the aminic subsites of the two enzymes that result from the
change of Phe B:71 into Pro in PA-AF, and the different backbone
conformations of the enzymes caused by the change of Thr
B:384 into Pro in PA-AF were shown to have a major effect on
enzyme ± substrate interactions.


The two enantiomers of each of the compounds 1, 3, and 5
have quite similar conformations in PA-EC and thus have slightly
different interaction energies, and this difference translates into
low enantioselectivity. The enantiomers of the same substrates
in PA-AF show noticeable interaction energy differences as a
result of the changed shape of the cleft caused by the shrinkage
of the space available in the zone close to Pro B:384 in
comparison to that in PA-EC. This change in shape results in an
energy penalty for the interaction of the enzyme with (S)-1, (S)-3
and (R)-5. The enantiopreference of both the enzymes towards
the (S)-enantiomer of 2 is ascribable to the loss of the polar
interactions between the hydroxy group and both Ser B:386 and
Arg B:263 in the case of the (R)-enantiomer. Again, the narrower
cleft of PA-AF enhances the enantioselectivity.


The lack of enantiospecific recognition of 4 by both the
enzymes can be abscribed to the higher planarity of the indanyl
moiety compared the structures of the other substrates. The
indanyl group occupies almost the same space for both
enantiomers, which results in a very low interaction energy
difference between the two enantiomers and translates into a
lack of enantioselectivity.


The value of ��EEC-AF gives an estimate of the relative stability
of the complexes formed by the two enzymes with the same
substrate. The large values calculated for the substrates are
ascribable to the different space available for accommodating
these molecules in the enzymes. Therefore, the ��EEC-AF value is
an index of substrate selectivity and the results are in agreement
with the experimentally verified higher selectivity found for PA-
AF than for PA-EC.


Conclusion


Herein, we report the first three-dimensional model of penicillin
acylase from A. faecalis, built up by means of homology
modeling. The theoretical homology model was compared to
the E. coli enzyme structure, and an in silico selectivity study
based on the innovative GRID/PCA technique and on a
molecular docking approach enabled identification of the
regions of the active sites in which the two PAs engage in
different interactions with ligands. PCA proved to be a very
effective tool for the comparison of the two structures on a
rational basis, and also sped up the computational analysis. A
comparison of two 3D structures carried out only on an empirical
basis (simply by observation of differences) would be both more
time consuming and less reliable than the GRID/PCA method
since this computational approach is able to point out differ-
ences between the enzymes and also to evaluate the nature and
extent of these differences once the ™noise∫ of insignificant
differences has been cleared away. As a result, only significant
variations in chemical and structural terms were investigated in
detail and these variations turned out to be in agreement with
experimental data on selectivity.


Important differences in both the acylic and the aminic
subsites were revealed and shed light on the structural basis of
the different substrate enantiorecognition of the two enzymes,
which was previously demonstrated experimentally by Sœvedas
and co-workers. Furthermore, a different selectivity towards
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4-hydroxyphenylacetic acid was predicted on the basis of a
change in the amino acid sequence at position B:67.


This study provides a theoretical structural model that can be
used to fully exploit the stability and selectivity of PA-AF in the
development of novel asymmetric syntheses and for the
modification of �-lactam antibiotics.


Computational methods


All molecular modeling calculations were performed on an i686
Linux workstation, multivariate analyses were executed by the
GOLPE program on an SGI O2 R10000 workstation.


Homology modeling, molecular dynamics simulations, and energy
minimizations were calculated by using the molecular operating
environment (MOE) version 2001.01 software. For GRID MIF calcu-
lation the GRID 20 Linux edition package was used. The docking
simulations were made by using the GROUP program of the GRID 20
package. Energy minimizations were calculated with the Sybyl 6.8
program [26] by using the Amber force field.[27]


The chains alignment was performed with the align algorithm of the
MOE program by using the Gonnet matrix with a penalty gap of 3
and a penalty for extending a gap of 1. The construction of the three-


dimensional model was carried out
with the MOE homology modeling
module by means of calculation of
25 intermediate models that were
coarsely minimized by using the
1CP9 structure as a template. The
calculations were repeated with
structures 1PNK and 1GK9. The
resulting models were compared
by means of the ™protein consen-
sus∫ tool of the MOE package for
identification of regions of con-
served structure within a set of
superposed 3D protein structures.
This comparative analysis indicated
that the best models for both � and
� chains were those calculated with
structure 1CP9 as a template. The �


and � chains models were joined
together and the final structure was
refined by manual corrections, local
dynamics simulations, and energy
minimizations, during which only
residues within 5 ä of the substrate
were allowed to move. The molec-
ular dynamics simulations were set
to 5 ps of heating to 600 K, 10 ps of
equilibrium at 300 K, and 5 ps of
cooling to 0 K. Energy minimiza-
tions were made in 100 steps of
steepest descent with an RMS gra-
dient test of 1000, 100 steps of
conjugated gradient with an RMS
gradient test of 100, and 500 trun-
cated Newton steps with an RMS
gradient test of 0.01. The Amber
force field was used.


Water molecules were removed
from the crystallographic structure


1PNK and then the two structures were superimposed by using the
protein modeling tools of the MOE package. To perform an efficient
GRID mapping of the enzymes, their global charges had to be
neutralized. This task was performed by adding potassium ions to
the proteins in positions calculated on a K� GRID MIF by using the
MINIM and FILMAP programs. The GRID calculations were then
based on the neutral structures. The GRID cage was built to include
the active sites of the enzymes. The calculation was performed
taking into account the conformational mobility of amino acid side
chains by setting the MOVE directive to 1.


The three-dimensional matrixes of interaction energies (MIFs)
obtained from the GRID calculations were converted into one-
dimensional vectors and combined by using the GOLPE program to
form a bidimensional X matrix. The first dimension of the X matrix
represents the probe ± enzyme interactions while the second
dimension contains the values of the interaction energy calculated
for each node for the multivariate analysis. Pretreatment of the data
set was necessary to focus attention only on relevant variables,
therefore all the variables with an absolute value below 0.01 or with a
standard deviation of less than 0.03 were set to zero. Positive
interaction energy values were also set to zero by using the
™maximum positive cut-off∫ tool of the GOLPE software. The use of
only the negative, favorable interaction energies has the advantage
of removing the information related to interactions that are sterically


Table 3. Comparison of experimental E[2, 3] values with docking results.[a]


Substrate Enzyme E (preferred
enantiomer)


��E [kcalmol�1]


1 E. coli 10 (R) � 2.3 (R)
A. faecalis 310 (R) �16.8 (R)


2 E. coli 95 (S)
A. faecalis 670 (S) �36.1 (S)


3 E. coli 2 (R) � 0.9 (S)
A. faecalis 110 (R) �11.1 (R)


4 E. coli 12 (R) � 1.9 (R)
A. faecalis 2.8 (R) � 0.4 (R)


5 E. coli 2 (S) � 1.8 (S)
A. faecalis 100 (S) � 9.8 (S)


[a] E, interaction energy; ��E, difference between the interaction energies of the two enantiomers of each
substrate with the enzyme, calculated by molecular modeling.
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unfavourable because of closeness of the probe to the protein. The
™region cut-out∫ tool of the GOLPE software was applied to discharge
all the points of the grid lying outside the active site from the model
and thus define the region of binding.[25] The data pretreatment
allowed reduction of the number of active variables to about 1% of
the whole data set.


Since hydrophobic interactions are usually much lower in absolute
value than polar ones, two different submodels were built up for the
apolar and for the polar probes, respectively. This process allowed
the risk of underestimating hydrophobic interactions to be avoided
and circumvented the need to use an autoscaling process, which can
introduce significant noise into the model.


Principal component analysis was applied to the X matrix to extract
the relevant information. The multivariate characterization of the
catalytic sites produced a mathematical hyperspace, where each
node corresponds to one dimension and each probe is represented
by a point. The closer the positions of two points, the more strongly
these points are correlated. The original data were projected onto a
few principal components, or ™latent variables∫. These principal
components are linear combinations of all the original node values.
The plot of the principal components gives information on the
overall structure of the data set.


The docking simulations were performed by using the GROUP
program of GRID 20 package. An ensemble of conformers of
substrates was generated by a systematic search as implemented in
the MOE package by rotating each single bond in 10 degrees steps.
The conformers were used as input for the GROUP programs by
means of the AutoGroup utility; the MOVE directive was set to 1. The
resulting complexes were visually inspected in order to discard the
unacceptable ones. All the complexes were finally minimized by
using the Amber force field in its Sybyl implementation, with the
Powell algorithm: the substrate and all the residues within a sphere
of radius of 10 ä centred on the substrate were allowed to move. The
��E values were calculated from the differences between E values
calculated for each enantiomer ± enzyme complex.
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Structures and Stabilities of Small DNA
Dumbbells with Watson ±Crick and Hoogsteen
Base Pairs
Nuria Escaja,[b] Irene Go¬mez-Pinto,[a] Manuel Rico,[a] Enrique Pedroso,[b] and
Carlos Gonza¬lez*[a]


The structures and stabilities of cyclic DNA octamers of different
sequences have been studied by NMR and CD spectroscopy and by
restrained molecular dynamics. At low oligonucleotide concentra-
tions, some of these molecules form stable monomeric structures
consisting of a short stem of two base pairs connected by two mini-
loops of two residues. To our knowledge, these dumbbell-like
structures are the smallest observed to date. The relative stabilities
of these cyclic dumbbells have been established by studying their
melting transitions. Dumbbells made up purely of GC stems are
more stable than those consisting purely of AT base pairs. The order
of the base pairs closing the loops also has an important effect on
the stabilities of these structures. The NMR data indicate that there
are significant differences between the solution structures of


dumbbells with G ±C base pairs in the stem compared to those
with A ± T base pairs. In the case of dumbbells with G ±C base pairs,
the residues in the stem form a short segment of a B-DNA helix
stabilized by two Watson ±Crick base pairs. In contrast, in the case
of d�pCATTCATT�, the stem is formed by two A±T base pairs with
the glycosidic angles of the adenine bases in a syn conformation,
most probably forming Hoogsteen base pairs. Although the
conformations of the loop residues are not very well defined, the
thymine residues at the first position of the loop are observed to
fold back into the minor groove of the stem.


KEYWORDS:


DNA hairpin ¥ DNA structures ¥ Hoogsteen base pair ¥
NMR spectroscopy ¥ oligonucleotides


Introduction


In addition to the regular right-handed double helices, DNA may
fold into a wide variety of structures, which include hairpins,
cruciforms, triplexes, quadruplexes, and so on. Among these
motifs, DNA hairpins have received considerable attention
because of their possible implication in several biological
processes. For this reason, the structures of many DNA hairpins
have been determined in the last decade.[1, 2] Most of these
studies have been carried out by means of NMR methods, and
have focused on the most stable hairpins. In many cases,
however, study by NMR methods is impeded by the flexibility
inherent in short oligonucleotide fragments. In theses cases,
cyclic oligonucleotides can be used as more suitable models
than their linear analogues since the conformational constraints
induced by cyclization of the chain increase the stabilities of the
structures. Moreover, cyclization prevents the formation of
dimeric duplex structures that may coexist with the hairpin
forms. Although it has been shown that this assumption is not
always valid,[3] cyclic oligonucleotides of moderate size are
usually monomeric. Since the melting behavior of monomeric
species can be analyzed more easily than that of dimeric
duplexes, these cyclic molecules have been extensively used as
convenient models for thermodynamic studies of sequence-
dependent interactions in DNA.[4±10]


Cyclic oligonucleotides are also interesting because of their
potential use in regulation of gene expression, as antisense or
antigene compounds. These molecules display increased nucle-


ase resistance and cellular uptake in relation to their linear
analogues and are good candidates for diagnostic or chemo-
therapeutic agents.[11] In addition, it has been proposed that
these molecules might serve as regulators of gene expression by
acting as decoys for specific transcription factors.[12, 13]


DNA hairpins with mini-loops of only two residues have been
studied since the early 1990s[14, 15] and have been classified into
different types depending on the conformations of the unpaired
bases in the loops.[2, 16] In addition, it has been shown that two-
base-loop hairpins can occur in vivo,[17] and it has been
suggested that these structures may play roles in gene
regulation, recombination, or mutagenesis. Small DNA loops
have also been studied in dumbbell-like cyclic oligonucleoti-
des.[18] These molecules consist of two loops of unpaired
nucleotides connected by a central stem of double-helical
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DNA. One of the most studied dumbbells is the decamer
d�pCGCTTGCGTT�.[19] The structure and thermodynamics of this
oligonucleotide have been extensively studied by various
methods.[20±22] In solution, this molecule adopts two conforma-
tions. The structure of the first conformer consists of a central
stem formed by three Watson ±Crick G ±C base pairs connected
by twomini-loops made up of two thymine residues. In the other
conformer, the closing GC pair in the 5�-GTTC-3� sequence is
partially disrupted and forms a G(anti) ± C(syn) pair with only one
hydrogen bond. The rest of the nucleotides in the stem form
canonical Watson ±Crick base pairs.


In a previous work we used small cyclic oligonucleotides as
models to study four-stranded DNA structures in solution.[23]


Cyclic octamers can form dimers, which are stabilized by
intermolecular Watson ±Crick base pairs. However, we found
that under certain conditions, these dimers coexist in equili-
brium with monomeric forms.[3] Surprisingly, some of these
monomeric octamers, which can form only two intramolecular
base pairs, are quite stable. Herein we report the structures and
thermodynamic behavior of the monomeric forms of several
cyclic octamers studied by NMR and CD spectroscopy. In four
cases, the NMR data are consistent with dumbbell-like structures,
each formed from a stem of two base pairs and two mini-loops
of two residues. In the case of dumbbells formed by G±C pairs,
the stems each consist of a short segment of B-form DNA. When
the stem is made up of A± T pairs, however, the glycosidic angle
of the adenine residues adopt a syn conformation, which
suggests the formation of Hoogsteen base pairs. This structure
resembles a short segment of the antiparallel Hoogsteen DNA
helix recently found in the crystal structure of d(ATATAT)2.[24]


Results


Equilibrium between monomeric and dimeric forms


In a previous publication we showed that the 1H NMR spectra of
the cyclic octamers d�pCATTCATT� (dumbbell I in this study) and
d�pTGCTCGCT� (dumbbell II) depend strongly on the oligonu-
cleotide concentration.[3] This dependency results from an
association equilibrium between the monomeric and dimeric
forms of these molecules that is slow on the NMR time scale.
Similar behavior was observed for all the cyclic octamers studied
in this paper (see Scheme 1). Except in the case of I, the
populations of dimeric forms are significant at the oligonucleo-
tide concentrations usually employed in NMR studies. The
populations of the dimers increase at high ionic strengths.
Experiments were therefore carried out at low salt concentra-
tions to reduce the populations of the dimeric forms.


Circular dichroism and thermal denaturation


The thermal denaturation of the five cyclic oligonucleotides
shown in Scheme 1 was monitored by UV spectroscopy and
circular dichroism (CD) spectroscopy. As a result of the small sizes
of these molecules, the hypochromicity effect caused by the
dumbbell structure is low and the change in UVabsorption upon
dumbbell melting is small. The melting behavior of these


Scheme 1. Cyclic oligonucleotides studied in this paper.


molecules is better observed by following the changes in their
CD spectra. For dumbbells I ± IV, the main feature of each CD
spectrum is the large positive band around 280 nm. As can be
seen in Figure 1, this band diminishes drastically with increasing
temperature. In the case of d�pCCGTCCGT� (V; E in Figure 1),
however, this band is much smaller than for I ± IV and there is
almost no change in the CD spectrum with temperature. The CD
spectrum of this molecule is very similar to that of
d�pCGCTCATT� (VI), which cannot form a dumbbell-like structure
and is used in this study as a control compound. For dumb-
bells I± IV, the changes in ellipticity at �max with temperature are
plotted in Figure 2. These melting curves are concentration-
independent and were analyzed by assuming a two-state
equilibrium. The thermodynamic parameters obtained are
shown in Table 1.


Spectral assignment


Sequential assignments of exchangeable and non-exchangeable
protons were carried out by standard 1H NMR methods. Many
features of the non-exchangeable proton resonances are
common to all the oligonucleotides. With the exception of
dumbbell II, the sequences are repetitive and therefore only four
spin systems are found in each spectrum (residue pairs 1/5, 2/6,
3/7, and 4/8 are degenerate). In the case of II, although the
sequence is nonrepetitive, all non-exchangeable protons of G2
and G6 are degenerate. In addition, the proton chemical shifts in
residues C3 and C7 are very similar but not all identical. Spin
systems were identified in the TOCSY and COSY spectra in D2O.
The base protons of cytosine and thymine residues were
identified by the H5-H6 or Met-H6 cross-peaks in the TOCSY
spectra and connected to their sugar spin systems by the H6-H1�
cross-peak in the NOESY spectra. All intranucleotide H1�-base
NOEs are medium or weak, which indicates that the glycosidic
angles in all the nucleotides are those found in anti conforma-
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tions. The only exception is the case of dumbbell I, for which the
intraresidual NOE between H1� and H8 of the two equivalent
adenine residues is particularly strong (its intensity at all mixing
times is comparable to the NOE between H5 and H6 of C1). This
strong NOE is clear evidence of a glycosidic angle of a syn
conformation. Regions of the two-dimensional NOESY spectrum
of dumbbell I illustrating these assignments are shown in
Figure 3. The strong H1�-H8 NOE of A2 can be seen in the panel
on the right of the figure.


Strong sequential sugar ±base connections were observed
between residues 2 and 3 (and the equivalent 6 and 7) in all the
molecules, with the exception of dumbbell V. Sequential con-
nections with other residues were weak or not observable;
nevertheless complete sequential assignment could be carried
out, except in the case of V. The adenine H2 protons were
identified by their long spin-lattice relaxation times. Almost all


the resonances were identified, including
the assignment of some H5�/H5�� protons.
The complete assignment lists are shown
in Table S1 in the Supporting Information
and have been deposited at the BioMa-
gResBank (BMRB).[25] In the case of dumb-
bell V, the poor chemical shift dispersion
prevented the sequential assignment of
protons H3�, H4�, H5�, and H5��. Exchange-
able protons were not detected for this
oligonucleotide.


Exchangeable protons could be ob-
served in the H2O spectra of dumbbells I
and II. In the case of II, the two imino
signals of the guanine residues are not
completely degenerate and their chemical
shifts are characteristic of Watson ±Crick
base pairs. These signals were specifically
assigned through their NOESY cross-peaks


Figure 2. Top: CD melting curves of the cyclic oligonucleotides d�pCATTCATT�,
d�pTGCTCGCT�, d�pAGCTAGCT�, and d�pTGCATGCA�. Middle and bottom: NMR
melting curves for the aromatic and methyl protons of d�pTGCTCGCT�.


Figure 1. CD spectra of the cyclic oligonucleotides : A) d�pCATTCATT�, B) d�pTGCTCGCT�,
C) d�pAGCTAGCT�, D) d�pTGCATGCA�, E) d�pCCGTCCGT�, F) d�pCGCTCATT�.
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with their base-paired cytosine moieties. The three thymine
imino protons resonate at 10 ± 12 ppm, which indicates that
these bases are not paired. In the case of I, two imino protons
were observed (13.3 and 10.9 ppm). The lower field imino moiety
was assigned to the base-paired thymine residues, T3 and T7.
Unfortunately, this signal is broad, and no cross-peak could be
found either with H2 or with H8 of the base-paired adenine
residue. Interestingly, the linewidth corresponding to these
protons is much larger than those corresponding to the
unpaired thymine moieties (see the Supporting Information).
This result may indicate that another effect, not solvent
exchange, is responsible for the observed line broadening. The
behavior of the linewidths of these signals at different temper-
atures suggests a dynamic equilibrium involving the H3 proton
of T3 (and the equivalent T7).


Thermal denaturation monitored by NMR spectroscopy


Thermal denaturation was monitored by measurement of the
chemical shift variation with temperature for different protons.
Examples of these chemical shift profiles are shown in Figure 2.


As can be observed in Figure 2 (and in more detail in Table S2),
the melting temperatures for different protons are similar, which
indicates that the transition between the dumbbell and a close
random coil structure is mainly cooperative. In all cases, the
average melting temperatures obtained by NMR spectroscopy
are almost coincident with those estimated from CD data. Since
these experiments were carried out at very different oligonu-
cleotide concentrations, the agreement between melting tem-
peratures indicates that the transition corresponds to a mono-
molecular process. Under these circumstances, the thermody-
namic parameters can be directly estimated from the melting
profiles.


The �G values obtained from CD and NMR data indicate that
dumbbells II and III are the most stable, followed by dumbbell I.
The stability of dumbbell IV is only marginal, with positive �G
values at room temperature.


Structure calculation


The solution structures of dumbbells I and II were calculated
from experimental distance constraints derived from NOE


Table 1. Thermodynamic parameters for dumbbell formation.[a]


Sequence Tm (NMR) [K] �G0
298 (NMR) [kJmol�1] �H0 (NMR) [kJmol�1] Tm (CD) [K] �G0


298 (CD) [kJmol�1] �H0 (CD) [kJmol�1]


d�pCATTCATT� 311�2 �3� 1 �77� 4 312� 1 � 3� 1 � 68
d�pTGCTCGCT� 324� 2 �6� 1 �79� 3 325� 1 � 6� 1 � 70
d�pTGCATGCA� 321� 4 �5� 1 �79� 5 327� 1 � 5� 1 � 69
d�pAGCTAGCT� 291� 3 1.3� 1 �76� 11 �294 � 1.0 �� 68
d�pCCGTCCGT� No structure


[a] Tm, melting temperature; �G, free energy change; �H, entropy change.


Figure 3. Regions of the NOESY spectrum of d�pCATTCATT� in D2O. The aromatic-H2�/2�� region (left panel) and aromatic-H1� region (right panel) are shown. Cross-
peaks are labeled according to the numbering in Scheme 1. In the right-hand panel, only intraresidual aromatic-H1� cross-peaks are labeled. Note that the residue pairs
1/5, 2/6, 3/7, and 4/8 are degenerate.
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intensities, and torsion angle constraints de-
rived from J coupling constants. The structures
of dumbbells III and IV could not be calculated
because the number of experimental con-
straints that could be extracted from the
spectra was very small. In the first case, the
low stability of the dumbbell impeded the
acquisition of a good-quality NOESY spectrum.
In the second case, the dumbbell is more
stable, but the presence of dimeric structures
at a relatively low oligonucleotide concentra-
tion prevented the acquisition of good spectra
of the monomeric form.


For dumbbells I and II, 186 and 70 distance
constraints, respectively, could be derived
from NOESY experiments (see Table 2). Most
of the sequential constraints are mainly locat-
ed in the step 2�3 (and the equivalent step
6�7), which indicates that these bases are
stacked. In the case of I, no constraints involving exchangeable
protons could be obtained because of the large linewidth of the
imino protons of the base-paired thymine residues.


Coupling constants, J, for deoxyribose moieties were esti-
mated from DQF-COSY experiments, and in all cases the
J couplings are consistent with sugar puckers predominantly in
the S domain (see Table S3). No stereospecific assignments for
the H5�/H5�� protons could be performed, and consequently the
� angle could not be determined. However, some dihedral angle
constraints could be obtained from analysis of the
31P ± 1H correlation experiments. Since all the 31P
resonances lie between �4.25 and �3.70 ppm, we
can conclude that no � or � angle is that found in a
trans conformation.[26] In addition, the small hetero-
nuclear 3J couplings between the phosphorus atom
and the two H5�/5�� protons of A2 and T4 indicates
that the � angles of these (and the equivalent residues
A6 and T8) are those of a trans conformation.


These experimental constraints were used to
calculate the structures by restrained molecular
dynamics. Ten structures were calculated with the
aid of the program DYANA 1.5,[27] and these struc-
tures were refined by use of the molecular dynamics
package AMBER 5.1,[28] as explained in the Materials
and Methods section. In the AMBER refinement, ten
structures were calculated in vacuo by a high-
temperature annealing procedure. The resulting
structures were further refined by means of 220-ps
NMR-restrained molecular dynamics trajectories in-
cluding explicit solvent terms and a better evalua-
tion of the electrostatic term. It has been shown that
these calculations improve the quality of the final
NMR-derived structures.[29±31] The final structures
converged to a well-defined region of the conforma-
tional space, with mutual RMS deviations lower than
1.0 ä for the central stems of both molecules (see
Table 2). Residual distance constraint violations are
small, which demonstrates that the structures satisfy


the experimental constraints. The higher number of distance
constraints means that the residual violations in dumbbell I are
larger than those in dumbbell II. Most of these violations involve
thymine residues 4 and 8 in the loops.


Solution structures of d�pCATTCATT� and d�pTGCTCGCT�
The ten structures resulting from the final refinement in water
are displayed in Figure 4 and Figure 5. As expected, the


Table 2. NMR restraints and structural statistics.


Experimental distance constraints Dumbbell I d�pCATTCATT� Dumbbell II d�pTGCTCGCT�
Total number 186 70
intraresidue 120 36
interresidue 66 34


RMSD[a]


bases central stem[b] [ä] 0.4� 0.1 0.5� 0.2
all heavy atoms central stem[b] [ä] 0.7� 0.2 0.8� 0.2
all heavy atoms [ä] 1.8� 0.7 2.5� 0.9


Residual violations


sum of violations [ä] 13.7 1.0
max. violation [ä] 0.7 0.4
Average NOE energy [Kcalmol�1] 51 6
range of NOE energies [Kcalmol�1] 45 ± 58 2± 7


[a] Root mean square deviation. [b] Residues 2, 3, 6, and 7.


Figure 4. Stereoscopic views of the superpositions of ten structures of the monomeric forms of
(top) d�pCATTCATT� (I) and (bottom) d�pTGCTCGCT� (II). The sugar ± phosphate backbones are
shown in black. Nucleobases of the base-paired residues are in blue, and those in the two mini-
loops are shown in green (1, 5) and red (4, 8).
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structures of I and II are made up of a short double-helical region
of two base pairs connected by two-base loops. In the case of II,
the base pairs are Watson ±Crick, all the glycosidic angles are
those of anti conformations, and the pseudorotation phase
angles of the deoxyribose units are in the general S domain (see
Table 3). The residues in the loop are disordered because of the
low number of experimental constraints in these regions.


In the case of I, the resulting structures each consist of a two-
residue stem with two Hoogsteen T(anti) ± A(syn) base pairs. The
structures of the loops are better defined than in the case of II.
The residues in the second position (in the 5� to 3� direction), C1
and C5, stack on top of the Hoogsteen base pairs, while those in
the first position, T4 and T8, turn towards the minor groove of
the stem (see Figure 5). These latter two residues are more
disordered than C1 and C5, and adopt two families of
conformations, depending on which thymine residue (T4 or
T8) enters more deeply into the minor groove (see Figure 4).
Thymines 4 and 8 exhibit the largest distance constraint
violations (the sum of residual violations for them is approx-
imately 10 ä), which indicates that none of the structures is


totally compatible with the experimental con-
straints. The observation of two families of
conformations for these residues may be a
consequence of the short length of the double-
helical stem, which is too small to accommo-
date two thymine bases.


In each of the two structures the phosphate
backbone is more disordered than the bases, as
is usually observed in NMR-derived oligonu-
cleotide structures. The average values for the
backbone dihedral angles are shown in Table 3.
Most of the well-defined angles (those with
order parameters larger than 0.85) are in the


stem of the dumbbells and adopt values common in right-
handed double-helical DNA.


Discussion


The CD and NMR data show that octameric cyclic oligonucleo-
tides can form stable, dumbbell-like structures in solution. The
structures and stabilities of these small DNA dumbbells depend
strongly on the nucleotide sequence. A more detailed structural
analysis of two of these molecules, d�pCATTCATT� (I) and
d�pTGCTCGCT� (II), shows that they adopt very different
conformations. Whereas the stem in dumbbell II is a very short
segment of a B-DNA helix, in the case of I these residues form a
short antiparallel helix with Hoogsteen base pairs. In the case of
II and of other dumbbells with G±C pairs in their stems, direct
evidence of Watson ±Crick association is provided by the NOE
cross-peaks between the guanine imino protons and the
cytosine amino groups. In contrast, the imino resonance
corresponding to the base-paired thymine residues in dumb-
bell I is broad and no cross-peaks with the adenine H8 could be


Figure 5. Detail of the loops of d�pCATTCATT�.


Table 3. Geometric parameters.[a]


Dumbbell I d�pCATTCATT�
� � � � � � � ps


Av O.P Av O.P. Av O.P. Av O.P. Av O.P. Av O.P. Av O.P.


1C � 68 0.7 169 0.3 127 0.5 147 1.0 � 92 0.8 � 70 0.8 � 155 1.0 165� 3
2A 56 0.5 �163 0.5 �168 1.0 118 1.0 � 128 1.0 87 0.6 54 1.0 117� 2
3T �101 1.0 51 0.9 175 1.0 149 1.0 � 155 1.0 � 65 1.0 � 123 1.0 172� 2
4T 127 0.2 177 0.9 91 0.7 154 1.0 � 125 0.8 �112 1.0 � 135 1.0 175� 3
5C � 79 0.9 168 0.2 167 0.7 147 1.0 � 101 0.7 � 67 0.8 � 154 1.0 172� 2
6A 40 0.4 �150 0.3 �168 1.0 112 1.0 � 146 0.8 100 0.3 49 1.0 163� 2
7T 112 0.8 75 0.8 �166 1.0 144 1.0 � 156 1.0 � 111 0.8 � 120 1.0 113� 2
8T 98 0.1 179 0.9 99 0.6 149 1.0 � 133 0.8 �116 1.0 � 139 1.0 169� 4


Dumbbell II d�pTGCTCGCT�
� � � � � � � PS


Av O.P. Av O.P. Av O.P. Av O.P. Av O.P. Av O.P. Av O.P.


1T �102 0.8 170 0.8 60 0.8 141 1.0 � 89 0.7 � 80 0.7 � 85 0.9 153� 4
2G 102 0.5 �159 0.3 �164 1.0 127 1.0 � 131 0.7 103 0.4 � 76 1.0 137� 9
3C � 50 0.3 177 0.7 95 0.4 123 1.0 � 175 0.7 � 164 0.5 �117 1.0 132� 5
4T 136 0.4 179 1.0 123 0.4 134 1.0 � 174 0.7 � 108 0.6 � 126 1.0 148� 5
5C �167 0.4 177 1.0 144 0.5 138 1.0 � 133 0.7 � 89 0.8 � 121 0.9 163� 8
6G �168 0.4 180 0.9 162 0.5 119 1.0 � 178 0.5 96 0.1 � 74 1.0 146� 6
7C � 73 0.1 177 0.6 139 0.4 131 1.0 � 130 0.6 � 92 0.3 �112 0.9 146� 13
8T 30 0.4 �135 0.7 �170 0.8 146 1.0 � 130 0.8 � 143 0.2 � 121 0.9 144� 5


[a] O.P. , angular order parameter
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found. However, the NOE data involving non-exchangeable
protons clearly demonstrate that the adenine residues adopt syn
conformations. This conformation is not compatible with the
formation of two A±T Watson ±Crick base pairs and, conse-
quently, hydrogen bond restrictions corresponding to Hoogs-
teen base pairs were included in the calculation. Since the
residual constraint violations in the final structures are small, and
there are no significant distortions, we can conclude that the
experimental information is compatible with the formation of
two Hoogsteen A±T base pairs. The stem of the dumbbell
structure of d�pCATTCATT� resembles the antiparallel Hoogsteen
helix recently observed in the crystal structure of d(ATATAT)2 .[24]


Other Hoogsteen T(anti) ± A(syn) base pairs have been observed
in chemically modified oligonucleotides,[32] in some protein ±
DNA complexes,[33] or in the closing base pairs of some DNA
hairpins, as in the structure of d(ATCCTATTTATAGGAT).[15] Hoogs-
teen A±T base pairs have also been found in DNA complexes
with some intercalating drugs.[34]


When Hoogsteen base pairs are observed by NMR methods,
they are usually found in dynamic equilibrium with different
conformations. This is probably the case in the structure of
dumbbell I, where the linewidth of the base-paired imino signal
at different temperatures is characteristic of a dynamic equili-
brium on an intermediate timescale. Similar behavior has been
observed in some DNA mini-hairpins, in which this effect has
been associated with a conformational exchange between syn
and anti conformations of the glycosidic angle of the pu-
rines.[20, 22, 35] In the case of I, all the NOEs between non-
exchangeable protons are consistent with the adenine glycosidic
angles in a syn conformation, but a minor population of an anti
conformer cannot be disregarded.


Although the loop region in the structure of dumbbell I is not
as well defined as the stem, the conformation of the bases in the
loops could be determined. According to the folding topology
classification for two- and four-membered loops developed by
Hilbers and co-workers,[16] the loops of this dumbbell belong to
Type II. In this group the base in the first position of the loop
turns into the minor groove and the second base lies over the
base pair. In dumbbell I, cytosines 1 and 5 stack on top of the
A±T base pairs, and thymines 4 and 8 approach the minor
groove of the stem. Interestingly, the interaction of the loop
thymine residues with the A±T stem resembles the contacts of
the extrahelical thymine residues in the antiparallel Hoogsteen
helix structure adopted by the oligonucleotide d(ATATAT)2.[24] In
this crystallographic structure, the terminal thymine residues of
the oligonucleotide are not base paired, but enter into the minor
groove of a symmetry-related duplex. This interaction may be
important to stabilize the Hoogsteen conformation, since the
minor groove is more hydrophobic in an antiparallel Hoogsteen
helix than in a canonical Watson ±Crick duplex.


In the case of dumbbell II, the structure of the molecule could
not be obtained in enough detail to determine the conformation
of the bases forming the loops. The poor definition of these
residues could reflect an inherent flexibility in the loop regions of
these molecules, but it could also be a consequence of the small
number of structural constraints obtained as a result of the low
concentration of the sample. It is interesting to compare the


structure of dumbbell II with that of the decamer
d�pCGCTTGCGTT�.[22] This cyclic oligonucleotide adopts a dumb-
bell structure formed by three G±C base pairs in which one of
the closing loops has the same sequence as the loops of
dumbbell II, 5�-C-NN-G-3�, while the other one is 5�-G-NN-C-3�.
The structures of the stems in the two molecules are very similar,
but in d�pCGCTTGCGTT� the loop 5�-C-TT-G-3� adopts a well-
defined structure similar to that found in dumbbell I. Very similar
loop conformations have been observed in the linear octamers
d(CGCTCGCG) and d(CGCCTGCG).[36] In dumbbell II the loop
conformations are not well defined, although they have almost
identical sequences. This might be a consequence of the short
helical stem of the octameric dumbbells. Since the two loops are
very close to each other in dumbbell II, two nucleobases (one
from each loop) cannot fit into the minor groove simultaneously.
This effect is also observed in dumbbell I, but in this case the
thymine residues in the loops still approach the minor groove
because of its higher hydrophobicity in I than in II.


Thermodynamic data for this decamer and for the related
dumbbell d�pGGCTTGCCTT� have been reported.[21] The Tm
values are 352 K and 365 K, respectively. Comparison of the
latter value with the thermodynamic data obtained for dumb-
bell II, which has similar loops, indicates that the addition of one
base pair to the stem increases the melting point by around
40 �C. In the case of d�pCGCTTGCGTT�, the presence of the less
favorable 5�-G-NN-C-3� loop decreases the Tm value by 13 �C, but
this molecule is still 30 �C more stable than dumbbell II.


As shown in Table 1, the stabilities of the cyclic octamers
studied here depend strongly on the nucleotide sequence. The
difference in stability between d�pTGCTCGCT� (II) and
d�pCCGTCCGT� (V) is particularly dramatic. Although these two
octamers might form dumbbells of two G±C base pairs closed
by two pyrimidine loops, II is very stable (�G0


298 �� 6 kJmol�1),
whereas no structure can be observed for V. The molecules differ
mainly in the order of the base-paired residues. In II the mini-
hairpin loops have the sequence 5�-C-NN-G-3�, while in V
the sequence is 5�-G-NN-C-3�. The difference in stability between
II and V reflects the tendency, observed in other DNA hairpins
with larger stems[14, 37] and also in DNA dumbbells,[22] for the
sequence 5�-C-NN-G-3� to adopt two-base loops, whereas the
sequence 5�-G-NN-C-3� has a propensity to form loops of four
residues. Since the oligonucleotides studied here are all
octamers, dumbbell structures with four-residue loops cannot
be formed.


The interpretation of the different stabilities of dumbbells III
and IV is not straightforward. Both molecules are similar to
dumbbell II, but they have a purine base in each of the loops.
Although no structure calculations could be carried out, the
available NMR data indicate that these two oligonucleotides
adopt dumbbell structures similar to that of dumbbell II. Several
authors have reported that DNA hairpins with purines in the
loops are less stable than hairpins with purely pyrimidine-
containing loops,[37, 38] but this effect also depends on other
factors, such as the number of residues in the loop, the sequence
of the stem, and so on. Here, we observe that dumbbell III, with
the purine base in the first position of the loop, has a �G value
very similar to that of dumbbell II, with purely pyrimidine-







C. Gonza¬lez et al.


630 ¹ 2003 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim www.chembiochem.org ChemBioChem 2003, 4, 623 ±632


containing loops. Dumbbell IV, however, with the purine in the
second position of the loop, is clearly less stable. Similar relative
stabilities have been observed in linear mini-hairpins with
analogous loop sequences,[36] but the differences we observed
are more pronounced. This result is probably due to the small
number of base-paired residues in the stem, which makes the
effect of the loop residues more dramatic.


Conclusion


The results reported herein show that octameric cyclic oligonu-
cleotides can form monomeric, dumbbell-like structures with
two-residue mini-loops. The NMR data and the structural
calculations carried out for d�pCATTCATT� and d�pTGCTCGCT�
indicate that the base-paired residues are well defined in both
cases, but that they adopt very different conformations. Whereas
the stem in d�pTGCTCGCT� is a very short segment of a B-DNA
helix, in the case of d�pCATTCATT� these residues form a short
antiparallel helix with Hoogsteen T(anti) ±A(syn) base pairs. In
the latter case, the cytosine residues of the loops stack on top of
the A±T base pairs while the unpaired thymine residues
approach the minor groove of the stem. This interaction may
be important for stabilization of the Hoogsteen conformation.


The thermal stabilities of these small dumbbells depend
strongly on the nucleotide sequence, which confirms sequence-
dependent effects previously observed in DNA hairpins, such as
the influence of the closing base pair, or the presence of
unpaired purines in the loops. However, the small sizes of these
molecules make the impact of these effects on the stability of the
dumbbell structures more pronounced.


Methods


Sample preparation : Cyclic oligonucleotides were synthesized by
using previously described procedures.[39] Oligonucleotides for NMR
samples were suspended either in D2O or in H2O/D2O 9:1 (25mM


phosphate, pH 7.0). The oligonucleotide concentration was adjusted
to avoid the presence of dimeric forms in the samples. In the case of
I, the concentration was around 2mM, but in other cases NMR spectra
were recorded at oligonucleotide concentrations below 0.5mM.


NMR spectroscopy : NMR spectra were acquired in a Bruker DMX
spectrometer operating at 600 Hz, and processed with XWIN-NMR
software. DQF-COSY, 31P-decoupled DQF-COSY, TOCSY, and NOESY
experiments were recorded in D2O. NOESY experiments were also
acquired in 90% H2O/10% D2O. NOESY[40] spectra of samples in D2O
were acquired with mixing times of 100 and 250 ms, and those of
samples in H2O with a mixing time of 200 ms. TOCSY[41] spectra were
recorded with a standard MLEV-17 spin-lock sequence and 80-ms
mixing time. 31P resonances were assigned from proton-detected
heteronuclear correlation spectra.[42] In the experiments in D2O,
presaturation was used to suppress the residual H2O signal. A jump-
and-return pulse sequence[43] was employed to observe the rapidly
exchanging protons in 1D H2O experiments. Water suppression was
achieved in 2D experiments in H2O by the inclusion of a WATER-
GATE[44] module in the pulse sequence prior to acquisition.


The spectral analysis program XEASY[45] was used for the semi-
automatic assignment of the NOESY cross-peaks. Quantitative
evaluation of the NOESY cross-peak intensities was carried out


automatically with the aid of the integration routines included in the
package. In cases of overlapping or very weak peaks, the integration
region was selected manually. When the corresponding peaks on
both sides of the diagonal were equally reliable, the average
intensity was considered.


Thermal denaturation followed by CD : Circular dichroism spectra
were collected on a Jasco J-720 spectropolarimeter fitted with a
thermostatted cell holder and interfaced with a Neslab RP-100 water
bath. CD melting experiments were recorded at 280 nm, with a
heating rate of 20 �Ch�1 from 5 to 90 �C. The spectra were
normalized to facilitate comparisons.


Thermal unfolding monitored by NMR spectroscopy : NMR melting
curves were measured by monitoring the changes in chemical shifts
for well-resolved resonances in 1D spectra recorded at different
temperatures (5 ±80 �C). Only those protons experiencing a chemical
shift variation larger than 0.1 ppm over this range of temperatures
were used in the fitting. Both NMR and CDmelting curves were fitted
by using Microcal Origin 5.0 software and assuming a two-state
equilibrium between a closed dumbbell form with two-base pairs
and a random coil closed circle.[46] All evaluations of thermodynamic
parameters were made on the assumption that the melting reactions
take place with no appreciable net heat capacity changes. The
transition enthalpy and free energies were calculated from the
expressions derived by Breslauer et al.[46]


Experimental constraints : Qualitative distance constraints were
obtained from NOESY experiments. NOE cross-peaks were classified
into strong, medium, or weak categories according to their
intensities. The corresponding distance constraints for each group
were 2.5 ä, 3.5 ä, and 5 ä, respectively. Refined structures were
calculated with more accurate distance constraints. These distances
were obtained from NOE cross-peak intensities by use of a complete
relaxation matrix analysis with the aid of the programMARDIGRAS.[47]


No solvent exchange effects were taken into account in the analysis
of NOE intensities in H2O, and therefore only upper limits were used
in the distance constraints involving labile protons. Error bounds in
the interproton distances were estimated by carrying out several
MARDIGRAS calculations with different initial models, mixing times,
and correlation times. Three initial models were chosen from the
structures resulting from preliminary ™low-resolution∫ DYANA calcu-
lations.[27] Correlation times of 1.0, 2.0, and 4.0 ns were employed,
with a single correlation time assumed for the whole molecule in all
cases (isotropic motion). Experimental intensities were recorded at
two different mixing times (100 and 250 ms). Final constraints were
obtained by averaging the upper and lower distance bounds in all
the MARDIGRAS runs.


Sums of J coupling constants involving H1�, H2�, and H2�� protons
were estimated from DQF-COSY cross-peaks. The population of
major S conformers were calculated from the sums of J coupling
constants, 	2�� or 	1�, according to the expression:


fs � 31�5��
2��


10�9
(1)


or


fs �
�


1�� 9�8


5�9
(2)


where fs is the population of S-type puckering.[48] When both sums
were available, the average estimation was used. In most cases the
population of S-type conformer is greater than 70%, and torsion
angle constraints were therefore included. Since only the sums of







Small DNA Dumbbells


ChemBioChem 2003, 4, 623 ± 632 www.chembiochem.org ¹ 2003 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim 631


coupling constants were estimated, loose values were set for the
dihedral angles of the deoxyribose moieties (� angle between 110�
and 170�, 
1 between 5� and 65�, and 
2 between �65 and �50�).
Additional constraints for the � angles of the backbone were used to
avoid gauche� conformations.


In addition to these experimentally derived constraints, Hoogsteen
or Watson±Crick hydrogen bond restraints were used for dumb-
bells I and II, respectively. Target values for distances and angles
relating to hydrogen bonds were set as those described by
crystallographic data.[49] Distance constraints with their correspond-
ing error bounds were incorporated into the AMBER potential energy
by definition of a flat-well potential term.


Structure determination : Structures were calculated with the aid of
the program DYANA 1.5[27] and further refined by use of the SANDER
module of the molecular dynamics package AMBER 5.1.[28] The ten
best DYANA structures that resulted were taken as starting points for
the AMBER refinement. Structures were minimized in the gas phase
for 5000 cycles, with hydrated sodium ions introduced as counter-
ions. Random velocities were assigned at an initial temperature of
300 K. For equilibration, the ten starting models were then subjected
to 5 ps MD simulation (T� 300 K). The temperature was then raised
gradually from 300 to 1000 K in 10 ps, and the trajectory was
followed for 20 ps longer at 1000 K. These heated structures were
then cooled down to 300 K over 20 ps, and further equilibrated at
300 K for 20 ps. Finally, the ten structures obtained at the end of the
simulated annealing process were optimized for 5000 cycles. All
these simulations were carried out with use of SHAKE[50] to constrain
chemical bonds. A time step of 1 fs was used for integration.


The ten structures obtained after the annealing process were further
refined by use of MD simulations including explicit water molecules
and eight neutralizing ions, and the introduction of long-range
electrostatic effects by the particle mesh ewald (PME) method.[51] This
lengthy procedure allowed us to relax a few local distortions in the
structure of the DNA that appear in the structures derived from the
simulated annealing process. The structures were first minimized by
standard equilibration protocols and were then subjected to 220 ps
of restrained molecular dynamics simulations at constant pressure
(1 atm) and temperature (300 K). Periodic boundary conditions and
the PME technique have been used to account for long-range effects.
The SHAKE program[50] was used, which allowed us to use a 2-fs time
step for integration. The AMBER-95 force field[52] was used for the
DNA, and the TIP3P model for the water molecules.


Analysis of structures and trajectories : Structural analyses of
trajectories in solution were performed by use of analysis modules in
the AMBER package. The average structures were determined from
the last 10 ps of every trajectory in solution. Helical analysis of MD-
averaged structures was carried out with the aid of the programs
Curves[53] and MOLMOL.[54]


Supporting information available : Figure S1: NMR spectra of
d�pCATTCATT� in H2O at different temperatures. Table S1: assign-
ment tables. Table S2: thermodynamic parameters for NMR melting
transitions. Table S3: J coupling constants and populations of the
major deoxyribose conformers.
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Improvement of Hepatocyte-Specific Gene
Expression by a Targeted Colchicine Prodrug


Sabine M. W. van Rossenberg,*[a] Karen M. Sliedregt-Bol,[b] Gerben Koning,[c]


Hans van den Elst,[b] Theo J. C. van Berkel,[a] Jacques H. van Boom,[b]


Gijs A. van der Marel,[b] and Erik A. L. Biessen[a]


Colchicine, an established tubulin inhibitor, interferes with the
trafficking of endocytotic vesicles and thereby promotes the escape
of lysosome-entrapped compounds. To improve its potency and cell
specificity, a targeted prodrug of colchicine was synthesized by
conjugation to a high-affinity ligand (di-N� ,N�-(5-(2-acetamido-2-
deoxy-�-D-galactopyranosyloxy)pentanomido)lysine, K(GalNAc)2)
for the asialoglycoprotein receptor on parenchymal liver cells.
The resulting colchicine ± K(GalNAc)2 conjugate bound to this
receptor with an affinity of 4.5 nM. Confocal microscopy studies
confirmed rapid uptake and receptor dependency of a prodrug
conjugated with fluorescein isothiocyanate. Colchicine ± K(Gal-


NAc)2 substantially increased the transfection efficiency of poly-
plexed DNA in parenchymal liver cells in a concentration- and
receptor-dependent fashion. Colchicine ± K(GalNAc)2 was found to
enhance the transfection efficiency by 50-fold at 1 nM, whereas the
parental colchicine was ineffective. In conclusion, this nontoxic
colchicine ± K(GalNAc)2 conjugate can be a useful tool to improve
the transfection efficiency of hepatic nonviral gene transfer
vehicles.


KEYWORDS:


asialoglycoprotein receptor ¥ drug delivery ¥ drug targeting ¥
gene therapy ¥ tubulin


Introduction


Gene therapy requires the development of DNA carriers that can
deliver therapeutic genes or drugs to the targeted tissue and,
once there, allow the therapeutic agents to act efficiently.
Although viral vectors are generally very efficient, nonviral gene
delivery systems offer clear advantages in that they are less toxic,
less immunogenic, and easy to prepare. A major limitation of
nonviral vectors, however, involves their suboptimal extra- and
intracellular handling, which results in a poor efficacy of gene
expression in the target tissue in vivo.[1] As shown by various
research groups, the former can be effectively tackled by
directed gene delivery to specific receptors on the target cell.[1±4]


In an attempt to further improve the transfection capacity of
nonviral vectors, strategies have been developed to facilitate the
intracellular transport of the DNA from the lysosomal compart-
ment to the nucleus.[5, 6] In particular, fusogenic peptides have
been the subject of thorough study in this regard and they were
shown to be very effective in improving intracellular DNA
trafficking.[7±11]


In this study we have explored the potential of the tubulin
inhibitor colchicine to improve gene delivery. Colchicine is an
established antiinflammatory drug, which is used in the treat-
ment of gout.[2] Disruption of microtubule formation leads to
mitotic arrest and interferes with the intracellular trafficking of
endocytotic vesicles.[2] These properties render colchicine val-
uable in mechanistic studies of endocytosis, as well as in
therapeutic settings where it improves the lysosomal escape of
drugs or DNA.[2] Chowdhury et al.[12] argued that transient


pharmacological disruption of microtubules may enhance the
persistence of internalized DNA and, thus, transgene expression
in the target cell. Nevertheless, application of colchicine is
hampered by its systemic toxicity.[13] This has prompted the
design of less-toxic colchicine derivatives, of which colchicina-
mide, bearing an amino instead of a methoxy group at the C10
position, is considered to be one of the most promising.[14]


Here, we have pursued a different strategy to prevent the
systemic side effects of colchicine and to enhance the tissue
specificity of tubulin inhibition. We have synthesized a targeted
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colchicine derivative that was equipped at the C10 position with
a ligand for the asialoglycoprotein receptor (ASGPr) on paren-
chymal liver cells. As a ligand we used di-N� ,N�-(5-(2-acetamido-
2-deoxy-�-D-galactopyranosyloxy)pentanomido)lysine (K(Gal-
NAc)2),[5, 15, 16] which has previously been shown to be effective
in redirecting (oligo)nucleotides to this receptor.[3, 4, 17, 18] K(Gal-
NAc)2 was conjugated to colchicine through a disulfide bond,
which can be cleaved in the lysosomal compartment to release
the parental colchicine. Reduction of disulfides in the lysosomes
was reported by Arunachalam et al.[19] to be mediated by a
lysosomal thiol reductase. Another advantage of the disulfide
connection is its versatility: besides colchicine, other compounds
can easily be conjugated to the K(GalNAc)2 part. Here, it was
shown that the glycoconjugated colchicine displays a high
affinity for the ASGPr and strongly improved polyplex-based
gene expression to parenchymal liver cells in an ASGPr-depend-
ent fashion.


Results and Discussion


Increasing the intracellular transgene persistence by disruption
of microtubules is an effective strategy to improve nonviral gene
therapy protocols.[12] . In this study
we have used an established mi-
crotubulin inhibitor, colchicine, for
this purpose in order to increase
the transfection yield of polyplexed
DNA. To improve transgene expres-
sion in a cell-specific manner and
to avoid ectopic toxicity, we have
synthesized a glycoconjugated
prodrug that can be targeted to
the ASGPr on parenchymal liver
cells. Hereto, colchicine was cou-
pled to K(GalNAc)2 , a high-affinity
ligand, which was previously
shown to be effective in redirecting
drugs and oligonucleotides to this
receptor.[17] The presumed action of
the colchicine ± K(GalNAc)2 conju-
gate is schematically depicted in
Figure 1.


Synthesis


We initially set out to prepare the
colchicine-conjugated glycoside–
in which the individual compo-
nents are connected by a disulfide
bridge–by a solution-phase ap-
proach. This approach proved un-
successful, however, it guided us in
the design of target compound 1
(Scheme 1). Retrosynthetic analysis
indicated that conjugate 1 was
accessible through formation of a
disulfide bond between a suitably


Figure 1. Concept of targeting colchicine ± K(GalNAc)2 to the asialoglycoprotein
receptor (ASGPr). The (GalNAc)2 unit of the colchicine prodrug is recognized by the
ASGPr on parenchymal liver cells (�1 ).After recognition by the ASGPr the
colchicine prodrugs are taken up through receptor-mediated endocytosis (�2 ). In
the endosome, the disulfide bond of the colchicine ± K(GalNAc)2 conjugate will be
cleaved by lysosomal thiol reductases, and the parental colchicine will be released
from the glycoconjugate (�3 ), to exert its action by inhibiting tubulin activity (�4 ).


Scheme 1. Chemical structures of colchicine, the starting compound 3 for synthesis of the prodrug, colchicine ±
K(GalNAc)2 , and colchicine ± K(GalNAc)2 ± FITC. Py�pyridyl.
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protected, sulfhydryl-activated cluster galactoside and a sulf-
hydryl-functionalized colchicine derivative. Previous work from
our laboratory described the successful solid-phase synthesis of
multivalent 2-deoxy-2-acetylaminogalactosides clustered to a
lysine core.[16] The incorporation of a lysine core in this case
provided a handle for on-resin attachment of the cluster
galactoside as well as the colchicine moiety. The requisite resin
2, functionalized with a divalent lysine-based cluster galactoside
(Scheme 2), was available,[9] and colchicine derivative 3 contain-
ing an activated sulfhydryl group (Scheme 1) was prepared
following known procedures.[2]


For the subsequent assembly of target conjugate 1 by
disulfide formation, resin 2 was extended with a sulfide-
containing spacer arm to give resin 4 (Scheme 2). The Fmoc
group was removed from resin 2, a sulfide-containing spacer was
added, and the immobilized thiopyridyl functional group
obtained was reduced to provide the desired resin 4. Disulfide
formation was then immediately performed by addition of a
tenfold excess of colchicine derivative 3 to resin 4. The on-resin
conjugate obtained was cleaved from the resin and this resulted
in concomitant deprotection of the sugar residues. The nearly
pure product 1 was further purified by HPLC and was
characterized by NMR spectroscopy, LC/MS, and MALDI-TOF
spectrometry.


The preparation of labeled cluster 5 (Scheme 1) is very similar
to the synthesis described above. Activated sulfhydryl com-
pound 7 (Scheme 3) was used in the conjugation reaction with
resin 4, as an alternative to the colchicine derivative 3 that had
been used in the preparation of unlabeled conjugate 1. Fmoc/
Boc-protected lysine was coupled to the deacetylated colchicine
derivative 6, and the subsequent removal of the Fmoc protect-
ing group allowed the introduction of a sulfhydryl spacer arm to
give compound 7. Subsequent to the disulfide-bond formation
between immobilized cluster 4 and colchicine derivative 7,
removal of the Boc group enabled the addition of FITC to the
resulting free N� amine moiety. Application of the cleavage
conditions as described in the preparation of 1 gave the desired
conjugate 5 (characterized by LC/MS). The product was purified
by HPLC.


Scheme 3. Preparation of 5. a) FmocLys(Boc)OH, HATU, DIPEA; b) piperidine;
c) SPDP, DMAP, CH2Cl2 ; d) 7, MeOH, CH3CN; e) TFA, CH2Cl2 (1:1) ; f) FITC, DMF,
DIPEA; g) 0.4 M NaOH, 4 �C. Boc� tert-butoxycarbonyl, DIPEA�diisopropylethyl-
amine, DMF�N,N-dimethylformamide, FITC� fluorescein isothiocyanate,
HATU�N-[(dimethylamino)-1H-1,2,3-triazole-[4,5-b]-pyridin-1-ylmethylene]-N-
methylmethanaminium hexafluorophosphate, TFA� trifluoracetic acid.


In vitro binding studies


The affinity of colchicine ±K(GalNAc)2 for the ASGPr was
monitored by an in vitro competition assay of 125I-Asialooroso-
mucoid (125I-ASOR) total binding to mouse parenchymal liver
cells. As can be concluded from Figure 2, colchicine ±K(GalNAc)2


Figure 2. Competition of 125I-ASOR binding to mouse parenchymal liver cells by
colchicine ± K(GalNAc)2 (�) or K(GalNAc)2 (�). Parenchymal liver cells (1� 106)
were incubated for 2 h at 4 �C with 5.5 nM 125I-ASOR in the presence or absence of
colchicine ± K(GalNAc)2 or K(GalNAc)2 at nine concentrations ranging from 1 nM to
5 �M. Displacement binding data were analyzed according to a single site model
by using a computerized nonlinear-fitting program (graphpad Prism 3.0). The
affinity of colchicine ± K(GalNAc)2 was calculated to be 4.5� 2.2 nM.


Scheme 2. Assembly of conjugate 2. a) Piperidine ; b) SPDP, DMAP, CH2Cl2 ; c) DTT, Et3N, MeOH; d)3, MeOH, CH3CN; e) 0.4 M NaOH, 4 �C. Bz� benzyl, DMAP� 4-
dimethylaminopyridine, DTT� dithiothreitol, Fmoc� 9-fluorenylmethoxycarbonyl, HMBA� 4-hydroxymethylbenzoic acid, SPDP�O-succinimidyl ester of S-pyridyl-
protected mercaptopropionic acid.
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gave complete and monophasic inhibition of 125I-ASOR binding
with an inhibition constant (Ki) of 4.5�2.2 nM, which is consid-
erably lower than that of K(GalNAc)2 (Ki�30 nM[20] ).


Localization of colchicine ±K(GalNAc)2 ± FITC


Upon internalization of polyplexed DNA by hepatocytes the bulk
of the DNA will be degraded within four hours. Therefore any
intervention aimed at increasing the persistence of the internal-
ized DNA should be effected within the first few hours after DNA
administration. To allow us to monitor the colchicine prodrug
after uptake, it was conjugated to FITC and incubated with
parenchymal liver cells. Conjugation of FITC to compound 1
results in compound 5 (Scheme 1). Although it may influence the
intracellular distribution pattern of the colchicine compound,
the FITC group is located on the colchicine unit of the conjugate
and will enable us to monitor the intracellular handling of the
colchicine unit after uptake. Colchicine ± K(GalNAc)2 ± FITC con-
jugate 5 was rapidly taken up and within ten minutes it was
found to be evenly distributed over the parenchymal liver cell
(Figure 3a and b). The conjugate mainly accumulated in the
cytoplasm, but after longer incubation times (�30 min) some
nuclear localization could also be observed (Figure 3c). No
uptake of the FITC-labeled conjugate was observed at 4 �C
(Figure 3e), which suggests that uptake is mediated through an
active transport process. The presence of functional receptors on
the parenchymal liver cells was confirmed by incubation
with tetramethylrhodamine-5-isothiocynate±asialoorosomucoid
(TRITC-ASOR; Figure 3 f).


Figure 3. Confocal laser scanning microscopy of cellular uptake of colchicine ±
K(GalNAc)2 ± FITC by mouse parenchymal liver cells. Cells (2� 105) were incubated
at 37 �C with 100 nM colchicine ± K(GalNAc)2 ± FITC for A) 5 min, B) 10 min, and
C) 30 min. D) Untreated parenchymal cells or E) parenchymal cells that were
incubated for 10 min at 4 �C in the presence of 100 nM colchicine ± K(GalNAc)2 ±
FITC were taken as the controls. F) Parenchymal liver cells incubated with 40 nM


TRITC-ASOR for 1 h at 37 �C were taken as a reference for ASGPr-mediated uptake.


Effect of colchicine ±K(GalNAc)2 on polyplex-mediated gene
transfer to mouse parenchymal liver cells


We have evaluated the effect of colchicine ±K(GalNAc)2 on gene
transfer to mouse parenchymal liver cells by using an established
nonviral vector based on the cationic oligopeptide KWK8AKY


(K8).[6] DNA polyplexed with these small-sized synthetic oligoca-
tions may be more fit for systemic applications, as the derived
condensates are generally smaller and less immunogenic than
polymeric condensed DNA.[21, 22] Moreover, the K8-derived poly-
plexes do not activate the complementary system, are non-
aggregating, and are readily unpacked intracellularly.[21, 22] We
assessed whether the colchicine glycoconjugate was able to
promote the release of lysosomally entrapped DNA to the
cytosol and, thus, to enhance the transfection level. Mouse
parenchymal liver cells were transfected with plasmid DNA
(pCMVluc) polyplexed with K8 (N:P ratio of 4:1) in the absence or
presence of colchicine or colchicine ±K(GalNAc)2. Preincubation
of polyplexed DNA with colchicine did increase the transfection
efficiency in a dose-dependent manner up to 100-fold (Figure 4).


Figure 4. Effect of colchicine or colchicine ± K(GalNac)2 on nonviral gene transfer
to mouse parenchymal liver cells. Plasmid DNA (pCMVLuc; 1 �g well�1) was
condensed in HEPES-buffered saline (HBS) with K8 peptide (N:P ratio of 4:1), and
the polyplexes were incubated in the absence (empty bar) or presence of
colchicine (hatched bar) or colchicine ± K(GalNAc)2 (solid bar) at various
concentrations. After 48 h, cells were lysed and the luciferase activity was
determined and corrected for protein content. Data given are the mean values �
the standard deviation of nine results.


Colchicine ±K(GalNAc)2 displayed an even higher capacity to
enhance the transfection efficiency, especially at concentrations
below 100 nM. While colchicine did not affect the transfection
yield at 1 nM, the glycoconjugated colchicine was found to
improve the transfection efficiency by 50-fold. The stimulatory
effect of the colchicine glycoconjugate leveled off at 100 nM (the
highest concentration tested), while that of colchicine itself
steadily increased over the whole concentration range (1 ±
100 nM). The curvilinear dose ± response relationship of the
glycoconjugate concurred with its binding profile to the ASGPr
(Ki� 4.5 nM). Colchicine and its glycoconjugate increased the
transfection efficiency in a similar manner when the parenchy-
mal cells were coincubated with the polyplexes and the
lysosome disruptive element (LDE; data not shown). Previous
studies by Wagner and co-workers[23, 24] and Van Rossenberg
et al.[9] demonstrate that (targeted) fusogenic peptides are also
very effective in enhancing the transfection efficiency up to 30-
fold. Compared to the (targeted) fusogenic peptides, the
capacity of the colchicine prodrug to enhance the transfection
efficiency was found to be higher.
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Receptor-specific recognition of colchicine ±K(GalNAc)2


To establish that colchicine ±K(GalNAc)2 promoted the trans-
fection efficacy of DNA/K8 polyplexes in an ASGPr-specific
fashion, we first studied the transfection efficiency in the
presence of excess N-acetyl galactosamine (GalNAc), which
blocks ASGPr-mediated uptake. GalNAc did not influence the
transfection efficacy of polyplexes that were preincubated with
10 nM colchicine, whereas it markedly reduced that of polyplexes
preincubated with colchicine ±K(GalNAc)2 (Figure 5a).


Secondly, the colchicine ±K(GalNAc)2 conjugate was not able
to stimulate gene transfer to BHK cells, which do not express the
ASGPr, whereas colchicine was found to improve the trans-
fection efficiency of the K8 polyplexes in these cells (Figure 5b).
Apparently, colchicine ± K(GalNAc)2 must be taken up by the
ASGPr to exert its activity and, thus, will only enhance gene
delivery in ASGPr-expressing cells. Colchicine is equally potent in
the presence of GalNAc and its activity does not require the
functional ASGPr, because, as already suggested above, it utilizes
a different route of entry. Colchicine may act in a stimulatory
manner by facilitating polyplex/plasma membrane fusion, since
it is known to interfere with membrane fusion.[13]


Microtubule-disrupting agents were reported to interfere with
internalization and recycling of the ASGPr at concentrations of
0.1 ± 3.0 �M, which in turn may lead to reduced endocytosis.[12, 25]


In this study we show that colchicine already improves
the transfection efficiency well below this concentration range
(0.01 �M), while the glycoconjugate was found to be effec-
tive at concentrations as low as 0.001 �M. This implies that the
glycoconjugate would probably be suitable in a dual-step
transfection protocol involving preadministration of the
glycoconjugate followed by that of the actual (gene)
medicine.


Toxicity


Lysosome leakage and membrane disruption has been reported
to promote intracellular release of hydrolytic enzymes including
proteases, nucleases, and lipases. Although these enzymes are
acid hydrolases, with a catalytic optimum near pH 5.0, leakage of
these enzymes into the cytoplasm of the cell may promote
apoptosis or necrosis.[26] In addition, prolonged inhibition of
tubulin mobility may by itself be toxic.[13] Colchicine and the
colchicine glycoconjugate were, however, found to be nontoxic
at concentrations up to 100 nM in parenchymal liver cells, as
tested by the N-methyl-N-(trimethylsilyl)trifluoroacetamide
(MTT) test (data not shown). Initial toxicity assessment in mice
showed that a concentration of 5 �g was well tolerated. It can be
anticipated that the doses of colchicine used in this study would
probably not be toxic to humans.[13]


In conclusion, we present here the successful
synthesis and evaluation of a targeted colchicine
prodrug, which was efficiently taken up by ASGPr-
expressing cells and appeared to induce rapid
lysosomal escape of polyplexed DNA in a receptor-
dependent fashion. In addition, with the effective
delivery of glycoconjugated colchicine, a second
crucial requisite is met towards the application of
targeted lysosome disruptive elements. The cell-
specific delivery of colchicine to the liver may limit
its systemic toxicity. We envisiage that the colchi-
cine ±K(GalNAc)2 conjugate will be applicable for
improving the therapeutic efficacy of nonviral gene
transfer vehicles,[1] of antisense drugs for hepatic
genes,[27, 20] and of drugs that accumulate in the
lysosomal circuit, by facilitating the escape from the
lysosomal pathway.[28]


Experimental Section


Materials : Orosomucoid, N-methyl-N-(trimethylsilyl)tri-
fluoroacetamide (MTT), fluorescein-5-isothiocyanate ±
dextran (40.000), colchicine, and bovine serum albu-
min (BSA) were obtained from Sigma Chemicals (St.
Louis, MO). Dimethylsulfoxide (DMSO) was obtained
from Baker (Deventer, The Netherlands). Percoll was
from Fluka (Sigma±Aldrich, St. Louis, MO), and fluo-
rescein-5-isothiocyanate and tetramethylrhodamine-5-
isothiocyanate were from Molecular Probes Europe BV
(Leiden, The Netherlands). Paraformaldehyde was
purchased from Merck (Amsterdam, The Netherlands),
and Fluorsave was from Calbiochem-Novabiochem


Figure 5. Effect of colchicine or colchicine ± K(GalNac)2 on nonviral gene transfer to mouse
parenchymal liver cells. Plasmid DNA (pCMVluc; 1 �g well�1) was condensed in HBS with K8
peptide (N:P ratio of 4:1). A) Parenchymal liver cells were incubated with the polyplexes in the
absence (empty bar) or presence of 10 nM colchicine (hatched bar) or 10 nM colchicine ± K(Gal-
NAc)2 (solid bar) and with or without 100 mM GalNAc. B) BHK cells were incubated with the
polyplexes in the absence (empty bar) or presence of colchicine (hatched bar) or colchicine ±
K(GalNAc)2 (solid bar) at 100 nM. Data given are the mean values � the standard deviation of nine
results.







S. M. W. van Rossenberg et al.


638 ¹ 2003 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim www.chembiochem.org ChemBioChem 2003, 4, 633 ± 639


Corporation (San Diego, CA, USA). All solvents were of analytical
grade. Dry solvents were stored over molecular sieves of 4 ä. Merck
Kieselgel 60 F254 plates were from Merck (Darmstadt, Germany).
Poly(ethyleneglycol) ± polystyrene resin was purchased from Perkin-
Elmer (Wellesley MA, USA) and Fmoc-protected amino acids were
purchased from Nova Biochem (Bad Soden, Germany). Di-N� ,N�-(5-(2-
acetamido-2-deoxy-�-D-galactopyranosyloxy)pentanomido)lysine
(K(GalNAc)2) was synthesized as described by Valentijn et al.[16] and
KWK8AKY (K8) was kindly provided by A. van Keulen (Leiden
University, Leiden, The Netherlands).


Analysis : For TLC analysis, compounds were visualized by charring
with sulfuric acid/ethanol (1:4, v/v), or by coloring with a solution of
ninhydrin (0.3% in acetic acid/n-butanol (3:100, v/v)). Column
chromatography was performed with Kieselgel 60, 230± 400 mesh
(Merck). 1H NMR spectra (300MHz) were recorded with a Bruker WM-
300 spectrometer. Products were analyzed with a Jasco HPLC system
using a LiChrospher 100 RP-18 column (Merck, 5 mm, 4.6�250 mm).
Electrospray mass spectra were recorded with a Perkin-Elmer
SCIEX API 165 Single Quadruple LC/MS instrument. MALDI-TOF mass
spectrometry was performed on a Perkin Elmer/PerSeptive Biosys-
tems Voyager-DE-RP MALDI-TOF mass spectrometer.


Synthesis of target conjugate 1: Resin 2 (100 mg, loaded with
0.1 mmolg�1 of the divalent galactoside) was deprotected with
piperidine (2 mL; 20% in DMF) over 20 min. After several washing
steps (3�DMF, 3�MeOH, 3�CH2Cl2), S-pyridyl-protected mercap-
topropionic acid (15 mg; commercially available as the activated O-
succinimidyl ester SPDP[29] ) and an equimolar amount of DMAP were
added in a mixture of DMF and CH2Cl2 (1:1). The reaction was
continued for 3 h and subsequently washed as described above.
Next, the resin was taken up in degassed MeOH (2 mL) and DTT
(30 mg) was added, followed by 0.03M triethylamine in MeOH
(10 �L). Shaking was continued for 3 h and was followed by extensive
washing of the obtained resin 4 with MeOH under an argon
atmosphere. Compound 3 (0.1 mmol; prepared by previously
described procedures) was then added in a mixture of degassed
MeOH and CH3CN (1:1). Washing of the obtained immobilized
conjugate 1 with MeOH was followed by treatment with 0.4N NaOH
solution (1 mL) at 4 �C for 1 h. This procedure yielded conjugate 1.
The crude compound was analyzed by LC/MS (eluting with a 5 ± 50%
CH3CN gradient in 0.1% TFA) to give a trace that showed a nearly
pure main peak (Mw calcd: 1412; m/z found: 1413 [M�H]� and 1435
[M�Na]� ; spectra are included in the Supporting Information). The
product was further purified by HPLC and the identity was
established by MALDI-TOF MS and NMR spectroscopy: 1H NMR
(CDCl3): �� 1.30 ± 2.25 (m, 24H; 6�CH2 Lys, 6�CH2 spacer), 1.95 (s,
6H; CH3 NHAc), 2.05 ± 2.55 (m, 4H; 2�CH2 colchicine), 2.98 ± 3.10 (m,
8H; 4�CH2 disulfide spacer), 3.17 (m, 4H; 2�CH2 spacer), 3.45 (m,
4H; 4�H� Lys), 3.65, 3.92, 3.98, 4.15 (s, 12H; OCH3 colchicine), 3.81 ±
4.56 (m, 15H; 2�H1±6 GalNAc, H� Lys), 4.66 (m, 1H; H7 colchicine),
5.30 (br s, 1H; NH), 6.29 (br s, 1H; NH), 6.54 (s, 1H; H4 colchicine), 6.85
(d, 1H; H11 colchicine), 6.98 (br s, 1H; NH), 7.39 (s, 1H; H8 colchicine),
7.55 (d, 1H; H12 colchicine), 7.79 (br s, 1H; NH) ppm; 13C NMR (CDCl3/
MeOD): �� 22.7 (CH3 NHAc), 22.3, 28.2, 28.5, 29.9, 29.5, 30.6, 32.0,
35.3, 35.7, 35.8, 37.1 (CH2 spacers, CH2 Lys, and CH2 colchicine), 38.5
(C� Lys), 50.4 (C2 GalNAc), 52.3 (CHNH colchicine), 53.2 (C� Lys), 56.1,
56.3, 61.4, 61.5 (CH3 OMe), 60.4, 61.3 (C6 GalNAc), 69.2 (CH2 spacer),
66.6, 70.3 (C3, C4, C5 GalNAc), 101.0 (C1 GalNac), 107.3, 112.3, 130.3,
135.6 (CH colchicine), 125.5, 134.9, 137.0, 141.5, 150.5, 151.2, 154.4,
163.8, 170.5, 170.6, 171.6, 171.9, 179.4 (Carom colchicine, C(O)
amide) ppm; MALDI-TOF MS: m/z found: 1435 [M�Na]� (spectra
are included in the Supporting Information).


Synthesis of FITC-labeled colchicine conjugate 5: The preparation
of conjugate 5 commenced with coupling of the known deacetyl-


colchicine 6 (0.25 mmol)[30] and FmocLys(Boc)OH (0.25 mmol) under
the influence of HATU (1 equiv) and DIPEA (2 equiv) in CH2Cl2 (1 mL).
The reaction was terminated after 2 h by pouring the reaction
mixture onto water (10 mL). The resulting layers were separated and
the organic layer was washed with 1N KHSO4, 5% NaHCO3, H2O, and
brine. After drying (MgSO4) and concentration in vacuo, the crude oil
was purified by column chromatography (EtOAc) and lysine-
functionalized colchicine was obtained in 55% yield (LC/MS: Mw


calcd: 806; m/z found: 807 [M�H]�).


Subsequently formation of compound 7 was accomplished as
follows. Removal of the Fmoc group from the colchicine derivative
by treatment with piperidine (20% in DMF) was followed by
precipitation of the crude deprotected amine from EtOAc/petroleum
ether (10:90). Without further purification, the precipitated residue
was taken up in a mixture of CH2Cl2 (2 mL), SPDP (1 equiv), and DMAP
(1 equiv). After 3 h the reaction mixture was concentrated, the
residue was taken up in EtOAc, and the organic layer was washed
with 5% NaHCO3, H2O, and brine. After drying (MgSO4) and
concentration in vacuo, the crude oil of 7 was purified by column
chromatography (EtOAc) and used in the preparation of conjugate 5.


Resin 4 was treated with compound 7 (instead of compound 3,
which was used for the synthesis of compound 1) in the above-
described procedures. Subsequent removal of the N�-Boc group from
the obtained resin by addition of a TFA/CH2Cl2 (1:1) for 30 min was
followed by washing of the resin and addition of FITC (25 equiv) and
DIPEA (25 equiv) in DMF (3 mL) to introduce the fluorescent label.
The reaction was stopped by washing of the immobilized conjugate
(3�DMF, 3�MeOH, 3�CH2Cl2), and subsequent treatment with
NaOH solution, as described in the preparation of 1, yielded
deprotected 5. The crude mixture was analyzed by LC/MS (eluting
with a 5± 50% CH3CN gradient in 0.1% TFA; Mw calcd: 1914; found:
1914 [M�H]� ; spectra are included in the Suipporting Information).
The conjugate was purified further by HPLC and analyzed with
MALDI-TOF spectrometry.


Isolation of mouse parenchymal liver cells : Male C57bl/6 KH mice
between 10 and 12 weeks old and weighing 22±27 g (Broekman
Institute BV, Someren, The Netherlands) were used for parenchymal
liver cell isolation. Hepatocytes were isolated from mice by perfusion
of the liver with collagenase (type IV; 0.05%, w/v) for 10 min at 37 �C
according to the method of Seglen.[31] For transfection studies cells
were further purified by a Percoll gradient. Cells were mixed with
Percoll in a 1:1 ratio, centrifuged for 10 min at 100 g, washed, and
resuspended in Dulbecco's modified essential medium (DMEM;
Biowhittaker, Verviers, Belgium) containing 10% fetal bovine serum
(Biowhittaker). Cells were �99% pure as judged by light microscopy.


In vitro binding assay : Displacement of 125I-ASOR binding to mouse
hepatocytes was determined as follows.[32] Freshly isolated mouse
parenchymal liver cells (1�106 cells, viability �90% as determined
by 0.2% trypan blue exclusion) were incubated in DMEM containing
2% BSA (0.5 mL) with 5.5 nM 125I-ASOR in the presence or absence of
50 nM--5 �M colchicine ±K(GalNAc)2 or (GalNAc)2. After incubation for
2 h at 4 �C under gentle agitation, the medium was removed by
aspiration and the cells were washed twice with 0.2% BSA in
medium and once with medium lacking BSA. Subsequently cells
were counted for radioactivity and assayed for protein content
according to the method of Lowry with BSA as a standard. Cell
binding was corrected for protein content. Nonspecific binding was
measured in the presence of 100 mM GalNAc. Displacement binding
data were analyzed according to a single site model by using a
computerized nonlinear-fitting program (Prism, graphpad, USA) to
calculate the Ki value.
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Confocal laser scan microscopy studies of FITC-labeled colchi-
cine ±K(GalNAc)2 : Mouse parenchymal liver cells where isolated as
described above. Cells were seeded at a density of 2�105 per glass
cover slip (25 mm diameter, No. 1; Nutacom BV, The Netherlands) in
6-well culture plates. The cells were incubated for 2 h, washed once
with DMEM containing 0.2% BSA, and incubated in the presence or
absence of 100 nM colchicine ±K(GalNAc)2 ± FITC and/or 100 mM


GalNAc. ASGPr-mediated uptake was measured with TRITC-ASOR.
Cells were incubated for 5 min to 1 h at 37 �C (uptake) or 4 �C
(binding), subsequently washed three times with DMEM, and fixed in
4% paraformaldehyde for 4 h at 4 �C. Glass cover slips were covered
with Fluorsave. Binding and uptake of colchicine ±K(GalNAc)2 ± FITC
by parenchymal cells was detected by confocal laser scan micros-
copy on a Leica TCS SP spectral confocal microscope.


Transfection of mouse parenchymal cells : Plasmid pCMV-luc,
containing the firefly luciferase complementary DNA insert, was
kindly provided by Crucell BV (Leiden, The Netherlands). The DNA/K8
polyplexes (N:P charge ratio 4:1; 1 �g of DNA per well in HBS buffer)
were prepared as described by Gottschalk et al.[6] Mouse parenchy-
mal liver cells were transfected 3 h after seeding (2� 105 cells well�1)
with K8-condensed DNA. After incubation of the K8/DNA complexes
at room temperature for 30 min, colchicine or colchicine ±K(GalNAc)2
was added to a final concentration of 1 ± 100 nM. After an additional
incubation for 30 min at room temperature, the complexes were
added to the parenchymal cells in DMEM containing 0.2% BSA
(250 �L). After 4 h, further DMEM containing 2% BSA (1 mL) was
added, and the cells were incubated for another 44 h. After
harvesting of the cells, cell lysates were analyzed for luciferase
activity as previously described.[33] Transfection yields were corrected
for protein content (as monitored by the bicinchinonic acid(BCA)
assay (Pierce, Rockford IL, USA) with BSA as the reference). In analogy,
BHK cells (seeded at 2�106 cells well�1) were transfected with
preformed K8/DNA condensates in the absence or presence of
colchicine or the glycoconjugated colchicine.


MTT cytotoxicity test : Parenchymal liver cells were transfected with
the DNA/K8 polyplexes as described above. After 48-hour incubation
the medium was replaced by fresh medium and MTTwas added to a
final concentration of 0.5 mgmL�1. Cells were incubated for 30 min at
37 �C, medium was removed, and DMSO was added to the cells. The
extinction of the supernatant was measured at 550 nm.
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Synthetic Potential of Molluscan Sulfatases
for the Library Synthesis of Regioselectively
O-Sulfonated D-Galacto-Sugars
Hirotaka Uzawa,*[a] Yoshihiro Nishida,[b] Kenji Sasaki,[b] Norihiko Minoura,[a] and
Kazukiyo Kobayashi[b]


The substrate specificities of three molluscan sulfatases (E.C. 3.1.6.1;
snail, abalone, and limpet origins) were investigated with assorted
p-nitrophenyl (pNP) di-O-sulfonated �-D-galactopyranosides and
�-lactosides [3,6-SO3 Gal (1), 3�,6�-SO3 Lac (2), 4, 6-SO3 Gal (3), 2,6-
SO3 Gal (4), 3,4-SO3 Gal (5), and 3,6-SO3 GalNAc (6) ; Ac, acetyl ; Gal,
galactose; Lac, lactose] together with mono-O-sulfonated �-D-
galactopyranoside [pNP 3-SO3-Gal (7)] and tri-O-sulfonated �-D-
galactopyranoside [2,3,6-SO3-�-Gal (11)] . Some notable differences
between the substrate specificity of the three sulfatases were
disclosed; snail sulfatase hydrolyzed the 3-O- and 2-O-sulfo groups
of 1 and 4, respectively, to afford 6-SO3 Gal (9) in high yields, while


the abalone enzyme did not act on 4. Only the limpet enzyme could
cleave the 3-O-sulfo groups of 7 to give pNP �-galactoside. In
contrast, every enzyme could utilize 11 as a good substrate to
afford a mixture of 6-SO3-�-Gal (13) and 2,6-SO3 �-Gal (12). None
of the enzymes could cleave the O-sulfo groups of 5 and 6, which
indicates that a primary 6-O-sulfo group tends to promote the
enzymatic hydrolysis of O-sulfo groups at the secondary positions.


KEYWORDS:


carbohydrates ¥ enzymes ¥ library synthesis ¥ regioselectivity
¥ sulfonation


Introduction


Besides their presence as heparin and keratan sulfates in
proteoglycans, O-sulfonated sugars are widely distributed in
cell-surface glycolipids and glycoproteins. These compounds are
believed to play major roles in intercellular recognition processes
such as cell adhesion, signal transduction, regulation, and the
infection of host cells with viruses.[1] For example, 6-sulfo sialyl
LewisX (6-sulfo-sLeX) hexasaccharides are known to serve as the
actual L-selectin ligands[2] responsible for the trafficking of
leukocytes and cancer cells, which lead to inflammation and
metastasis, respectively. Moreover, in mimic syntheses of sLeX


oligosaccharides, 3-sulfo galactosides have been widely used as
simple substitutes for natural N-acetylneuraminyl �(2 ± 3)galac-
tose linkages.[3] Artificial glycoconjugate polymers with 3- and/or
6-O-sulfonated galactosides in the side chain were reported to
show high affinity to L- and P-selectins, even though these
polymers have no �-L-fucoside or �-sialyl linkages.[4] These
reports have shown that O-sulfonated D-galacto-sugars have
great synthetic potential as prominent agents for the treatment
of inflammation, metastasis, and autoimmune diseases.[3a, 5]


In connection with our ongoing project on the design of
artificial glycopolymers with cell-surface oligosaccharides and
their mimics,[6] we have investigated how practical access to O-
sulfonated mono- and disaccharides can be obtained. These
compounds serve as key carbohydrate modules that polyvalent
ligands can recognize, and can be used to block the receptor
proteins.[7] Previously, we found that regioselective de-O-sulfo-
nation of these saccharides by molluscan sulfatases affords 6-O-
sulfonated hexoses.[8] This finding suggested that molluscan


sulfatases have synthetic potential, despite the fact that they
have rarely been applied for synthetic purposes. In the study
described herein, we investigated the substrate specificity of
three sulfatases, from snail, abalone, and limpet, with a series of
mono-, di-, and tri-O-sulfonated D-galacto-sugars (�-Gal, �-Gal, �-
GalNAc, and �-Lac; Ac, acetyl ; Gal, galactose; Lac, lactose).


Results and Discussion


Several synthetic strategies have been reported for regioselec-
tive preparation of O-sulfonated galacto-sugars.[3, 9] The use of
organotin reagents such as Bu2SnO or (Bu3Sn)2O allows the 3-O-
sulfonation of �-D-galactosides by reaction with either SO3Me3N
or SO3pyridine.[3a,b,d±f, 4, 9a, 10] Purely enzymatic and chemoenzy-
matic approaches have also been proposed in recent studies.
Rhizobium Nod factor 6-sulfotransferase has been applied in the
6-O-sulfonation of GlcNAc residues in chitobiose, chitotriose, and
chitotetraose.[11] GlcNAc-6-sulfotransferases were recently used
for the study of the biosynthetic pathways of sulfo sLex.[12]
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Galactosyltransferase has been used to prepare a 6-sulfo LacNAc
residue with 6-sulfo-GlcNAc at the nonreducing end.[13] More
recently, a direct enzyme-assisted transglycosylation reaction
has been reported that supplies regioselectively sulfonated
disaccharides that have the 6-SO3 GlcNAc unit attached at the
nonreducing moiety.[14] In this paper, we have undertaken a
clearly distinct alternative approach, which is based on the
sequential use of chemical sulfonations and enzymatic desulfo-
nations. Our approach seems effective for the assembly of a
library of numerous O-sulfonated D-galacto-sugars, as described
below.


Chemical sulfonation of p-nitrophenyl glycosides


In this study, p-nitrophenyl (pNP) glycosides were employed as
the key starting compounds (Scheme 1) because most pNP
mono- and disaccharides are commercially available and can be
easily converted into artificial glycoconjugates and other cluster
models.[6a,b, 7, 9, 15] pNP 3,6-SO3-Gal (1), 3�,6�-SO3-Lac (2), 3-SO3-Gal
(7), and 3�-SO3-Lac (8) were prepared by a stannylene acetal
method, as described previously.[8] Other pNP sulfoglycosides,
that is, disulfo-Gal (3±5), 3,6-di-SO3 GalNAc (6), and 2,3,6-tri-SO3
�-Gal (11; Scheme 1), were prepared in the following way: pNP
2,3-Di-O-benzoyl-4,6-O-benzylidene-�-D-Gal[16] was derived from
pNP �-D-galactoside and converted into 4,6-SO3 Gal (3) in three
steps: 1) de-O-benzylidenation by treatment with an excess
amount of camphorsulfonic acid (CSA) in MeOH-CH2Cl2-DMF
(10:2:1; DMF, dimethyl formamide), 2) sulfonation at O-4 and O-6
by treatment with 12 mol equiv SO3Me3N in DMF, and 3) de-O-
benzoylation by treatment with NaOMe in MeOH (53% for 3
steps).
The regio-controlled synthesis of 4 could not be accomplished


by the stannylene method because of the trans configuration of


O-2 and the O-pNP group. Thus, random O-sulfonation of pNP
Gal was performed by treatment with 2.4 mol equiv SO3Me3N, to
afford a mixture of 1, 3, and 4 (60:16:24, total yield 35%). 2,3,6-
SO3 �-D-Gal (11) was prepared in 78% yield by direct O-
sulfonation of pNP �-D-galactoside by reaction with 6 mol equiv
SO3Me3N. In a manner similar to that of the synthesis of 3, 3,4-SO3
Gal (5) was derived from pNP �-D-galactoside in 5 steps.[17] 3,6-
SO3 GalNAc (6) was obtained as the single product of (Bu3Sn)2O
activated O-sulfonation of pNP �-D-GalNAc, though the con-
version yield was low (19%).


Substrate selectivity and regioselectivity in the sulfatase-
catalyzed reactions of pNP sulfo-Gal compounds 1 ±7


As we have already reported,[8] all three sulfatases catalyzed
regioselective desulfonation at the 3-O-sulfo group of 3,6-SO3
Gal (1) to afford 6-SO3 Gal (9 ; Table 1, Entry 1). When 3�,6�-disulfo-
�-lactoside (2) was used as a substrate, limpet sulfatase was
found to show the highest activity towards cleavage of the 3�-O-
sulfo group to give pNP 6�-sulfo lactoside (10 ; Table 1, Entry 2).
The activities of the sulfatases decreased in the order limpet�
abalone� snail. In contrast, when 4,6-SO3 Gal (3) was used as
the substrate, only the abalone enzyme could hydrolyze the 4-O-
sulfo group, to give 6-SO3 Gal (9) in 90% yield.
A similar but more critical difference was observed between


the three sulfatases when a mixture of 2,6-SO3 Gal (4), 3,6-SO3 Gal
(1), and 4,6-SO3 Gal (3) (4 :1:3� 24:60:16) was used as substrate
(Entry 4). Snail sulfatase hydrolyzed the respective 2-O- and 3-O-
sulfo groups of 4 and 1 almost simultaneously, to give a mixture
of 6-SO3 Gal (9 ; approximately 84%) and 4,6-SO3 Gal (3 ;
approximately 16%). Abalone sulfatase hydrolyzed the 3-O-sulfo
group of 1 and 4-O-sulfo group of 3, while limpet sulfatase
hydrolyzed only the 3-O-sulfo group of 1. These results are


consistent with the data obtained from
the reactions of each of the compounds
1 and 3 (Table 1, Entries 1 and 3). Thus, it
is clear that limpet sulfatase recognizes
the 3-O-sulfo group of �-galactosides
with high specificity, while snail and
abalone sulfatases show broader recog-
nition and also act on the 2-O- and 4-O-
sulfo groups, as summarized in
Scheme 2.
None of the enzymes accepted 3,4-


disulfo Gal (5) and 3,6-disulfo GalNAc (6 ;
Entries 5 and 6 in Table 1, and Scheme 3)
as substrate. These results suggest that
vicinal O-sulfo groups (3-SO3/4-SO3 in 5)
and O-sulfo/N-Ac groups (as in 6) may
not be accepted by the enzymes. Only
limpet sulfatase could use 3-SO3 Gal (7;
Entry 7), though the sulfatide (3-sulfo �-
D-Gal-ceramide) is considered to be a
common substrate of the three sulfatas-
es in nature.[18] The low reactivity for the
sulfatide mimic 7 can be ascribed to the
lower hydrophobicity and self-assem-


Scheme 1. Structures of pNP sulfo-D-galacto-sugars 1±13 derived by the chemoenzymatic approach
described herein. Compounds 1 ±8 and 11 were sulfonated by using a chemical approach, while compounds 9,
10, 12, and 13 were synthesized by the process of enzymatic de-O-sulfonation described in the text.
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Scheme 2. Discrimination between secondary O-sulfo groups in the 6-O-SO3 D-
galacto-sugars 1, 3, and 4 in sulfatase reactions. Limpet sulfatase recognized only
the 3-O-SO3 group in 1 with high specificity, while snail and abalone sulfatases
showed broader recognition for 2-O-SO3 and 4-O-SO3 in 4 and 3, respectively, as
well as for 3-O-SO3 in 1.


bling properties of this compound at the aglycon structure
compared to those of the sulfatide (pNP versus ceramide). It is of
more significance, however, that 3,6-disulfo Gal (1) is a better
substrate than 7 for all three enzymes, as shown in Scheme 3.
This result suggests the existence of natural substrates with 3,6-
di-O-sulfo groups.


Time courses of enzyme reactions with pNP 2,3,6-SO3 �-Gal
(11)


The reactions of substrates 1 ±4 led us to assume that a primary
6- (or 6�)-O-sulfo group may promote de-O-sulfonation at the


secondary positions (Scheme 3). To substantiate this assumption,
we performed enzyme-catalyzed reactions with 2,3,6-tri-SO3 �-
Gal (11; see Entry 8 in Table 1 and Scheme 4), which possesses
vicinal O-sulfo groups as well as a primary O-sulfo group at C-6.
The reactions revealed that all three enzymes could utilize the
substrate 11 to produce 2,6-di-SO3 �-Gal (12) and 6-mono-SO3 �-
Gal (13). In this case, the vicinal O-sulfo groups could be
recognized by these enzymes, which supports the hypothesis
that the 6-O-sulfo group promotes hydrolysis at the secondary
sulfo groups.
To obtain more precise information on the enzyme-catalyzed


reactions of 11, we monitored each of the enzyme reactions by
1H NMR spectroscopy. The time courses of
reactions catalyzed by the snail enzyme (Fig-
ure 1) show that the sulfatase converted 11
mainly into the 2,6-disulfo compound 12 in the
first 24 h of reaction (34% conversion) and then
started to produce the 6-sulfo compound 13.
The yield of 13 reached 4% after 45 h and
increased steadily thereafter. The amount of 12
present reached saturation after about 70 h,
and the amounts of both 11 and 12 decreased
steadily thereafter. After 195 h, the yields of the
2,6-disulfo product 12 and the 6-sulfo product


13 were 42% and 10%, respectively. In this experiment, no
production of the 2,3- and 3,6-disulfo compounds could be


Scheme 4. Stepwise de-O-sulfonation of tri-O-sulfonated 11 by sulfatases. All the
sulfatases hydrolyzed the 3-O-SO3 group in 11 to produce the 2,6-di-O-sulfonated
compound 12, and then hydrolyzed the 2-O-SO3 group in 12 to afford the
6-mono-O-sulfonated compound 13.


Table 1. Substrate specificity of molluscan sulfatases[a] for sulfonated D-galacto-sugars.[b]


Entry Substrate Location of de-O-sulfonation Products (yield)[c]


Snail Abalone Limpet Snail Abalone Limpet


1 3,6-SO3 Gal (1) O-3 O-3 O-3 9(94%[d] ) 9(�95%[d]) 9(�95%[d])
2 3�,6�-SO3 Lac (2) –[e] O-3� O-3� –[d] 10(40%[d] ) 10(�95%[d] )
3 4,6-SO3 Gal (3) – O-4 – – 9(90%) –
4 A mixture of 2,6-SO3Gal (24%; 4),


3,6-SO3Gal (60%; 1),
4,6-SO3Gal (16%; 3)


O-2/O-3 O-3/O-4 O-3 9(84%) 9(76%) 9(60%)


3(16%)[f] 4(24%)[f] 4(24%)[f]


� 3(16%)[f]


5 3,4-SO3 Gal (5) – – – – – –
6 3,6-SO3 GalNAc (6) – – – – – –
7 3-SO3 Gal (7) – – O-3 – – �-Gal(30%)
8 2,3,6-SO3�-Gal (11) O-3�O-2 O-3�O-2 O-3�O-2 12(42%) 12(38%) 12(62%)


� � �
13(10%) 13(16%) 13(9%)


[a] Sulfatases (E.C. 3.1.6.1) from snail (Helix pomatia ; 16.1 unitsmg�1), abalone (not specified; 23 unitsmg�1), and limpet (Patella vulgata ; 7.6 unitsmg�1) were
purchased from Sigma and used without further purification. A typical experiment is as follows: A mixture of 1 (80 mg) and sulfatase (from Helix pomatia, 5 mg)
was dissolved in 0.25M AcONa±AcOH buffer (pH 6.8, 2 mL) at 37 �C over 2 days to give 9 (60 mg, 94%). See the Experimental Section for details. [b] pNP D-
glycopyranosides. [c] Isolated yields or yields determined by 1H NMR spectroscopy. [d] See ref. [8]. [e] No reaction. [f] Recovered products and yields.


Scheme 3. Relative activities of O-sulfonated D-galacto-sugars in sulfatase reactions. The presence of
a primary 6-O-SO3 group promotes de-O-sulfonation at the secondary positions, that is, 3-O-SO3 in 1,
3�-O-SO3 in 2, 4-O-SO3 in 3, and 2-O-SO3 in 4. The absence of 6-O-SO3 in 5 and 7, and the presence of
NHAc in 6 did not aid de-O-sulfonation at the secondary sulfonates.
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Figure 1. Time course of snail sulfatase reactions with pNP 2,3,6-SO3-�-D-Gal
(11; starting material, shown in blue) and pNP 2,6-SO3-�-Gal (12 ; intermediate,
shown in pink). The product, pNP 6-SO3-�-Gal (13), is shown in green.


detected. These results indicate that the snail enzyme recognizes
the 3-O-sulfo group of 11 selectively and catalyzes reaction at
this group to produce 12, and then acts at the 2-O-sulfo group of
12 to yield 13. Abalone and limpet sulfatases behaved similarly
to the snail enzyme, though the abalone enzyme showed the
highest reactivity for the conversion of 12 into 13 (16% yield in
195 h). The limpet enzyme also yielded the two products 12 and
13 in 62% and 9%, respectively (141 h). The production of 13 by
the limpet enzyme indicated that this enzyme also hydrolyzes
the 2-O-sulfo group, though little reactivity was detectable for
the �-isomer (4). This result may be explained as the result of an
anomer effect changing the regioselectivity, though further
experiments are needed to determine the precise mechanism.


Conclusion


The substrate selectivities and regioselectivities of three mollus-
can sulfatases were examined with a series of mono-, di-, and tri-
O-sulfonated galacto-sugars. We observed a unique phenomen-
on: the hydrolysis of O-sulfo groups at the secondary positions is
promoted by the presence of a 6-O-sulfo group in the same
substrate. Although these enzymes have rarely been applied for
synthetic purposes, it is now clear that they possess great
potential for application to the library assembly of O-sulfonated
sugars. In our approach, which combined enzymatic and
chemical reactions, we were able to obtain 13 types of pNP
sulfo-D-galacto-sugar, nine of which were obtained by use of
organotin and random sulfonation methods (blue arrows in
Scheme 5) and four of which were the products of enzyme
reactions (red arrows).


Experimental Section


General : Sulfatases from snail (Helix pomatia, 16.1 unitsmg�1),
abalone entrails (not specified, 23 unitsmg�1) and limpet (Patella
vulgata, 7.6 unitsmg�1) were from Sigma and used without further


purification. All other reagents were obtained from Aldrich or Sigma
and used as received.


Reactions were performed in well-dried glassware under an inert
atmosphere of N2. Unless stated otherwise, all chemical reactions
were performed under anhydrous conditions at 40 �C. Reactions
were followed by TLC analysis performed on Silica Gel 60 F-254
precoated plates (E. Merck). Compounds were visualized under UV
light and by spraying with 20% H2SO4 in EtOH, followed by charring
at 140 �C. Flash chromatography was carried out on E. Merck Silica
Gel (230 ± 400 mesh) or Silica Gel 60 RP-18 (40 ± 63 �m). Gel filtration
was performed on Sephadex LH-20 (Amersham Pharmacia Biotech).
Optical rotations were measured on a JASCO DIP-1000 polarimeter at
ambient temperature.


1H, 13C and 1H-1H COSY spectra were recorded on a Varian G300,
Bruker ASX-400, Bruker AVANCE-500, or JEOL LA-600 instrument. All
data are assumed to be first order. Mass spectra were obtained in a
Hitachi MS-80B or JEOL DX303 spectrometer. Combustion analyses
were performed on a Carlo Elba EA-1108 or Perkin-Elmer EA-2400
instrument.


pNP 3,6-di-O-sulfo-�-D-galactopyranoside, sodium salt (1): A
mixture of pNP galactopyranoside (600mg, 1.99mmol) and (Bu3Sn)2O
(0.764 mL, 1.5 mmol) was refluxed in tetrahydrofuran (THF)/benzene
(1:1, total volume 50 mL) for 3 h with continuous azeotropic removal
of water. The reaction mixture was concentrated in vacuo, and the
residual stannylene acetal was treated with SO3NMe3 (1.4 g, 0.01 mol)
in DMF at 60 �C for 3 h. The reaction mixture was diluted with benzyl
alcohol (8 mL) and concentrated in vacuo. The residue was then
successively purified by size exclusion chromatography on a
Sephadex LH-20 column, reverse-phase chromatography on a
column of octadecylsilyl (ODS-C18; E. Merck) and ion-exchange
chromatography on a Dowex Na� column to afford 1 (980 mg, 97%):
[�]D��35� (c�0.7 in H2O); 1H NMR (D2O, tBuOH� 1.23 ppm): ��
8.271 and 7.278 (d, J�9.3 Hz, pNP), 5.330 (d, J� 7.8 Hz, H-1), 4.484
(dd, J� 3.3 and 9.6 Hz, H-3), 4.429 (d, J� 3.3 Hz, H-4), 4.34 ± 3.93 (m,
H-6 and H-6�), 4.013 (dd, J� 7.8 and 9.6 Hz, H-2) ppm; 13C NMR
(tBuOH�31.3 ppm): �� 163.6, 144.5, 128.0, 118.4, 101.3, 81.3, 74.7,
70.2, 68.8, 68.3 ppm; FAB-MS: 527 [M�Na� 1]� .
pNP 3�,6�-di-O-sulfo-�-D-lactoside, sodium salt (2): A mixture of pNP
lactoside (79 mg, 0.17 mmol) and Bu2SnO (128 mg, 0.51 mmol) was


Scheme 5. Library synthesis of sulfo D-galacto-sugars by the chemoenzymatic
method described herein. Blue arrows: Chemical O-sulfonation by stannylene
acetal technology, conventional chemical transformation, or random synthesis.
Red arrows: Enzymatic de-O-sulfonation by sulfatases.
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refluxed in MeOH (total volume 200 mL) for 5 h with continuous
azeotropic removal of water. The reaction mixture was concentrated
in vacuo and the stannylene acetal intermediate treated with
SO3NMe3 (71 mg, 0.51 mmol) in DMF at 50 �C for 16 h. The reaction
mixture was diluted with benzyl alcohol (2 mL) and concentrated in
vacuo. The residue was then purified by sequential column
chromatography with Sephadex LH-20, ODS C-18, and ion exchange
resin (Dowex Na�) to afford 2 (53 mg, 40%). [�]D��39� (c� 1.1 in
H2O). 1H NMR (600 MHz, D2O, tBuOH� 1.23 ppm): �� 8.270 and 7.251
(d, J� 9.2 Hz, pNP), 5.313 (d, J�8.1 Hz, H-1), 4.629 (d, J� 7.7 Hz, H-1�),
4.38 ± 4.32 (dd, J�3.3 and 9.5 Hz, H-3�, and brd, J� 3.3 Hz, H-4�),
4.27 ± 4.20 (m, H-6 and H-6� of galactose residue), 4.07 ± 4.02 (br t, J�
6.2 Hz, H-5�), 4.02 ± 3.97 (brd, J� 12.0 Hz, H-6 of glucose residue),
3.805 (br t, J�9.9 Hz, H-3), 3.90 ± 3.77 (m, H-5) ppm. 13C NMR
(tBuOH�31.3 ppm): �� 163.7, 144.6, 128.1, 118.4, 104.5, 101.1, 81.6,
80.7, 76.8, 75.8, 74.4, 74.3, 70.8, 69.1, 68.5, 61.8 ppm. FAB-MS (pos.):
668 [M�1]� , 690 [M�Na]� .
pNP 4,6-di-O-sulfo-�-D-galactopyranoside, sodium salt (3):


A) Synthesis of pNP 4,6-O-benzylidene-�-D-galactopyranoside: A
mixture of pNP galactopyranoside (2 g, 6.6 mmol), benzaldehyde
dimethyl acetal (1.3 mL, 8.7 mmol), and camphorsulfonic acid
(154 mg, 0.1 mmol) was dissolved in CH3CN and DMF (1:1, 100 mL)
at RT over a 20-h period. Triethylamine (4 mL) was added. Ethyl
acetate (200 mL) was added and the mixture was washed with
NaHCO3 and NaCl. After evaporation, the residue was crystallized
from diethyl ether and hexane to give pNP 4,6-O-benzylidene-�-D-
galactopyranoside (2.4 g, 94%). [�]D��120� (c� 0.6 in DMF).
1H NMR (500 MHz, CD3OD (3.35 ppm)): �� 8.264 and 7.315 (d, J�
9.2 Hz, pNP), 7.57 and 7.39 (m, C6H5CH), 5.677 (s, C6H5CH), 5.186 (d, J�
7.7 Hz, H-1), 4.338 (br d, J�3.4 Hz, H-4), 4.30 ± 4.18 (m, H-6, H-6�),
3.979 (dd, J� 7.8 and 9.8 Hz, H-2), 3.861 (br s, H5), 3.811 (dd, J�3.4
and 9.8 Hz, H-3) ppm. 13C NMR (CD3OD (49.0 ppm)): �� 163.8, 143.9,
139.6, 129.9, 129.0, 127.6, 126.6, 117.8, 102.5, 101.9, 77.3, 73.4, 71.5,
70.0, 68.4 ppm. Elemental analysis: calcd. for C19H19NO8: C, 58.61; H,
4.92; N, 3.60; found: C, 58.62; H, 4.84; N, 3.56. FAB-MS (pos.) 390
[M�1]� , 412 [M�Na]� .
B) Synthesis of pNP 2,3-di-O-benzoyl-4,6-O-benzylidene-�-D-galacto-
pyranoside: A mixture of the compound produced by Method A (2 g,
5.1 mmol), N,N-dimethylaminopyridine (13.3 mg, 0.109 mmol), ben-
zoyl chloride (3.1 mL, 26.6 mmol), triethylamine (0.15 mL, 1.08 mmol),
and pyridine (50 mL) was stirred for 48 h at RT. After cooling, crushed
ice and sat. NaHCO3(aq) were added, then the mixture was stirred for
0.5 h at RT, diluted with ethyl acetate, washed with sat. NaHCO3(aq)
and water, dried (MgSO4) and evaporated. The residue was eluted
from a column of silica gel (200 g) with toluene/ethyl acetate (4:1) to
give the desired product (2.7 g, 90%). [�]D��79� (c�0.42 in CHCl3).
1H NMR (500 MHz, CDCl3 (TMS)): ��8.152 and 7.118 (d, J� 9.3 Hz,
pNP), 8.001 (d, J� 8.5 Hz, benzoyl), 7.948 (d, J�8.5 Hz, benzoyl),
7.57 ± 7.35 (m, C6H5CH and benzoyl), 6.173 (dd, J�8.0 and 10.4 Hz,
H-2), 5.606 (s, C6H5CH), 5.483 (dd, J� 3.4 and 10.4 Hz, H-3), 5.470 (d,
J�8.0 Hz, H-1), 4.701 (brd, J�3.4 Hz, H-4), 4.452 (brd, J� 11.9 Hz,
H-6), 4.214 (brd, J� 11.9 Hz, H-6�), 3.910 (br s, H-5) ppm. 13C NMR
(CDCl3 (77.7 ppm)): �� 166.8, 165.8, 162.2, 143.8, 137.8, 134.3, 134.1,
130.7, 130.4, 129.8, 129.6, 129.2, 128.9, 126.9, 126.4, 117.7, 101.7, 99.8,
73.9, 73.0, 69.4, 69.2, 67.8 ppm. FAB-MS (pos.): 596 [M� 2]� , 619
[M�Na� 2]� . Elemental analysis: calcd. for C33H27NO10: C, 66.3; H,
4.55; N, 2.34; found: C, 66.5; H, 4.56; N, 2.22.


C) Synthesis of pNP 2,3-di-O-benzoyl-�-D-galactopyranoside: pNP
2,3-di-O-benzoyl-4,6-O-benzylidene-�-D-galactopyranoside (2.6 g,
4.5 mmol) and camphorsulfonic acid (310 mg, 1.3 mmol) were
dissolved in MeOH (50 mL), CH2Cl2 (10 mL), and DMF (5 mL). After
43 h, Et3N (1 mL) was added and the reaction mixture was diluted


with AcOEt and washed with NaHCO3 and NaCl. After evaporation,
the residue was crystallized from diethyl ether/hexane to give the
desired compound (2 g, 89%). [�]D��103� (c�0.39 in DMF).
1H NMR (500 MHz, CD3OD (3.35 ppm)): �� 8.230 and 7.259 (d, J�
9.5 Hz, pNP), 8.021 (d, J�8.5 Hz, benzoyl), 7.975 (d, J� 8.5 Hz,
benzoyl), 7.65 ± 7.40 (m, benzoyl), 6.043 (dd, J� 8.0 and 10.4 Hz, H-2),
5.717 (d, J� 8.0 Hz, H-1), 5.517 (dd, J�3.1 and 10.4 Hz, H-3), 4.432
(brd, J�2.8 Hz, H-4), 4.130 (m, H-5), 3.929 (dd, J� 6.7 and 11.6 Hz,
H-6), 3.881 (dd, J� 5.5 and 11.6 Hz, H-6�) ppm. 13C NMR (CD3OD
(49.0 ppm)): ��167.2, 167.0, 163.2, 144.2, 134.6, 134.5, 130.8, 130.6,
129.6, 129.5, 126.7, 117.9, 100.0, 77.4, 75.9, 71.1, 67.9, 62.4 ppm. FAB-
MS (pos.): 510 [M]� , 532 [M�Na� 1]� . Elemental analysis: calcd. for
C26H23NO10: C, 61.3; H, 4.55; N, 2.75; found: C, 61.3; H, 4.44; N, 2.69.


D) Synthesis of pNP 2,3-di-O-benzoyl-4,6-di-O-sulfo-�-D-galactopyra-
noside: The above-described diol galactose derivative (593 mg,
1.2 mmol) was sulfonated by treatment with SO3Me3N (2 g,
14.4 mmol) in DMF (10 mL) at 60 �C for 23 h. The reaction mixture
was evaporated. Caution: The disulfo derivative immediately decom-
poses in MeOH solution, while in MeOH/H2O (1:1) the compound is
stable. The residue was purified on a ODS C-18 (40 g) column eluted
with H2O�H2O/MeOH (1:1) to give the disulfo derivative (831 mg,
quant.). [�]D��55� (c�0.6 in H2O). 1H NMR (500 MHz, D2O
(tBuOH�1.23 ppm, Me3N� salt)): ��8.117 and 7.135 (d, J� 9.2 Hz,
pNP), 7.913 (brd, J� 7.4 Hz, benzoyl), 7.817 (brd, J� 7.7 Hz, benzoyl),
7.560 (br t, J� 7.5 Hz, benzoyl), 7.486 (br t, J� 7.5 Hz, benzoyl), 7.392
(br t, J� 7.8 Hz, benzoyl), 7.298 (br t, J� 7.8 Hz, benzoyl), 5.851 (dd, J�
8.0 and 10.1 Hz, H-2), 5.789 (d, J� 8.0 Hz, H-1), 5.675 (dd, J�3.4 and
10.1 Hz, H-3), 5.190 (brd, J�3.4 Hz, H-4), 4.69 ± 4.64 (m, H-5), 4.456
(dd, J�3.1 and 11.8 Hz, H-6), 4.310 (dd, J�8.9 and 11.8 Hz, H-6�),
2.873 (s, Me3N� salt) ppm. FAB-MS (pos.): 735 [M�Na� 2]� . Elemental
analysis: calcd. for C26H21NNa2O16S2 ¥ 2H2O: C, 41.66; H, 3.36; N, 1.87; S,
8.55; found: C, 41.50; H, 3.25; N, 2.21; S, 8.22.


E) Synthesis of 3 : The disulfonated derivative (57 mg, 0.08 mmol)
obtained as described in (D) was immediately dissolved in 0.1M
NaOMe/MeOH. After 10 min, the reaction mixture was neutralized
with Dowex H� to give 3 (24.2 mg, 60%). The deprotected disulfo
compound 3 was stable in MeOH, H2O, or a mixture of both. [�]D�
�63� (c� 0.3 in H2O). 1H NMR (500 MHz, D2O (tBuOH�1.23 ppm,
Na� salt)): ��8.280 and 7.283 (d, J�9.0 Hz, pNP), 5.248 (d, J�7.7 Hz,
H-1), 4.77 ± 4.68 (m, H-4), 4.40 ±4.33 (m, H-6 and H-6�), 4.196 (m, H-5),
3.955 (dd, J� 3.0 and 9.8 Hz, H-3), 3.893 (brdd, J� 7.6 and 9.8 Hz,
H-2) ppm. 13C NMR (D2O (tBuOH� 31.3 ppm)): ��168.9, 144.4, 127.9,
118.3, 101.5, 77.7, 74.4, 73.1, 72.0, 69.3 ppm. Elemental analysis: calcd.
for C12H13NNa2O14S2 ¥ 2H2O: C, 26.62; H, 3.16; N, 2.59; S, 11.84; found:
C, 26.93; H, 2.99; N, 2.51; S, 11.67.


Mixture of pNP 2,6-di-O-sulfo-�-D-galactopyranoside, sodium salt
(4) with compounds 1, and 3 : A mixture of pNP galactopyranoside
(1 g, 3.3 mmol) and SO3NMe3 (1.1 g, 8.0 mmol) was dissolved in DMF
at 80 ± 90 �C over a 14-h period. The reaction mixture was then
diluted with methanol (10 mL) and concentrated in vacuo. The
residue was purified by sequential column chromatography with
Sephadex LH-20, ODS C-18, and ion-exchange resin (Dowex Na�) to
afford a mixture of 4, 1, and 3 (580 mg, 35%, 4/1/3�24:60:16).
1H NMR (500 MHz, D2O, tBuOH� 1.23 ppm) for 4 : ��8.280 and 7.283
(brd, J� 9.2 Hz, pNP), 5.377 (d, J� 7.7 Hz, H-1), 4.583 (dd, J� 7.7 and
9.5 Hz, H-2), 4.127 (brd, J� 3.4 Hz, H-4), 3.973 (dd, J� 3.4 and 9.5 Hz,
H-3) ppm. The ratio 4/1/3 was determined by integration of the
respective H-1 signals at 5.377 (4), 5.330 (1), and 5.248 (3) ppm. FAB-
MS (pos.): 506 [M�1]� , 528 [M�Na]� .
pNP 3,4-di-O-sulfo-�-D-galactopyranoside, sodium salt (5):


A) Synthesis of pNP 3,4-isopropylidene-�-D-galactopyranoside: A
mixture of pNP galactopyranoside (3 g, 10 mmol) and Dowex H�
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(1.2 g) was dissolved in acetone (500 mL) at RT over a period of 3 h.
Triethylamine (8 mL) was added and the reaction mixture was
filtered. After evaporation, the residue was purified by silica gel
(400 mL) chromatography with CH2Cl2/MeOH (10:1) containing 1%
triethylamine to give pNP 3,4-O-isopropylidene-�-D-galactopyrano-
side (2.2 g, 65%). [�]D��59� (c� 1.7 in MeOH). M.p. : 154 ± 157 �C.
1H NMR (300 MHz, CD3OD (tBuOH�1.23 ppm)): �� 8.231 and 7.236
(d, J� 9.3 Hz, pNP), 5.044 (d, J� 7.8 Hz, H-1), 4.313 (dd, J�2.1 and
5.7 Hz, H-4), 4.37 ± 4.10 (m, H-3, H-5), 3.87 ± 3.72 (m, H-2, H-6, H-6�),
1.528 and 1.371 (2 s, CH3 of isopropylidene) ppm. 13C NMR (75 MHz,
CD3OD (tBuOH� 31.3 ppm)): ��164.2, 144.3, 127.0, 118.1, 111.6,
101.5, 80.9, 75.7, 75.2, 74.0, 62.6, 28.6, 26.7 ppm.


B) Synthesis of pNP 3,4-O-isopropylidene-2,6-di-O-benzoyl-�-D-galac-
topyranoside: A mixture of the diol compound described above
(1.75 g, 5.1 mmol), N,N-dimethylaminopyridine (50 mg, 0.41 mmol),
and benzoyl chloride (1.77 mL, 15 mmol) was dissolved in pyridine
(50 mL) and stirred for 17.5 h at RT. The reaction mixture was cooled
to 0 �C, then crushed ice and NaHCO3 were added. After 1 h, the
mixture was diluted with CH2Cl2 , washed with NaHCO3 and NaCl, and
evaporated to afford dibenzoyl compound (2.9 g, quant.). [�]D�
�4.6� (c�1.6 in CHCl3). M.p. : 177 ±178 �C. 1H NMR (300 MHz, CDCl3
(TMS)): �� 8.08 ± 8.03 (m, benzoyl), 7.976 and 7.005 (d, J� 9.3 Hz,
pNP), 7.69 ± 7.40 (m, benzoyl), 5.564 (dd, J� 6.3 and 7.5 Hz, H-2), 5.253
(d, J� 7.5 Hz, H-1), 4.792 (dd, J�3.6 and 11.7 Hz, H-6), 4.641 (dd, J�
8.4 and 11.7 Hz, H-6�), 4.534 (br t, J�6.3 Hz, H-3), 4.48 ± 4.38 (m, H-4
and H-5), 1.682 and 1.413 (2 s, CH3 of isopropylidene) ppm. 13C NMR
(100 MHz, CDCl3 (77.0 ppm)): �� 166.2, 165.2, 161.3, 149.9, 142.9,
135.9, 133.6, 133.5, 129.8, 129. 6, 129.3, 128.6, 128.5, 125.5, 123.7,
116.7, 111.5, 98.0, 73.0, 72.5, 71.7, 63.5, 27.4, 26.1 ppm. Elemental
analysis: calcd. for C29H27NO10: C, 63.38; H, 4.95; N, 2.55; found: C,
63.38; H, 4.95; N, 2.49.


C) Synthesis of pNP 2,6-di-O-benzoyl-�-D-galactoryranoside: The fully
protected galactoside (1 g, 1.8 mmol) described in (B) was dissolved
in CH2Cl2/MeOH (1:2, v/v) in the presence of CSA (0.17 g, 0.73 mmol)
over a period of 2 days. Et3N (1 mL) was added and the reaction
mixture was evaporated. The residue was dissolved in AcOEt, and the
organic solvent was washed with sat. NaHCO3(aq) and H2O. After
evaporation, a white solid was obtained (0.78 g, 84%). [�]D��14�
(c� 0.68 in MeOH). M.p. : 192 ± 194 �C. 1H NMR (400 MHz, CDCl3,
(TMS)): ��8.061 and 7.042 (d, J� 8.7 Hz, pNP), 8.04 ± 8.00 (m,
benzoyl), 7.70 ± 7.40 (m, benzoyl), 5.513 (dd, J� 7.9 and 9.2 Hz, H-2),
5.280 (d, J�7.9 Hz, H-1), 4.791 (dd, J�4.9 and 11.8 Hz, H-6), 4.645 (dd,
J�7.7 and 11.7 Hz, H-6�), 4.2 ± 3.9 (m, H-3, H-4, H-5) ppm. 13C NMR
(75 MHz, DMSO-d6, 39.6 ppm): �� 165.8, 165.4, 161.8, 142.2, 133.9,
129.6, 129.1, 125.8, 116.8, 97.7, 73.4, 72.3, 71.0, 68.7, 64.1 ppm.
Elemental analysis: calcd. for C26H23NO10: C, 61.30; H, 4.55; N, 2.75;
found: C, 60.94; H, 4.42; N, 2.62.


D) Synthesis of 5 : The diol galactose derivative (80 mg, 0.16 mmol)
obtained as described in (C) and SO3Me3N (157 mg, 1.1 mmol) were
dissolved in DMF at 50 �C for 24 h. MeOH (2 mL) was added and the
reaction mixture was evaporated. The residue was purified with silica
gel (10 g, CHCl3/MeOH (10:3)) to give pNP 2,6-di-O-benzoyl-3,4-di-O-
sulfo-�-D-galactopyranoside (37.4 mg, 35%). [�]D��37� (c� 0.06 in
MeOH/CH2Cl2 (10:1, v/v)). The above-mentioned disulfogalactopyr-
anoside (34 mg, 0.048 mmol) was then dissolved in MeOH/THF (5:1,
12 mL), and 28% NaOMe/MeOH solution (100 �L) was added. After
30 min, the reaction solution was neutralized with Dowex 50 (H�),
filtered, and evaporated. The residue was purified with ODS (C-18,
H2O as the eluent) to give 5 (21.5 mg, 89%). [�]D��25� (c�0.27 in
H2O). 1H NMR (300 MHz, D2O (tBuOH�1.23 ppm)): ��8.275 and
7.274 (d, J� 9.3 Hz, pNP), 5.384 (d, J�7.8 Hz, H-1), 5.047 (brd, J�
3.0 Hz, H-4), 4.536 (dd, J� 3.0 and 10.2 Hz, H-3), 4.16 ± 4.09 (m, H-5),
4.033 (dd, J� 7.8 and 10.2 Hz, H-2), 3.90 ± 3.75 (m, H-6, H-6�) ppm.


13C NMR (100 MHz, D2O (tBuOH�31.2 ppm)): �� 163.4, 144.5, 127.9,
118.3, 101.2, 79.1, 76.6, 76.2, 70.2, 62.3 ppm.


pNP 3,6-di-O-sulfo-2-deoxy-N-acetyl-�-D-galactosaminide, sodium
salt (6): A mixture of pNP 2-deoxy-N-acetyl-�-D-galactosaminide
(70 mg, 0.23 mmol) and (Bu3Sn)2O (179 �L, 0.35 mmol) was refluxed
in MeOH/THF/benzene (1:1:1, total volume 300 mL)�MeOH/ben-
zene (1:1, total volume 300 mL)�benzene (total volume 100 mL) for
12 h with continuous azeotropic removal of water. The reaction
mixture was concentrated in vacuo and the stannylene acetal
intermediate treated with SO3NMe3 (130 mg, 0.93 mmol) in DMF at
60 �C for 34 h. The reaction mixture was diluted with methanol
(10 mL) and concentrated in vacuo. The residue was then purified by
sequential column chromatography with Sephadex LH-20, ODS C-18,
and ion-exchange resin (Dowex Na�) to afford 6 (24 mg, 19%). [�]D�
�7.8� (c� 0.47 in H2O). 1H NMR (500 MHz, D2O, tBuOH�1.23 ppm):
��8.252 and 7.227 (d, J�9.2 Hz, pNP), 5.401 (d, J� 8.6 Hz, H-1),
4.573 (dd, J� 3.1 and 10.7 Hz, H-3), 4.388 (brd, J�3.1 Hz, H-4), 4.371
(dd, J�8.6 and 10.7 Hz, H-2), 4.32 ± 4.20 (m, H-5, H-6, H-6�), 2.001 (s,
NHAc) ppm. Elemental analysis : calcd. for C14H16N2Na2O14S2 ¥ 1H2O: C,
29.79; H, 3.21; N, 4.96; found: C, 30.19; H, 3.68; N, 5.15. FAB-MS (pos.):
568 [M�Na� 1]� .
pNP 3-O-sulfo-�-D-galactopyranoside, sodium salt (7): A mixture of
pNP �-D-galactopyranoside (640 mg, 2.13 mmol) and Bu2SnO
(540 mg, 2.15 mmol) was refluxed in THF/toluene (1:1, total volume
100 mL) for 4.5 h with continuous azeotropic removal of water. The
reaction mixture was concentrated in vacuo, and the residue was
treated with SO3NMe3 (450 mg, 3.23 mol) in DMF (20 mL) at 60 �C for
12.5 h. The reaction mixture was diluted with methanol (8 mL) and
concentrated in vacuo. The residue was purified on a silica gel
column (CHCl3:MeOH� 5:1) and treated with ion-exchange resin
(Dowex Na�) to afford 7 (814 mg, 95%): [�]D��41.8� (c� 1.3 in
MeOH); m.p.: 186 ± 194 �C; 1H NMR (D2O, RT): ��8.22 and 7.23 (dd,
J�2.1 and 7.5 Hz, pNP), 5.30 (d, J� 7.5 Hz, H-1), 4.46 (dd, J� 3.3 and
9.6 Hz, H-3), 4.39 (d, J� 3.3 Hz, H-4), 4.04 ±3.97 (m, H-2 � H-6S), 3.80
(d, H-5 � H-6R) ppm. FAB-MS 426 [M�Na]� . Elemental analysis:
calcd. for C12H14O11NSNa: C, 35.375; H, 3.577; N, 3.438; S, 7.870; found:
C, 35.185; H, 3.577; N, 3.348; S, 7.336.


pNP 3�-O-sulfo-�-D-lactoside, sodium salt (8): A mixture of pNP
lactoside (79 mg, 0.17 mmol) and Bu2SnO (43 mg, 0.17 mmol) was
refluxed in MeOH (total 200 mL) for 3 h with continuous azeotropic
removal of water. The reaction mixture was concentrated in vacuo
and the stannylene acetal intermediate treated with SO3NMe3
(24 mg, 0.17 mmol) in DMF at 50 �C for 16 h. The reaction mixture
was diluted with methanol (10 mL) and concentrated in vacuo. The
residue was then purified by sequential column chromatography
with Sephadex LH-20, ODS C-18, and ion-exchange resin (Dowex
Na�) to afford 8 (56 mg, 57%). [�]D��39� (c�1.3 in H2O). 1H NMR
(600 MHz, D2O, tBuOH�1.23 ppm): �� 8.235 and 7.225 (d, J� 9.2 Hz,
pNP), 5.283 (d, J� 7.8 Hz, H-1), 4.596 (d, J� 8.1 Hz, H-1�), 4.342 (dd,
J�3.0 and 9.8 Hz, H-3�), 4.297 (brd, J� 3.0 Hz, H-4�), 4.03 ±3.97 (brd,
J�11.0 Hz, H-6 of glucose residue), 3.89 ± 3.74 (m, H-6, H-6� and H-6��
of glucose and galactose residues), 3.796 (br t, J� 9.5 Hz, H-3) ppm.
13C NMR (tBuOH� 31.3 ppm): �� 163.6, 144.5, 128.0, 118.3, 104.4,
101.1, 81.8, 79.6, 76.8, 76.7, 75.8, 74.2, 70.8, 68.6, 62.7, 61.5 ppm.


pNP 6-O-sulfo-�-D-galactopyranoside, sodium salt (9): Sulfatases
that are commercially available were used without purification. The
typical procedure is as follows: A mixture of 1 (80 mg) and sulfatase
(from Helix pomatia, 5 mg) was dissolved in sodium acetate buffer
(pH 6.8, 0.25M; 2 mL) at 37 �C over a 2-day period. The reaction
mixture was purified by sequential column chromatography with
Sephadex LH-20, ODS, and ion-exchange resin (Dowex Na�) to give 9
(60 mg, 94%): [�]D��64.4� (c�3.1 in H2O); 1H NMR (D2O, tBuOH�
1.23 ppm): ��8.195 and 7.213 (d, J�9.2 Hz, pNP), 5.174 (d, J�7.3 Hz,
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H-1), 4.29 ± 4.17 (m, H-6 and H-6�), 4.075 (brd, J� 3.0 Hz, H-4), 3.875
(dd, J�7.3 and 9.9 Hz, H-2), 3.823 (dd, J�3.0 and 9.9 Hz, H-3) ppm;
13C NMR (tBuOH�31.3 ppm): �� 163.5, 144.1, 127.8, 118.2, 101.6,
74.9, 73.9, 71.9, 69.9, 68.7 ppm. FAB-MS 426 [M�Na]� . Elemental
analysis: calcd. for C12H14NNaO11S ¥ 2H2O: C, 32.81; H, 4.13; N, 3.19; S,
7.30; found: C, 32.42; H, 3.44; N, 2.95; S, 6.88.


pNP 6�-O-sulfo-�-D-lactoside, sodium salt (10): A mixture of 2
(20 mg) and sulfatase (from abalone entrails, 1.8 mg) was dissolved in
acetic acid/sodium acetate buffer (pH 6.8, 0.25M; 0.5 mL) at 37 �C
over a period of 3 days. The reaction mixture was purified by
sequential column chromatography with Sephadex LH-20, ODS C-18,
and ion-exchange resin (Dowex Na�) to give 10 (6.8 mg, 40%). [�]D�
�44� (c�0.37 in H2O). 1H NMR (600 MHz, D2O, tBuOH�1.23 ppm):
��8.264 and 7.244 (d, J�9.2 Hz, pNP), 5.304 (d, J� 8.1 Hz, H-1),
4.506 (d, J� 7.8 Hz, H-1�), 4.25 ± 4.20 (m, H-6 and H-6� of galactose
residue), 4.03 ± 3.96 (H-4� (J� 3.3 Hz), H-5� and H-6 of glucose residue
(J�12.0 Hz)), 3.90 ± 3.74 (m, H-5), 3.756 (br t, J�9.0 Hz, H-3), 3.73 ±
3.66 (m, H-3� and H-2) ppm. 13C NMR (tBuOH� 31.3 ppm): ��163.6,
144.6, 128.0, 118.3, 104.8, 101.0, 80.6, 76.8, 75.8, 74.7, 74.2, 72.6, 70.8,
70.1, 69.1, 61.7 ppm. FAB-MS (pos.): 566 [M�1]� , 588 [M�Na]� .
pNP 2,3,6-tri-O-sulfo-�-D-galactopyranoside, sodium salt (11): A
mixture of pNP �-D-galactopyranoside (79.8 mg, 0.26 mmol) and
SO3NMe3 (222 mg, 1.6 mmol) was dissolved in DMF at 50 �C. After
17 h, the reaction mixture was diluted with MeOH (5 mL) and
concentrated in vacuo. The residue was then purified by sequential
column chromatography with Sephadex LH-20, ODS C-18, and ion-
exchange resin (Dowex Na�) to afford 11 (128 mg, 78%). [�]D�
�129� (c� 0.6 in H2O). 1H NMR (500 MHz, D2O, tBuOH�1.23 ppm):
��8.273 and 7.350 (d, J�9.2 Hz, pNP), 6.154 (d, J� 3.7 Hz, H-1),
4.877 (dd, J�3.1 and 10.4 Hz, H-3), 4.82 ± 4.74 (m, H-2), 4.513 (brd,
J�2.8 Hz, H-4), 4.17 ± 4.13 (m, H-5), 4.191 (dd, J� 4.3 and 11.0 Hz, one
of H-6), 4.137 (dd, J� 8.1 and 11.0 Hz, one of H-6) ppm. 13C NMR
(tBuOH�31.3 ppm): �� 162.9, 144.4, 127.7, 119.1, 97.0 (C-1), 76.2,
73.6, 71.3, 69.1, 68.9 ppm. Elemental analysis: calcd. for
C12H12NNa3O17S3 ¥ 4H2O: C, 21.21; H, 2.97; N, 2.06; S, 14.16; found: C,
21.13; H, 2.78; N, 2.06; S, 14.35.


pNP 2,6-di-O-sulfo-�-D-galactopyranoside, sodium salt (12) and
pNP 6-O-sulfo-�-D-galactopyranoside, sodium salt (13): The
typical procedure of enzymatic desulfonation for the preparation
of 12 and 13 is as follows: A mixture of 11 (29.5 mg) and limpet
sulfatase (8.77 mg) was dissolved in acetic acid/sodium acetate
buffer (pH 6.8, 0.25M; 0.8 mL) at 37 �C over a 141.5-h period. The
reaction mixture was purified by sequential column chromatography
with Sephadex LH-20, ODS C-18, and ion-exchange resin (Dowex
Na�) to give 12 (15.1 mg, 62%), 13 (1.8 mg, 9%), and recovered 11
(3.8 mg, 13%). 12 : [�]D��147� (c� 0.2 in H2O). 1H NMR (500 MHz,
D2O, tBuOH�1.23 ppm): �� 8.262 and 7.322 (d, J�9.3 Hz, pNP),
6.114 (d, J� 3.7 Hz, H-1), 4.640 (dd, J�3.7 and 10.3 Hz, H-2), 4.295 (m,
H-4), 4.246 (dd, J� 3.3 and 10.3 Hz, H-3), 4.20 ±4.15 (m, H-5 and H-6),
4.119 (dd, J�8.0 and 10.7 Hz, H-6) ppm. 13C NMR (tBuOH�
31.3 ppm): �� 163.1, 144.4, 127.7, 119.1, 97.1(C-1), 76.4, 71.5, 70.6,
68.9, 68.8 ppm. FAB-MS (pos.): 506 [M�1]� , 528 [M�Na]� . Elemental
analysis: calcd. for C12H13NNa2O14S2 ¥ 2H2O: C, 26.62; H, 3.16; N, 2.59;
found: C, 26.91; H, 2.77; N, 2.46. 13 : [�]D��188� (c� 0.53 in H2O).
1H NMR (500 MHz, D2O, tBuOH�1.23 ppm): �� 8.258 and 7.301 (d,
J�9.2 Hz, pNP), 5.824 (d, J� 3.7 Hz, H-1), 4.24 ± 4.20 (m, H-5), 4.175
(dd, J�4.0 and 11.0 Hz, H-6), 4.029 (dd, J� 3.7 and 9.7 Hz, H-2), 4.14 ±
4.06 (m, H-3, H-4, H-6) ppm. 13C NMR (tBuOH�31.3 ppm): �� 163.1,
144.0, 127.6, 118.7, 98.6(C-1), 71.4, 70.8, 70.4, 69.4, 68.8 ppm. FAB-MS
(pos.): 426 [M�Na]� . Elemental analyis: calcd. for C12H14NNaO11S ¥
1H2O: C, 34.21; H, 3.83; N, 3.33; S, 7.61; found: C, 33.94; H, 3.85; N,
3.37; S, 7.44.


Analysis of the changes in the amounts of 11, 12, and 13 over the
time course of the reaction by 1H NMR spectroscopy : The reaction
mixture was monitored by 1H NMR spectroscopy of samples taken
after approximately 12, 24, 45, 75, and 195 h. Abalone (0.55 mg), snail
(0.81 mg), and limpet (0.71 mg) sulfatases were present in the
mixture together with 11 (10 mg), under the conditions described
above. Each solution sample (about 10 �L) was exchanged with D2O
(0.5 mL) and evaporated. This procedure was repeated at least three
times. The residue was dissolved in D2O (0.4 mL) with the internal
standard (tBuOH) and measured by 500 MHz 1H NMR (512 times). The
ratio of the H-1 signals of 11, 12, and 13 was calculated from the
integral curves.


Figure 3. Time course of limpet sulfatase reactions with pNP 2,3,6-SO3-�-D-Gal
(11; starting material, shown in blue) and pNP 2,6-SO3-�-Gal (12 ; intermediate,
shown in pink). The product, pNP 6-SO3-�-Gal (13), is shown in green.


Figure 2. Time course of abalone sulfatase reactions with pNP 2,3,6-SO3-�-D-Gal
(11; starting material, shown in blue) and pNP 2,6-SO3-�-Gal (12 ; intermediate,
shown in pink). The product, pNP 6-SO3-�-Gal (13), is shown in green.
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Snail sulfatase: Reaction time (hours) and yields of 11(%), 12(%),
13(%): (0, 100, 0, 0), (12, 78, 22, 0), (24, 66, 34, 1), (45, 55, 41, 4), (75, 50,
44, 6), (195, 48, 42, 10). The time course is shown in Figure 1.


Abalone sulfatase: Reaction time (hours) and yields of 11(%), 12(%),
13(%): (0, 100, 0, 0), (24, 74, 21, 5), (45, 65, 28, 7), (75, 58, 32, 10), (195,
46, 38, 16). A plot of the conversion of 11, 12, and 13 versus time is
shown in Figure 2.


Limpet sulfatase: Reaction time (hours) and yields of 11(%), 12(%),
13(%): (0, 100, 0, 0), (24, 99, 1, 0), (45, 89, 11, 0), (75, 84, 16, 0), (195, 75,
23, 2). The conversion of 11, 12, and 13 versus time is shown in
Figure 3.
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In the last few years NMR spectroscopy has increasingly been
used in pharmaceutical drug discovery and development as a
result of its ability to provide structural and dynamic information
at atomic resolution.[1] However, the attainment of structural
information on protein ± ligand complexes by NMR spectroscopy
is limited to small to medium size proteins (MW�30 kDa) and by
the lengthy nature of the protein resonance assignment process.


Nonetheless it is known that protein binding sites often
contain only a small subset of residues–mainly tryptophan
(Trp), tyrosine (Tyr), and arginine (Arg).[2] This fact has led to a
growing interest in the search for new techniques for the
selective isotope labeling of these residues. For example, a new
labeling method to selectively incorporate 13C at position 2 or 4
of Trp side chains has very recently been reported and has been
successfully applied to the study of protein ± ligand interactions
by use of 2D [13C,1H] correlation spectra.[3] Herein, we report a
simple and effective method to selectively label Trp side chains
with 19F at position 5 or 6. Until now, 19F-Trp has generally been
introduced into proteins by using Escherichia coli strains
auxotrophic for Trp and by including the amino acid analogue
in the growth medium.[4±8] This method requires the time-
consuming extra steps of cloning the protein of interest into
these strains, which may result in a loss in yield and poor
incorporation levels.[9] Instead of employing auxotrophic strains,
we find that 3-�-indoleacrilic acid (IAA) (Figure 1a) can be used
as an inhibitor of tryptophan biosynthesis.[10] Addition of IAA
(50 mgL�1) to minimal media results in the complete inhibition
of E. coli cell growth and the inhibition is reversed by L-Trp
(50 mgL�1) (Figure 1b). This observation is in agreement with
the accumulation of indole observed in bacterial culture media


Figure 1. a) Chemical structures of 5F-Trp and IAA. b) Inhibitory effect of IAA on
E. coli cell growth.


when IAA is included as a supplement.[10] Therefore, IAA can be
used to block Trp biosynthesis and enhances the incorporation
of 19F-Trp, as described below, without the need for auxotrophic
strains.


As an application, we describe herein the selective 5F-Trp
labeling of the third Baculovirus inhibitor of apoptosis repeat
domain (BIR3) of the protein inhibitor of apoptosis XIAP.[11] To
incorporate 5F-Trp into the protein, E. coli cells were grown in
minimal M9 media and then the fluorinated amino acid together
with IAA was added just before induction with isopropyl-D-
thiogalactopyranoside (IPTG). After protein purification, the
extent of the incorporation was tested by means of NMR
spectroscopy and MALDI mass spectrometry.


We compared the 1D 19F NMR spectrum of BIR3 with that of
the protein complexed with the N terminus of the Smac
peptide[12](Figure 2). In agreement with our previous studies
with [2-13C]Trp BIR3,[3] three broad signals are present in the
19F NMR spectrum of the apo form, which indicates that slow
internal dynamics also affect 19F resonances.[3] When the Smac
peptide (2:1 ratio) is added, the spectrum shows significant
sharpening of the lines and four separate signals appear, one for
each tryptophan residue present in the protein. This change in
the spectrum clearly reflects a decrease in the Trp rotational
degrees of freedom as a result of peptide binding, similar to the
decrease we previously found for [2-13C]Trp BIR3.[3]


The mass spectrum of the obtained 5F-Trp BIR3 shows that its
molecular weight is increased by 4�18 amu compared with
wild-type protein, which is consistent with the incorporation of
four 5F-Trp residues (see the Supporting Information).


The yields for 5F-Trp BIR3 are about half of those obtained for
the unlabeled protein expressed under similar conditions.
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Figure 2. Ribbon drawings of the apo (a) and complexed (c) forms of BIR3
(Protein Data Bank (PDB) code 1G3F); 5F-Trp side chains are shown. 1D 19F NMR
spectrum of BIR3 without (b) and with (d) the Smac peptide.


In conclusion, we have presented a new method for the
simultaneous incorporation of 19F into all Trp side chains of a
protein. The introduction of the fluorinated amino acid residue
into protein hot spots allows the use of highly sensitive 19F NMR
spectroscopy to study, in a very simple and fast way, protein ±
protein binding events, or to screen large libraries of compounds
for applications in drug discovery. Our labeling method is
inexpensive and of general applicability and can be employed
even for larger proteins and when structural information on the
binding site is not accessible. We thus believe that this technique
will prove very useful in the drug-discovery field.


Methods


Inhibition of Trp biosynthesis by 3-�-indoleacrilic acid : The
inhibitory effect of IAA on cell growth was tested by growing E. coli
BL21 strain cells in M9 minimal media, in the presence of IAA (SIGMA,
50 mgL�1) and with or without L-Trp (SIGMA, 50 mgL�1). IAA and L-
Trp were added to the media dispersed in dimethyl sulfoxide (1 mL),
with stirring. The cells were grown at 37 �C in 2-L shaker flasks. To


monitor cell growth, the optical density at 600 nm (OD600) was
measured every 30 minutes for seven hours. As a further control, we
also verified that the growth inhibition by IAA could be reversed by L-
Trp.[7] IAA-treated cells (no growth after 7 h) were grown overnight
after addition of L-Trp (50 mgL�1) and reached a final OD600 of 1.6. The
experiments were repeated twice under the same conditions to
confirm the reproducibility of our data.


Expression and purification of 5F-Trp BIR3 : Recombinant BIR3 was
expressed as a His-tag protein in BL21 strain E. coli cells and M9
minimal media. Cells were grown at 37 �C in 2-L shaker flasks until
OD600� 1. At this point, two different expression procedures were
carried out. Just before induction, 5F-Trp (SIGMA, 50 mgL�1) and IAA
(SIGMA, 10 mgL�1) were added to one aliquot medium (1 L), while
only 5F-Trp (SIGMA, 50 mgL�1) was added to another aliquot of
medium (1 L). Induction (4 h, 37 �C) was achieved with IPTG (1 mM).
Following cell lysis, His-tagged soluble protein was purified over a Hi-
trap chelating column (Amersham, Pharmacia) and dialyzed into
sample buffer.
19F NMR spectroscopy and mass spectrometry : 19F NMR spectra
were acquired on a Bruker 600-MHz spectrometer equipped with a
5-mm 19F/1H probe. Spectra were collected at 25 �C with 0.1-mM


samples of 19F-Trp labeled BIR3 in H20/D20 (90:10) phosphate buffer
(40 mM, pH 7.5). The spectral width was 11.26 MHz; 16 K data points
and 256 scans were collected for a total measurement time of
approximately 10 minutes per experiment. For processing, we used
the software Mestrec,[13] and a 10-Hz line-broadening weighting
function was used. Internal trifluoroacetic acid (0.0 ppm) was used as
the reference.


MALDI mass spectra were recorded with a Voyager-DE PRO MALDI-
TOF mass spectrometer (Applied Biosystems).


We thank Dr. Mirko Hennig for recording the 19F NMR spectra. We
also thank the Istituto di Biostrutture e Bioimmagini (Consiglio
Nazionale delle Ricerche) and University of Naples ™Federico II∫ for a
fellowship awarded to M.L.
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RNA enzymes (ribozymes)[1, 2] have been found to be important
in biochemistry, and RNA plays a crucial catalytic role in the
ribosome.[3] In all of these biochemical processes substrate
specificity can be essential for catalysis. In contrast to RNA
catalysis, many examples of protein catalysis are known for
which asymmetry or chirality is a key factor in the molecular
recognition of substrates.[4] Most ribozymes known to date
recognize their substrates through the templating of a nucleo-
tide or oligonucleotide by easily determined Watson ±Crick and
other established nucleic acid hydrogen bonding patterns. It has
recently been reported that RNA-catalyzed [4�2] cycloaddition
reactions can show a moderate to high degree of substrate
specificity[5] and stereoselectivity.[6] Herein, we describe for the
first time RNA catalysts for urea bond formation and the degree
of diastereoselectivity achieved in these reactions with peptide
substrates. In addition, several recent reports have appeared on
polymerase-catalyzed incorporation of modified bases[7] into
DNA or RNA for enhanced catalytic activity. The two separate in
vitro selections described herein were conducted with either
modified or unmodified RNA, under identical conditions.
It was recently revealed that RNA can catalyze simple non-


peptide amide bond formation.[8] Most importantly, these RNA
amide synthases are the first examples of RNA catalysts in which
nucleotide templating is not used in the recognition of the
amine or carboxylate substrates. Other RNA catalysts that
catalyze amide bond formation have also been discovered by
similar in vitro selection techniques, which demonstrates that
Watson ±Crick templating of a substrate can be used to promote
amide bond formation.[9] However, only nontemplated reactions


have the potential to show the type of chiral molecular
recognition and concomitant stereospecific catalysis exhibited
by protein enzymes. Can the in vitro selection of RNA catalysts
be dictated by stereoselectivity, as opposed to discovering[6]


stereoselectivity once catalysts have been selected? The in vitro
selection schemes previously published have not addressed this
question because most rely on a streptavidin ±biotin isolation
procedure, which selects for all catalytic RNA independent of
stereoselectivity. Herein, we describe the stereoselective selec-
tion of RNA catalysts by an isolation procedure (stereoselection)
that utilizes the chirality of an enzyme (human neutrophile
elastase,[10] HNE) active site.
To probe the stereoselection of RNA catalysis with peptide


substrates a two-step scheme was devised in which streptavidin
binding is replaced by capture in a protein protease (HNE) active
site that can distinguish between closely related steroisomeric
peptide ±phosphonate suicide substrate inhibitors (Scheme 1 A,
B). We envisaged that the peptide substrates (A or B) in this
selection system might dictate the RNA stereoselectivity during
RNA±peptide conjugation (Step 1, Scheme 1) if there was a bias
for that peptide in enzyme suicide substrate capture (Step 2,
Scheme 1). However, it was not known if the conjugated RNA±
peptides would inhibit HNE or if the inhibition would be
dominated by the RNA and not the suicide substrate, which
would negate any possibility for stereoselection in Step 2 based
on peptide structure. This problem caused significant concern
since HNE is a basic protein (pI�10) and binds to a random pool
of RNA sequences with a dissociation constant, Kd, of around
100 nM, and high affinity (Kd� 6 ±12 nM) has been reported for in
vitro selected DNA aptamers.[11] The in vitro selection described
herein tested whether the outcome would be dictated by the
peptide ±HNE or the RNA±HNE interaction. To maximize
selection for the best peptide suicide substrate, highly denatur-
ing polyacrylamide gel electrophoresis (PAGE) separation or
reverse-transcription of RNA pools prior to separation with bead-
coupled HNE was used to either unfold the RNA or make all
sequences form similar double-stranded structures, presumably
A-form DNA/RNA heteroduplexes less able to bind HNE.
Both RNA modified to include 5-imidazol-uridine[12] and


unmodified RNA were employed in identical selection experi-
ments to allow a direct comparison of RNA catalytic activity. The
mixture of peptide substrates chosen, which on correct con-
jugation to the RNA would remain suicide inhibitors, were the
small noncharged hydrophobic diastereomeric peptides A and
B, activated at the N terminus by an N-hydroxysuccinimide
(NHS)-carbamate moiety (Scheme 1).[13] The reaction to be
catalyzed by the RNA (Step 1, Scheme 1) was substitution of
the NHS-carbamate at the N terminus to give the urea of A or B.
In Step 2 the active site serine hydroxy group of HNE could
attack the phosphonate phosphorous of A or B and substitute
one of the phenoxy groups at the C terminus of the tripeptide.
The diastereomeric tripeptides A and Bwere used in a 1:1 ratio. It
has previously been reported that highly reactive adenosine
monophosphate-carboxy anhydrides can be used to select for
carbonyl substitution.[14] Substitution of the significantly less
reactive NHS-carbamate carbonyl group has not previously been
reported for RNA catalysis.
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The selection was started with an RNA sequence population of
approximately 1014 random sequences.[15] Since peptide con-
jugation directly on the RNA could potentially interfere with the
subsequent phosphonate suicide substrate reaction in the active
site of HNE, a primary amine was tethered to the 5� ends of the
molecules in both the modified and unmodified RNA libraries
through a 2000-MW polyethylene glycol linker ± ssDNA (10 nu-
cleotides),[16] which thus provided an additional nucleophile for
NHS-carbamate substitution (Scheme 1). To further enrich the
catalytic potential of the RNA, a mixture of divalent metal ions
was included in the RNA peptide reaction buffer (125 mM NaCl,
125 mM KCl, 1.25 mMMgCl2, 1.25 mM CaCl2, 125 �MMnCl2, 12.5 �M


each of ZnCl2, CuSO4, CoCl2 , and NiCl2 , and 62.5 mM 2-[4-(2-
hydroxyethyl)-1-piperazinyl]ethanesulfonic acid, pH 7.5).
Nine cycles of in vitro selection[16] with the 5-imidazol-


uridine-modified RNA pool gave RNA±peptide conjuga-
tion, as indicated by PAGE with quantitation by phosphor-
imaging. No significant increase over background levels of
conjugate was observed for selection with unmodified
RNA even after 15 cycles. AMV reverse transcriptase
sequencing of the imidazol-modified RNA following Cycles
11 ± 14 indicated sequence convergence with little change
after Cycle 13. The observed rate of conjugation in the
unmodified RNA population was not above background
(0.42% of Cycle 14 RNA reacted in 16 hrs; 250 nM RNA and
20 �M A/B). The significantly greater catalytic activity (48%
of Cycle 14 RNA reacted after 4 min) of the modified RNA
population is consistent with the idea that enhanced RNA
functional diversity is important for catalysis.[17, 18]


PCR products from the Cycle-15 imidazol-modified RNA
population were cloned and sequenced.[16, 19] Sequence
alignment indicated four distinct RNA catalyst motifs
among the 17 active clones isolated.[16] Only two isolates
were inactive under the conditions investigated. The
largest family (60% of all isolates) contained the conserved
sequence GCAUGUCAUCGCUGCG. The next largest family
(18% of isolates) also contained a fragment (GCAUGU) of
this sequence at the 5� end of its conserved region.
To measure the kinetics of RNA±peptide conjugation


tritiated A (3H-A) was prepared (78 Cimmol�1; American
Radiolabeled Chemicals, Inc. , St. Louis, MO) and the rates
determined by PAGE separation of reaction products
followed by quantitation (3H-A, 32P-RNA two-channel
scintillation counting) of excised gel bands.[16] Similar
observed rates (approximately 0.2 ± 0.4 min�1 at 5 �M 3H-
A) were obtained for representatives of each sequence
family. A more thorough kinetic analysis of two of the
catalysts (5 and 3, see the Supporting Information for
details) over a range of concentrations of 3H-A, indicated
that these catalysts follow Michaelis ±Menton kinetics for a
single turnover reaction. Values of the catalytic rate
constant (kcat), the Michaelis constant (Km), and kcat/Km
were determined for 3 (6.1�0.3 min�1, 90� 9 �M, and
6.6�104M�1 min�1) and 5 (3.2�0.2 min�1, 126�12 �M,
and 2.5� 104M�1 min�1). The uncatalyzed reaction rate
was estimated by using a random sequence of 5-imidazo-
luridine modified RNA (1 �M) and 3H-A (250 �M). After 16 h,


product formation above background levels (approximately
0.4% in this experiment) was not detected, which sets an upper
limit of kuncat�2� 10�2M�1 min�1 if we assume the reaction is
second order. This gives a rate enhancement ([kcat/Km]/kuncat) of
106 for both 5 and 3.
To determine the site of peptide conjugation to the RNA, 3H-A


was again used in the RNA catalyzed reaction to aid in HPLC
analysis and double radioisotopic labeling experiments. Contrary
to initial concerns about direct attachment of the inhibitor to the
RNA, the RNA isolates 3 and 5 where found not to need the PEG-
tethered primary amine as a nucleophile. Instead, the peptide
conjugation reaction occurred at the 3�-terminal cytidine


Scheme 1. Two-phase in vitro selection scheme for RNA. The RNA is attached to a
tripeptide followed by tripeptide phosphonate capture with the serine protease human
neutrophile elastase (HNE). PEG, polyethylene glycol.
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exocyclic amino group, as determined by chemical and enzy-
matic degradation followed by ESI-MS analysis and dual radio-
isotope counting experiments[16] (32P-RNA and 3H-peptide).
These data support the formation of a urea linkage between
the RNA terminal 3�-cytidine amino group and the N terminus of
the peptide A, which means that these RNA catalysts are urea
synthases.
The ultimate goal of these experiments was to determine the


success of RNA-catalyzed stereoselection. In a set of kinetic
competition experiments, the stereochemistry of the tripeptide
suicide substrate was used as a probe to survey the asymmetry
of the RNA active site. Scheme 2 shows the stereoisomer
tripeptides (C, D, E, and L) synthesized stereospecifically in
addition to A and B. Each diastereomer resulting from inversion
of a single stereocenter in the tripeptide and the enantiomer E of
the most potent inhibitor A was investigated.
Figure 1 shows the IC50 kinetic competition plots for repre-


sentatives 3 and 5 of the two distinct sequence families. The data


were obtained by using labeled 3H-A and the competitive
substrates A ±D and L. The IC50 value for the unlabeled
compound A was approximately the concentration of the
labeled 3H-A in the peptide conjugation (1.8 versus 2 �M,
respectively). As expected,[20] E (the enantiomer of A) served as
a negative control and did not competete in the peptide
conjugation reaction. Inversion of any one stereocenter (C or D),
except at the terminal valine phosphonate moiety (B), also
results in essentially no competition with the labeled suicide
substrate 3H-A, a result consistent with highly specific asym-
metric catalytic sites in the RNA urea synthases 3 and 5. To test
further the ability of these RNA catalysts to discriminate between
different substrates, a single stereoisomer Lwas prepared, which
had a subtle substituent change at the N-terminus of the
tripeptide (leucine instead of valine) while maintaining the
stereochemistry of A (SSR). This substitution tests the ability of
these RNA catalysts to discriminate against the insertion of a CH2


group between the � carbon atom and the isopropyl side chain
of A. Lwas found to be a competitive substrate relative to
3H-A with a 20 ±100-fold higher IC50 value, which
demonstrates the power of these RNA catalysts to
differentiate small changes in substrate structure. Strik-
ingly, the IC50 value for the other diastereomer used in the
selection, B, is at least 100 times greater for both 3 and 5
than that for A. Moreover, both 3 and 5 reacted
preferentially with the more potent inhibitor of HNE. In
fact, the modest diastereoselectivity between A and B
observed in enzyme capture (Step 2, Ki(A)/Ki(B)� 3) was
amplified in the peptide ± RNA conjugation kinetics
(Step 1) of both 3 and 5 by more than 100 times.
In summary, Watson±Crick templating of the substrate


was not required for these RNA urea synthase reactions
with peptide substrates. Diastereoselective recognition
of tripeptide substrates was achieved. It has now been
shown that uncharged hydrophobic tripeptide substrates
can be recognized stereoselectively in RNA catalysis. Even
in the presence of a highly basic protein enzyme the
outcome of the RNA catalysis selection was dictated by
the stereochemistry of the tripeptide substrates not by
protein ±RNA interactions. Since the peptide conjugation
occurred at the N terminus of the tripeptide substrate,
and the stereochemistry of the C-terminal residue strong-
ly influenced the rate of reaction, the extent of molecular
recognition achieved by these RNA catalysts spans at least
three peptide residues. The stereoselectivity observed for
these RNA urea synthases suggests that it might even-
tually be possible to perform stereoselection on mixtures
of peptides to identify the most potent enzyme inhibitors.
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59; d) G. F. Joyce, Curr. Biol. 1996, 6, 965 ± 967; e) N. Lee, Y. Bessho,
K. Wei, J. W. Szostak, H. Suga, Nat. Struct. Biol. 2000, 7, 28 ± 33;
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Figure 1. IC50 plots for the RNA reaction with 3H-A and competition by substrate B, C, D, E,
or L.


Scheme 2. Tripeptide ± phosphonate diastereomers used in the urea synthase competi-
tion kinetics experiments whose results are shown in Figure 1.
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The polyketide group of natural products includes antibiotics,
immunosuppressants, anticancer drugs and other valuable
bioactive compounds. The biosynthesis of these compounds is
an area of considerable interest. Polyketide synthases (PKSs)
resemble fatty acid synthases (FASs) and are composed of
several different enzymes that assemble carbon chains.[1] An
acyltransferase (AT) loads a dicarboxylic acid extender unit onto
an acyl carrier protein (ACP), where it undergoes condensation
with a starter acyl unit in a reaction catalysed by a ketosynthase
(KS). The product is a �-ketoacyl intermediate that remains
thioester-linked to the ACP. The �-ketone group may then be
processed by ketoreductase (KR), dehydratase (DH) and enoyl
reductase (ER) domains to yield an alcohol, enoyl or methylene
group before the extended chain migrates to a KS for another
cycle of extension. When the final polyketide chain length is
reached, termination occurs, usually accompanied by cyclisa-
tion.[1]


FASs generally use acetyl starter and malonyl extender units.
As a group, PKSs use a wide range of organic acids as starter
units, whereas the extenders may be malonyl, methylmalonyl,
ethylmalonyl or methoxymalonyl units. The diversity of polyke-
tide structures results in part from combinatorial assembly of
different starter and extender units, together with varying
degrees of processing of �-ketone groups. Chiral centres are
introduced by the use of branched extender units and by the
reduction of �-ketone groups to alcohols. The introduction of
chirality increases the potential diversity further.
The PKSs that assemble complex polyketides contain a


module for every cycle of chain extension. Each module contains
the requisite enzymatic domains, which are covalently linked in
the order, KS-AT-reduction domain loop-ACP. Three main types
of reduction domain loop exist. These contain KR, DH-KR or DH-
ER-KR domains and determine the extent of �-ketone group
processing in each cycle.[1]
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The polyketide group of natural products includes antibiotics,
immunosuppressants, anticancer drugs and other valuable
bioactive compounds. The biosynthesis of these compounds is
an area of considerable interest. Polyketide synthases (PKSs)
resemble fatty acid synthases (FASs) and are composed of
several different enzymes that assemble carbon chains.[1] An
acyltransferase (AT) loads a dicarboxylic acid extender unit onto
an acyl carrier protein (ACP), where it undergoes condensation
with a starter acyl unit in a reaction catalysed by a ketosynthase
(KS). The product is a �-ketoacyl intermediate that remains
thioester-linked to the ACP. The �-ketone group may then be
processed by ketoreductase (KR), dehydratase (DH) and enoyl
reductase (ER) domains to yield an alcohol, enoyl or methylene
group before the extended chain migrates to a KS for another
cycle of extension. When the final polyketide chain length is
reached, termination occurs, usually accompanied by cyclisa-
tion.[1]


FASs generally use acetyl starter and malonyl extender units.
As a group, PKSs use a wide range of organic acids as starter
units, whereas the extenders may be malonyl, methylmalonyl,
ethylmalonyl or methoxymalonyl units. The diversity of polyke-
tide structures results in part from combinatorial assembly of
different starter and extender units, together with varying
degrees of processing of �-ketone groups. Chiral centres are
introduced by the use of branched extender units and by the
reduction of �-ketone groups to alcohols. The introduction of
chirality increases the potential diversity further.


The PKSs that assemble complex polyketides contain a
module for every cycle of chain extension. Each module contains
the requisite enzymatic domains, which are covalently linked in
the order, KS-AT-reduction domain loop-ACP. Three main types
of reduction domain loop exist. These contain KR, DH-KR or DH-
ER-KR domains and determine the extent of �-ketone group
processing in each cycle.[1]
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The modular nature of complex PKSs was first recognised with
the sequencing of the erythromycin PKS, 6 deoxyerythronolide B
synthase (DEBS).[2, 3] Although several other complex PKSs have
been sequenced since that time,[4] the most detailed current
views have come from studies on DEBS and engineered
derivatives of this multienzyme system. These findings are
generally assumed to apply to other modular PKSs. The AT
domains of DEBS load (2S)-methylmalonyl groups onto the ACP
domains[5] and condensation occurs with inversion of stereo-
chemistry at the carbon atom derived from C2 of the extender
unit,[6] so that a (2R)-2-methyl-3-ketoacyl thioester is generated
initially. With some modules, the initial condensation product is
epimerised to give a (2S)-2-methyl-3-ketoacyl chain before �-
ketone group processing and/or transfer to the next module.[6, 7]


Domain exchange experiments have shown that KR domains
determine the stereochemical outcome of the ketoreduction
reaction.[8] Some KRs may have to discriminate between (2R)- or
(2S)-2-methyl-3-ketoacyl substrates and could therefore have a
role in fixing the methyl stereochemistry at C2.


It is still unclear exactly how modular PKSs control alcohol
stereochemistry in nascent oligoketide chains. This paper
describes an analysis of KR sequences carried out in an attempt
to highlight features that might be important for stereospeci-
ficity. Sequence analyses of 17 modular PKSs have been
reviewed.[4, 9] At least 68 KR domain sequences are available for
which the stereochemical outcome of the ketoreduction can be
inferred from biosynthetic diagrams in original sequence papers
(cited in ref. [4]), or from molecular models of absolute
structures.[10±12] To avoid ambiguity, the two types of alcohol
stereochemistry will be described as A and B (Scheme 1). KR
domains were divided into groups according to whether they
generate A- or B-type alcohol stereochemistry. A- and B-type KR
sequences were aligned to allow identification of residues
characteristic of each group.


Very few consistent differences were found between A- and
B-type KRs. The motif LDD from residue 93 to 95 was found in
the B group but not the A group (Scheme 2). In the B group, D95
is invariant and D94 is replaced by E in two cases, whereas L93 is
less strictly conserved. None of the A-type KRs have a hydro-
phobic residue followed by two acidic residues in the 93 ± 95
region.


The region from residue 141 to 148 also differs between the
two groups. In the B group, residues 144 and 148 are typically P
and N. Members of the A group have W at position 141 with the
exception of RIF KR5 and RIF KR7 (Scheme 2). These KRs are
unusual in that there is an M residue at position 142 instead of
the G residue which is invariant in all other KR domains. W141 is
absent from all of the B group KRs except for the KR1 domains of
the PKSs for the 16-membered macrolides niddamycin and
tylosin. NID KR1 and TYL KR1 have N at position 143, a feature
typical of some B-type but not of A-type KRs.


The LDD motif and residues P144 and N148 correlate well with
the formation of B-type alcohol stereochemistry. The absence of
these residues and the presence of W141 correlates with A-type
alcohol stereochemistry.


The KR alignments provide no clues about how KRs might
select (2R)- or (2S)-2-methyl-3-ketoacyl substrates. Of the A-type


KRs, 22 come from modules that incorporate branched extender
units. Of these, seven can be predicted to epimerise (and 15 not
to epimerise) C2 of the extended chain. However, no obvious
residues or motifs have yet been found that are characteristic of
either subgroup. This is also true of the 10 B-type KRs from
modules that incorporate propionate extender units. Six of these
KRs are in epimerising modules and four are in nonepimerising
modules.


The 17 PKSs that were studied also contain 71 KRs for which
the stereochemical outcome of the ketoreduction is hidden by
subsequent dehydration, or dehydration and enoyl reduction.
These domains have the LDD motif and PN motifs characteristic
of B-type KRs (not shown, the alignments are shown in Figure 5
of the Supporting Information). This suggests that the preferred
substrate for a PKS DH domain is a B-type 3-hydroxyacyl chain, as
is present in fatty acid biosynthesis. This preference would be
important for PKS engineering, since it means that inactivation
of a DH domain should result in a hydroxy group of known
stereochemistry.


W141, P144 and N148 are located close to active site residues
within KR domains. Reid et al.[13] have recently shown that S136
and Y149 are important for the KR activity of KR6 of DEBS.


Scheme 1. Correlation of KR domain motifs with alcohol stereochemistry. X� the
remainder of the nascent oligoketide chain. The A-type alcohol stereochemistry is
3S when C2 has a higher priority than C4 and 3R when these priorities are
reversed. The B-type alcohol stereochemistry is 3R when C2 has priority and 3S
when C4 has priority. The correlation is not affected by the presence or absence of
substituents at C2, or asymmetry introduced by substituents at this position.
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Replacement of Y149 with F abolished activity. This
suggests that Y149 donates a proton to the �-carbonyl
oxygen atom during the course of the reduction. Reid
et al. also observed independently that D95 is con-
served in all B-type KRs and in KRs preceded by DH
domains. However, the presence of D95 in AMPH KR2,
an A-type KR, indicates that this residue alone is not
absolutely diagnostic of KR domain stereospecificity.
Scheme 2 shows that the LDD motif is the strongest
indicator, whilst the 141, 144 and 148 positions should
also be useful for predicting alcohol stereochemistry
from KR sequences.


Experiments with DEBS KR1, KR2, KR5 and KR6
indicate that both A- and B-type KRs use the 4-pro-S
hydride ion of the reduced form of nicotinamide
adenine dinucleotide phosphate (NADPH).[14, 15] Two
models have been proposed to explain how almost
identical KR domains achieve different stereochemical
outcomes.[13, 14] Reid et al.[13] propose that the relative
positions of the nicotinamide ring and Y149 are fixed,
so that �-ketoacyl chains must enter the KR active sites
from opposite directions for the two types of alcohol
stereochemistry to be generated. Herein, a third model
(Model 1, Scheme 3) is suggested as another possibility
that also satisfies these constraints. According to the
double-helical structure proposed for PKSs,[16] in a
dimeric module the orientation of one KR domain is
rotated 180� with respect to that of the other. It has
previously been assumed that �-ketoacyl ACPs always
interact with the KR on the same polypeptide chain.
However, interaction with the KR on the opposing
subunit would reverse the direction of the ketoacyl
chain in the active site and, as a consequence, the
eventual stereochemical outcome. The LDD motif, P144
and N148 might favour interaction of a �-ketoacyl-ACP
chain with the KR on one polypeptide, whereas W141
might exclude the chain from this KR but allow binding
to the KR on the other polypeptide.


Experiments with heterodimers reconstituted from
mutant FAS and PKS polypeptides led to the unex-
pected finding that the KS and AT domains can


Scheme 2. Alignment of the residue 88 ± 103 and 134 ± 148 regions of
various A- and B-type KR domains. These regions are easily
recognisable within complete KR sequences. The alignments reported
by Donadio and Katz[18] were used to assign Residue 1 of the KR
domain. The residues of the LDD, PN and W motifs are shown in bold
type. The PKSs and sequence accession numbers are: DEBS,
erythromycin, L07626, X62569; OLE, oleandomycin, AF220951; PIK,
pikromycin, AF079138; TYL, tylosin, U78289; NID, niddamycin,
AF016585; RAPS, rapamycin, X86780; FK506, AF082100, y10438;
FK520, AF235504; AVE, avermectin, AB032367; RIF, rifamycin,
AF040570; SOR, soraphen, U24241; EPO, epothilone, AF217189; MXA,
myxalamid, AF319998; MTA, mxyathiazole, AF188287; PIM, pimaricin,
AJ278573; NYS, nystatin, AF263912; AMPH, amphotericin, AF357202.
KR numbers refer to the module in which the domain appears. KRs
from modules thought to epimerise the C2 atom of a 2-alkyl-3-
ketoacyl intermediate are marked e, those from nonepimerising
modules are marked n.
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cooperate with the ACP of either subunit.[17] There has previously
been no reason to suspect interactions between ACPs and KRs
on opposite multienzyme polypeptides. The complementation
approach could be used to investigate whether or not these
interactions can occur. Model 1 in Scheme 3 predicts that only
one type of KR should be functional in KR�ACP�/KR�ACP� PKS
heterodimers.


In the model proposed by McPherson et al. ,[14] it is implicit that
the relative positions of the nicotinamide ring of NADPH and
Y149 are different in the two types of KR, so that reduction can
occur with two different substrate orientations. The LDD motif,
P144, N148 and W141 might adjust the active site in this way, as
outlined in Model 2 in Scheme 3. Whatever their precise roles,


the amino acids at these positions appear to be useful
indicators of KR stereospecificity.


Finally, interactions across a subunit interface could
also account for the stereochemistry of enoyl reduc-
tions. Where incorporation of a branched extender unit
is followed by complete �-ketone processing, interac-
tion of the �,�-unsaturated acyl-ACP with one or other
of the ER domains could determine the final alkyl
stereochemistry at C2. Only a few amino acid sequence
differences might be required to switch the outcome.
Since ER domains occur infrequently in PKS modules,
relatively few sequences are available. However, ER ±
ACP interactions could also be investigated in comple-
mentation studies.


Experimental Section


Sequences of PKSs were extracted from the EMBL database.
Biosynthetic diagrams in sequence papers could be used to
assign KR domain stereospecificity as A- or B-type for the
erythromycin, rapamycin, FK520, avermectin, myxalamid,
and myxathiazole PKSs. For all other KR domains, models of
absolute structures were used. The ClustalW programme
(available at http://www.ebi.ac.uk) was used to align A- and
B-type KR sequences.
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Scheme 3. Models to explain how key residues might influence stereospecificity. R1� car-
boxamide group of nicotinamide ring; R2� remainder of NADPH. Model 1: The active sites
of the two KR domains are related by rotational symmetry. A �-ketoacylchain attached to
an ACP enters the two KR active sites in different orientations, from the carboxamide side or
the opposite side in this depiction. The stereochemical outcomes are different because
different faces of the �-ketone group are presented to the nicotinamide ring. The key
residues favour binding to one KR and prevent binding to the other. Model 2: The amino
acid residues at the key positions bring about subtle changes in the active site. This allows
reduction with different substrate orientations. No substituents are shown at C2 of the acyl
intermediate.
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Glycopeptide antibiotics are of considerable clinical importance
as last-resort antibiotics against staphylococcal and enterococcal
infection. Intensive research has focussed on chemical, bio-
logical, and medicinal aspects of glycopeptide antibiotics.[1] Only
recently, details of central features of their biosynthesis have
been revealed.[2]


Structure ± activity relationship (SAR) studies on glycopeptide
antibiotics and semisynthetic derivatives show that the three
characteristic biaryl/biarylether rings formed by cross-linking of
the aromatic sidechains are essential features for an efficient
binding to the D-Ala-D-Ala peptide motif of the bacterial cell
wall.[3, 4] Minor changes in the structure can lead to dramatic
losses of antibiotic activity.[3, 4] While linear and differently mono-


and dibridged heptapeptides proved to be antibiotically in-
active,[2] variation of the carbohydrate moieties as ™peripheral
features∫ has a much less pronounced effect on D-Ala-D-Ala-
binding. Comparative binding studies and minimal inhibitory
concentration (MIC) tests performed on a limited number of
structurally related glycopeptides have shown that chlorine
atoms attached to �-hydroxytyrosine in amino acid positions 2
and 6 strongly enhance the antibiotic activity; the 2-position is of
particular importance in this respect.[3, 5] Contributions by the
Williams group[1a, 6] delivered a mechanistic hypothesis for the
enhancing effect of chlorine substituents on the mechanism of
dimerization and thus on D-Ala-D-Ala binding with its implica-
tions for antibiotic activity.


Herein, we describe novel, hitherto unknown vancomycin-
type bromobalhimycins, chlorobromobalhimycins, and other
brominated glycopeptide antibiotics of subtypes I ± III.[1b] This
work gives insight into the role of halogen substitutions in the
antibiotic activity of this family of compounds and complements
previous contributions on the role of halogenases in glycopep-
tide antibiotic biosyntheses.[7]


Our experiments are based on the total substitution of
chloride by the other halogenide salts fluoride, bromide,[8] and
iodide in the culture media of Amycolatopsis balhimycina[9]


(formerly assigned as Amycolatopsis mediterranei[10] ), the strain
producing vancomycin-type balhimycin (1; Scheme 1). Bromide
supplementation was originally described for griseofulvin,[11]


tetracyclin,[12] and bromothricin.[13] While fluoride and iodide
supplementation proved toxic to A. balhimycina cultures, fer-
mentation with bromide salts yielded an antibiotically active
compound. Purification of this compound from bromide-con-
taining media was performed according to previously published
procedures.[2, 14] A doubly charged ion [M�2H]2� with a mass to
charge ratio of�767.6643 amu was found with high resolution
FTICR-MS that corresponds to C66H73Br2N9O24 ([M�2H]2��
767.6640 amu) with a relative mass error (�) of 0.3 ppm, and
displays the expected characteristic isotopic pattern of two-fold
brominated balhimycin (Figure 1d). Structural elucidation by
means of 2-dimensional NMR experiments (COSY, TOCSY, NOESY,
HSQC, HMBC) revealed a structure analogous to that of
balhimycin but with both chlorine atoms substituted by bromine
(Table 1). NOESY experiments showed that the positions of the
bromine atoms correspond to those of chlorine in balhimycin.
The compound was therefore named bromobalhimycin (2).


The fact that A. balhimycina normally produces balhimycin (1)
with two chlorine atoms prompted us to investigate whether the
biosynthetic enzymes display selectivity for chlorine as com-
pared to bromine. Culture media were supplemented with
equimolar amounts of bromide and chloride salts. Mass
spectrometric analysis of the resulting culture filtrates revealed
a mixture of balhimycin (1), bromobalhimycin (2), and surpris-
ingly a balhimycin derivative with one bromine and one chlorine
atom (Figure 1c), obtained in an approximately 1:1:2 ratio,
consistent with statistical incorporation of Br or Cl atoms.
Chlorobromobalhimycins carrying one bromine and one chlor-
ine atom can theoretically exist as two positional isomers.
Attempts to further separate these two possible isomers failed
and mass spectrometric fragmentation of the tricyclic aglycon
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with ESI-MS/MS experiments rendered no utilizable fragments.
In order to prove the existence of two chlorobromobalhimycin
isomers, a previously characterized balhimycin biosynthesis
mutant[2b] that produced a monocyclic peptide precursor
amenable to mass spectrometric fragmentation was grown
under conditions of bromide/chloride supplementation. Mass
spectrometric fragmentation of this peptide and unambiguous
assignment of the fragments (Figure 2) revealed no preference
for bromide substitution in amino acid positions 2 and 6 of the
monocyclic peptide. As a consequence, we concluded that the
observed chlorobromobalhimycin compounds do indeed con-
sist of two isomers, with no positional selectivity for the
introduction of a bromine or chlorine atom (3, 4 ; Figure 1c).


In order to study the effects of halogen substitution on
antibiotic activity we performed agar diffusion tests against
Bacillus subtilis with balhimycin (1), bromobalhimycin (2), and
dechlorobalhimycin (5) ; the last compound bears no halogen
substitution. In these tests, the dechlorinated glycopeptide (5)
clearly showed reduced antibiotic activity, bromobalhimycin and
balhimycin behaved similarly to one another. Subsequently, MIC
tests were performed on selected Gram-positive strains. While
dechlorobalhimycin was consistently less active than the other
two compounds, bromobalhimycin and chlorobromobalhimycin
showed antibiotic activity comparable to that of balhimycin
against all enterococcal, staphylococcal, and streptococcal
strains tested, with the exception of Staphylococcus aureus
Smith, against which bromobalhimycin displayed diminished


activity. (Table 2). All compounds, however, were equally inactive
against vancomycin-resistant Enterococci.


Finally, the general applicability of the bromide supplementa-
tion approach was tested with other glycopeptide antibiotics.
Producer strains of representative Type-I ± IV glycopeptide anti-
biotics were cultivated in bromide- or chloride/bromide-con-
taining culture media. For vancomycin (Type I; Amycolatopsis
orientalis), actinoidin B (6 ; Type II ; Amycolatopsis keratinophila
subsp. nogabecina), and antibiotic A47934 (7; Type III ; Strepto-
myces toyocaensis NRRL15009) the corresponding bromo- and
bromo/chloroderivatives were detected by HPLC-ESI-MS and ESI-
FTICR-MS. ESI-FTICR mass spectra of representative examples for
actinoidin B and A47934 (Scheme 1) bearing various bromine
substitution patterns are shown in Figure 1. With the teicoplanin
producer (Type IV; Actinoplanes teichomyceticus) however, bro-
mination has not yet been achieved, possibly as a result of
fermentation problems.


We have used the approach described above to exploit the
biosynthetic flexibility of the glycopeptide antibiotic producer
strains to generate novel structural diversity. The possibility of
bromine substitution by media supplementation seems to be
valid for the halogens in the C-O-D and D-O-E rings of chlorine-
containing glycopeptide antibiotics, that is, the halogenation of
�-hydroxytyrosine and tyrosine (A47934) residues. Interestingly,
glycopeptides actinoidin B and A47934 both contain a hydrox-
yphenylglycine moiety that is amenable to bromination. From
the biosynthesis gene cluster of A47934 from S. toyocaensis


Scheme 1. a) Structures of the glycopeptide antibiotics balhimycin (1), bromobalhimycin 2, chlorobromobalhimycins 3, and 4, and dechlorobalhimycin (5).
b) Glycopeptide antibiotics actinoidin B (Type II ; 6), and A47934 (Type III ; 7), amenable to bromide supplementation.
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NRRL15009 two halogenase genes are known,[15] which, in
accordance with our results both accept bromide as a substrate.
Our results indicate that most of the halogenases involved in
glycopeptide biosynthesis can equally well use bromine or
chlorine atoms and that the natural occurrence of chlorine-
modified glycopeptides is thus due to the predominance of
chloride over bromide in common fermentation media. This
situation clearly contrasts with the halogenases from marine
organisms, where the ratio of chlorine to bromine of approx-
imately 300:1 in seawater necessitates high bromine specificity
for those enzymes involved in the synthesis of brominated


compounds.[16] Thus, glycopeptides are an interesting model for
studying halogenases and their substrate specificities. It is
noteworthy that bromobalhimycin maintains full antibiotic
activity despite the differences in atomic radii between bromine,
chlorine and hydrogen (H: 120 pm; Cl: 181 pm; Br: 195 pm).[17]


According to X-ray structures of balhimycin dimers, it was
suggested by Sheldrick,[18] that the chlorine substituent
of the 2-position projects into a pocket of the other dimer
partner and thus stabilizes the dimerization mechanism. Our
results imply similar effects for the dimerization of bromobalhi-
mycins.


Figure 1. ESI-FTICR mass spectra of a) dechlorobalhimycin (5), b) balhimycin (1), c) chlorobromobalhimycins 3 and 4, and d) bromobalhimycin (2) showing the doubly
protonated molecular ions [M� 2H]2�. Representative examples for Type II and III glycopeptide antibiotics: e) [M�2H]2� ion of bromoactinoidin B (6 ; 2�Br) and
f) [M�H� SO3]� ion of A47934 (7; 1�Cl, 2� Br). The isotopic patterns observed are compared with those calculated for the proposed structure (inserts). Crossed peaks
originate from the internal mass calibration standards (polyethylene glycol 600 and polypropylene glycol 1020).
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Table 1. 1H and 13C NMR shifts of bromobalhimycin.[a]


N/C� � � others
� [ppm] � [ppm] � [ppm] � [ppm]


1 Leu 9.00 4.16 1.61/1.61 � : 1.59; � : 0.84/0.86; N�CH3: 2.63
169.7 58.9 38.8 � : 23.5; � : 22.2; N�CH3: 31.0


2Bht 8.38 5.08 5.22 OH� : 5.71; 2: 7.37;
168.4 59.0 74.2 1: 139.3; 2: 131.7; 3: 116.1; 4: 150.8


5: 7.43; 6: 7.95
5: 124.6; 6: 132.3


3Asn 7.65 4.88 2.31/2.31 � : 7.39/6.56
168.8 51.6 38.1 � : 169.9


4Hpg 8.08 6.37 - 2: 5.41
169.4 53.5 - 1: 131.9; 2: 104.6; 3: 151.8; 4: 132.6


6: 5.25
5: 152.1; 6: 103.9


5Hpg 8.64 4.46 - 2: 7.12; OH4: 9.46
166.9 53.7 - 1: 135.7; 2: 135.6; 3: 121.7; 4: 154.9


5: 6.70; 6: 6.77
5: 116.0; 6: 125.6


6Bht 8.48 4.92 5.18 2: 7.62
166.3 58.7 70.1 1: 139.7; 2: 131.2; 3: 116.5; 4: 151.7


5: 7.27; 6: 7.57
5: 124.2; 6: 128.7


7Dpg 8.57 4.49 - OH3,5 : 9.28; 4: 6.42
172.1 56.4 - 1: 135.8; 2: 117.4; 3: 157.3; 4: 102.1


6: 6.21
5: 157.3; 6: 105.1


1� 2� 3� 4� 5� 6�


Glc[b] 5.36 3.39 3.26 3.28 3.43 3.70/3.46
102.7 74.3 77.1 69.3 76.1 60.6


1� 2� 3� 4� 5� 6� 3�-Me


Ovn[c] 4.97 2.32/2.53 - - 4.56 1.29 1.22
92.2 40.6 49.5 207.9 66.0 14.0 28.5


[a] [bromobalhimycin]� 20.5 mgmL�1, [D6]DMSO, 298 K; Bht�bromo-�-hydroxytyrosine. [b] Glucose chemical shifts in ppm. [c] 4-Oxovancosamine chemical
shifts in ppm.


Figure 2. ESI-MS/MS mass spectrum of monocyclic chlorobromobalhimycin heptapeptide.[2b] The occurrence of fragment pairs (�mBr�Cl� 44 amu) suggests the
presence of two regioisomers for chlorobromobalhimycin.
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Together with the previously presented mutasynthetically
generated fluorobalhimycin,[14] we have a number of new
halogen-substituted glycopeptides at hand to further system-
atically investigate the effects of size and polarity of the halogen
substituents on glycopeptide conformation, D-Ala-D-Ala-binding,
and the dimerization mechanism. More detailed investigations
by means of NMR spectroscopy, X-ray crystallography, and
thermocalorimetry are in progress. Furthermore, in order to
increase diversity of glycopeptide structures and function, the
brominated derivatives might be suitable for triggering chemical
modifications. A prime example is the Suzuki reaction, for which
mild conditions have been developed suitable for the synthesis
of ortho-substituted bromoarenes.[19, 20] The feasablity of this
approach is currently being investigated.


Experimental Section


The following bacterial strains were used: Amycolatopsis balhimycina
DSM 44591 (Balhimycin), A. orientalis (Vancomycin), A. keratinophila
subsp. nogabecina DSM 44589 (Actinoidin B), Streptomyces toyo-
caensis NRRL 15009 (A47934), Actinoplanes teichomyceticus DSM
43866 (Teicoplanin). Bacteria were grown in liquid culture according
to protocols described previously.[2, 7, 14] The inorganic chlorides CaCl2
and MgCl2 were substituted by the corresponding bromides in
equimolar ratios. Bromobalhimycin was isolated from 6 L culture
filtrate (yield: 30.4 mg) by using a prepLCMS Merck ± Hitachi HTP-MS
System (Merck, Darmstadt, Germany) and analyzed according to
reported procedures.[14] LC-MS experiments were peformed on a
Bruker Esquire 3000 plus instrument (Bruker Daltonics, Bremen,
Germany) coupled to an Agilent 1100 HPLC system (Agilent,
Waldbronn, Germany). FTICR-ESI-MS spectra were recorded on an
APEX II FTICR mass spectrometer (Bruker Daltonics). NMR experi-
ments were recorded on an AMX 600 NMR spectrometer (Bruker,
Karlsruhe, Germany) equipped with a 5-mm triple-resonance probe-
head with z-gradients. The bacterial strains used for MIC determi-
nations were obtained from Biosearch Italia (Gerenzano, Italy). MICs
were determined by the broth microdilution method according to
the National Committee for Clinical Laboratory Standards (NCCLS,
1997) in Mueller ± Hinton broth (Difco Laboratories), adjusted to
contain 20 mgL�1 CaCl2 and 10 mgL�1 MgCl2. The starting inoculum
was 5�105 CFUmL�1 for all bacteria. Cultures were incubated at
37 �C for 24 h.
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Table 2. Results of MIC test against Gram-positive microorganisms.


Microorganism MIC [�gmL�1] MIC [�gmL�1] MIC [�gmL�1] MIC [�gmL�1]
Balhimycin (1) Bromobalhimycin (2) Dechlorobalhiycin (5) Vancomycin


S. aureus Smith 0.5 4 4 2
S. pyogenes[a] 0.5 0.5 8 0.5
E. faecalis[b] 0.5 0.5 4 1
E. faecium[b] 1 0.5 8 2


[a] Streptococcus pyogenes. [b] Enterococci.





